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Chapter 1 

General introduction 
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In everyday life, packing objects in containers, moving them, and unpacking them wherever and 

whenever we want is a common thing. Transposing this process at the micro- and nanoscale has 

been a crucial, albeit challenging, issue in many application fields, the most important one being 

probably the vectorization of drugs or bioactive substances for pharmacological and medical 

purposes. Mastering the steps of encapsulation and release of molecules or nanomaterials is much 

more difficult to achieve at these small scales since a direct manipulation of such tiny objects is 

out of the reach of human hands. As a consequence, alternative levers have been sought to remotely 

control the packing and unpacking of molecular payloads in micro- and nanocarriers.* For the last 

20 years, the scientific research relative to the encapsulation of materials at microscales has 

skyrocketed due to the versatility of the approach and the diversification of the potential 

applications (see Figure 1.1). 

  

 

Figure 1.1. Annual number of publications (articles, reviews, and book chapters) referring to “encapsulation” in the 

fields of Chemistry, Materials and Life Science from 1960 to current 2021 (Source: Scopus, Nov. 2021). 

 

The recent large-scale development of mRNA vaccines to fight against COVID-19 has been an 

illustrative example of recent achievements made in the field of microencapsulation. The effective 

encapsulation of negatively-charged mRNA in lipid-based nanoparticles was enabled by a precise 

                                                 
*
 In this thesis, the discussion will be restricted to the physico-chemistry relative to the design and characterization of 

colloidal systems (with typical sizes between 10 nm and 100 µm). As a consequence, the terms relative to 

“encapsulation” (including “capsules”, “containers”, “compartments”, “carriers”) may be used without specifying the 

prefixes “micro” or “nano”. 

 



9 

 

optimization of the composition of the nanocontainers.1 This example illustrates the general issue 

of multiscale optimization of the formulation to enhance the efficiency of both steps of 

encapsulation and delivery. It’s all a matter of (i) chemical design at the molecular scale, (ii) 

colloidal stability at the mesoscopic scale and (iii) spatiotemporal control of the delivery at the 

scale of the target, while overall preserving the activity of interest of the encapsulated payload. 

mRNA vaccines are only one example among the tremendous variety of encapsulation 

systems that have been explored so far for potential medical and biotechnological applications 

such as bioimaging (e.g. via the encapsulation of fluorescent reporters2–4 or MRI contrast agents5–

8), in-situ release or production of therapeutic agents9–11 (with a particular attention focused on 

cancer therapy,12–14 see Figure 1.2), tissue engineering and repairing,15–17 or multimodal 

approaches such as theranostics that combines in-situ diagnostics and therapy.18–21 Besides the 

biomedical field, encapsulation processes have also been extensively developed for various 

applications in agriculture (e.g. for soil fertilization or for safer pesticide release),22,23 in food 

science (e.g. for food preservation or additive delivery),24,25 in cosmetics (e.g. for fragrance 

encapsulation or for cosmeceutical applications),26,27 or in material science (e.g. for self-healing 

properties28,29 or for thermal energy storage30). 

 

 

Figure 1.2. Example of in-situ production of therapeutic agents from engineered hybrid vesicles for cancer therapy. 

A polymeric vesicle entrapping a glucose-sensitive enzyme and iron nanoparticles are injected in the blood circulation. 

At the contact with tumor pH, the permeability of the vesicle dramatically increases and subsequent reactions between 

diffusing glucose and oxygen and the vesicle content yield hydroxyl radicals that are able to kill tumor cells.14 
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Beyond delivery applications, the design of micro- and nanocompartments has been extensively 

investigated in emergent topics related to fundamental research. For instance, nanoreactors have 

been designed for the study of confinement effects on chemical reaction rates,31,32 for the study of 

reactivity at the single-molecule level,33,34 for the production of nanomaterials,35,36 for energy 

production, storage and conversion,37 or for the development of catalysis for “greener” 

chemistry.38 

  At the interface between chemistry and biology, the topic of “artificial cells” (or 

“protocells”) has also recently drawn increasing attention. Because of the intrinsic complexity of 

living matter, the precise role of biological processes can be difficult to decipher in vivo. To 

simplify the approach and better understand the general principles underlying life, chemists have 

proposed to design artificial microcompartments that could in a sense mimic cellular structures 

and functions but with a limited number of components and a better control on the physico-

chemistry of the system. As a first step towards the imitation of cellular structures, multi-

compartmentalized and multi-components artificial structures have been successfully designed 

since the end of the 2000s (see Figure 1.3).39–41 Elegant works have evidenced the implementation 

of life-inspired functions in such protocells, including self-replication,42 differentiation,43 

photosynthesis44, phagocytosis,45 or intracellular signalization.46 The issue of cell-cell 

communications and interactions has also been explored within protocell communities,47–49 and 

the formation of prototissues by controlled aggregation of artificial cells has also been recently 

demonstrated.50 As living cells are highly out-of-equilibrium machineries, recent efforts have been 

made to design active artificial cells that integrate out-of-equilibrium chemical reactions to mimic 

for instance biological self-sustained motion,51 or chemical exchanges with the extracellular 

environment.52 
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Figure 1.3. Synthetic multicompartmentalized nanocontainers have been developed to mimic the structures and 

functions of living cells with a lower level of complexity and a better control on the physico-chemistry of the systems.39 

 

In this context of bio-delivery and bio-mimicking, biomacromolecules such as proteins, peptides, 

or DNA can play a crucial role, but their encapsulation in increasingly complex containers can be 

limited by their intrinsic fragility. The objective of the present work was to develop a versatile 

approach for the design of stimuli-responsive polymer capsules, in conditions which are 

compatible with the presence of potentially fragile biomacromolecules.  

For that purpose, we used the phenomenon of interfacial complexation in water-in-oil 

emulsions to achieve the formation of capsules composed of an aqueous core and a thermo-

responsive polymer shell. Thermally-induced changes of the physico-chemical properties of the 

capsules were essentially assessed with in situ fluorescence imaging. We also evaluated the 

compatibility of the interfacial complexation process with the presence of a model protein for 

potential applications as biomacromolecules delivery system. In addition, we demonstrated that 

the thermal properties of the polymers used in formulation enables the straightforward 
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incorporation of nanoparticles in the polymer shells, extending the functionalities that can be 

imparted to the capsules. This was in particular applied to gold nanoparticles that exhibit optical 

properties that make them efficient light-to-heat converters at the nanoscale, paving the way for 

photo-thermal stimulation of the capsules. 

 

This manuscript has been organized in the following way: Chapter 2 presents a selective state of 

the art on the field of encapsulation at small scales, with a special focus on methods compatible 

with the encapsulation of fragile biomolecules such as proteins, before introducing the interfacial 

complexation approach that has been specifically developed in this work. Chapter 3 illustrates the 

formation of polymer shells by interfacial complexation with a first thermo-responsive polymer 

based on the well-known LCST-type poly(N-isopropylacrylamide), and details the imaging 

protocols that have been used to characterize in situ the physico-chemical properties of the so-

formed polymer shells. Chapter 4 focuses on the incorporation of nanoparticles in the polymer 

capsules and details the thermometry protocol that has been developed to characterize 

photothermal effects in presence of gold nanoparticles. Chapter 5 presents the results obtained with 

a second thermo-responsive polymer, based on poly(acrylamide-co-acrylonitrile) that exhibits 

UCST properties which seem more promising for the encapsulation and on-demand release of 

payloads upon thermal and light stimulation. 
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Chapter 2 

State of the art and positioning 

of the present work 
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2.1 The specific challenge of protein encapsulation and release 

 

The highly specific bioactivity of proteins and peptides, optimized by billions of years of 

evolution, makes them ideal candidates for advanced therapeutic applications. The rise of protein-

based medical treatments has been associated to the development of two techniques, the DNA 

recombinant technology and the solid phase peptide synthesis, which have enabled the production 

and purification of tailor-made synthetic proteins and peptides at large scale. As a non-exhaustive 

list of proteins of interest for biomedical or biotechnological applications, we can mention protein 

drugs for the treatment of chronical disease (such as insulin for diabetes),53 growth factors for 

tissue repairing or engineering,54 antibodies for bio-diagnostics or immunotherapy,55 or 

neuropeptides for the treatment of neurological disorder or the investigation of neuronal signaling 

pathways.56 

The specific activity of a protein is correlated to its well-defined structural organization 

which is dictated by (i) the chemical composition of the amino-acid sequence (primary structure), 

(ii) the local conformations of the chain backbone (secondary structure) and (iii) the tridimensional 

folding of the entire structure resulting from intrachain interactions and reorganization of the 

solvation sphere (tertiary structure). Any small alteration of this optimized structure may induce a 

complete loss of the protein bioactivity and may be prejudicial for therapeutic goals, making these 

biomacromolecules highly sensitive to their environment. As an illustration, the first formulations 

that have been developed for protein delivery were made of aqueous solutions of “raw” proteins 

(i.e. unprotected or unmodified). Upon injection in vivo, these proteins were readily exposed to (i) 

the recognition and elimination by the immune system and/or (ii) multiple pathways of chemical 

degradation (hydrolysis or β-elimination along the backbone, deamidation of asparagine or 

glutamine residues, oxidation of methionine residues, cleavage or interchange or cysteine disulfide 

bonds).57 Chemical degradation induced denaturation of the protein, i.e. misfolding or unfolding 

of the tridimensional structure, resulting in the loss of its biological activity and the formation of 

potentially harmful side-products.58 In addition, due to their high molecular weight and high 

hydrophilicity, non-modified proteins are less able to cross the amphiphile cellular membrane 

(compared to conventional small molecular drugs) and thus exhibit low levels of cellular 
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internalization. At the end, liquid formulations of raw proteins showed poor therapeutic efficiency, 

and significant side-effects for the patients. 

To circumvent these pitfalls, the microencapsulation of proteins appeared as a relevant 

strategy to protect them from environmental degradation, maximize their stability, decrease their 

immunogenicity, prolong their lifetime in biological conditions, increase their cellular uptake and 

eventually optimize their therapeutic effect. However, the issue of protein denaturation can also 

be faced during the formulation of the encapsulation system, since it may involve physical of 

chemical treatments that may be harmful for proteins, such as high temperatures, mechanical 

stress, chemical reactions, or presence of incompatible solvents. Thus, achieving an efficient 

encapsulation of such fragile biomacromolecules while maintaining their stability and bioactivity 

is still a challenge in the field of drug delivery. 

 

Different encapsulation systems have been explored for the stabilization and vectorization 

of proteins. Only organic systems will be discussed in this thesis and some of them are represented 

in Figure 2.1. The encapsulation systems can be classified according to their structure (matrix-

like vs reservoir-like) and their nature (hydrophobic vs hydrophilic). In matrix-like systems, such 

as colloidal hydrogels, complex coacervates, polymer microspheres, or polymer micelles, the 

protein is embedded in a solid-like environment usually made of entangled polymer chains. In 

reservoir-like systems, like emulsion droplets, vesicles such as liposomes and polymersomes, or 

polymer capsules, the protein is entrapped in a liquid core surrounded by a protective layer. 

Depending on the nature of the polymer matrix or of the liquid reservoir, the systems may be more 

appropriate for the encapsulation of either hydrophobic or hydrophilic payloads. Polymer 

microspheres, polymer micelles, oil droplets and oil-core polymer capsules are usually suitable for 

the encapsulation of hydrophobic compounds. Liposomes, polymersomes, colloidal hydrogels and 

aqueous-core polymer capsules are usually appropriate for the encapsulation of hydrophilic 

species. As most of therapeutic proteins are hydrophilic, the discussion will only focus on 

hydrophilic encapsulation systems throughout this Chapter. 
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Figure 2.1. Various nano- and microcontainers that have been proposed for the encapsulation and delivery of 

proteins.59 

 

Three crucial issues must be considered for the design of protein encapsulation systems: the 

efficiency of protein loading during the encapsulation process, the preservation of the 

stability/activity of the protein within the container, and the control of the release kinetics for 

delivery applications. 

Therapeutic applications do not always require high amounts of delivered proteins to be 

effective. However, the effects of dilution upon release in vivo may decrease the local 

concentration of delivered protein and thus reduce the efficiency of its biological action. As a 

consequence, high encapsulation efficiencies (typically > 50 %) of proteins are usually targeted 

upon formulation. In any case, the waste of product related to poor encapsulation may be 

regrettable (especially for proteins that are difficult and expensive to produce) and motivates the 

optimization of encapsulation efficiencies. The second major issue is the preservation of the 

protein integrity upon encapsulation. As previously mentioned, proteins are highly sensitive to 

their environment and can be impaired in presence of mechanical stress or chemical reactions. The 

encapsulation of proteins may thus require mild conditions of formulation. 

In the next section, we will describe the most common encapsulation systems that have been 

developed in the literature for the vectorization of hydrophilic payloads, and concomitantly discuss 
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their relevance regarding protein encapsulation. Then, we will address the issue of controlled 

delivery in relation to these encapsulation systems. At the light of this state of the art, we will 

eventually settle upon a system that seems promising for the encapsulation of proteins in mild 

conditions and their controlled release upon stimulation. 

 

2.2 Micro- and nanocontainers developed for the encapsulation 

of hydrophilic payloads 

 

2.2.1 Vesicles: liposomes and polymersomes 

 

Vesicles are core-shell systems composed of an aqueous core protected by a molecular bilayer 

(also termed “membrane”) formed by the self-assembly of amphiphilic molecules. Two main types 

of vesicles have been extensively studied for encapsulation applications: liposomes in which the 

membrane is made of a lipid bilayer, and polymersomes in which the membrane is made of a 

bilayer of amphiphilic copolymers (Figure 2.2). The self-organization of these amphiphilic 

molecules in a well-defined bilayer is entropically driven by the water desolvation of their 

hydrophobic moieties (the hydrophobic tail of lipids and the hydrophobic block of copolymers). 

In the resulting membrane, the hydrophobic moieties are buried in the middle of the bilayer and 

the hydrophilic moieties are exposed to water at the inner and outer surface of the bilayer. 

To favor the formation of spherical enclosed bilayers (low-curvature objects), rather than 

micelles (high-curvature objects), a relatively high degree of hydrophobicity is required in the 

molecular building block. Typically, liposomes are formed for a lipid packing parameter 

comprised between 1/2 and 1, and polymersomes are formed for a mass fraction of the hydrophobic 

block higher than 60 %.60 The main advantage of the vesicular structure is the possibility to 

encapsulate hydrophilic species in the aqueous core (or lumen) of the vesicle and also to entrap 

hydrophobic species inside the bilayer membrane. The typical diameter of both types of vesicles 

can vary between 10-20 nm (for Small Unilamellar Vesicles, or SUVs) and 100-200 µm (for Giant 

Unilamellar Vesicles, or GUVs), depending on the method of preparation.61 
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Figure 2.2. Comparison of the structures of liposomes (left) and polymersomes (right). SUV/LUV/GUV: 

small/large/giant unilamellar vesicles.61 

 

In terms of structural and physico-chemical properties, the main differences between liposomes 

and polymersomes are essentially due to the intrinsic differences in size and chemical composition 

of their respective molecular building blocks (lipids vs polymer chains). As natural lipids (mostly 

phospholipids) have a typical molecular weight of ~ 100-1000 g/mol, the membrane thickness of 

liposomes is limited to 3-5 nm. As the molecular weight of amphiphilic copolymers can be tuned 

between ~ 1000 and 10 000 g/mol during their synthesis, polymersomes can exhibit a membrane 

thickness ranging from 5 to 50 nm. 

Since lipids are small and highly mobile molecules, the membrane of liposomes is 

characterized by a high lateral fluidity and consequently a high permeability (Figure 2.3). This 

may be an advantage to mimic the biophysical properties of cell membranes or to interact with 

such membranes, but this may be a drawback regarding the encapsulation of molecules for on-

demand delivery as they could be subject to significant and uncontrolled leakage. Lipid molecules 

have the major advantage to be biocompatible, but they are easily subject to chemical degradation 

(via hydrolysis of ester bonds and oxidation of unsaturated tails especially), making liposomes 

relatively fragile and unstable in biological environments over long time periods.61 

On the other side, the membranes of polymersomes are characterized by low lateral fluidity 

and consequently low permeability and better mechanical properties (compared to liposomes), 

essentially due to the high degree of entanglement of the polymeric hydrophobic moieties within 
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the bilayer (Figure 2.3). These properties make polymersomes good candidates for encapsulation 

applications. In addition, the synthetic control over the composition and functionality of the 

polymer blocks gives more modularity and versatility to tune the physico-chemical properties of 

the polymersome membrane (compared to natural lipids which show lower potential for 

functionalization). As an example, reactive groups can be introduced along the polymer chains to 

cross-link the polymersome membrane for improving its retention efficiency62,63 or for modulating 

its permeability.64 As a limitation, the polydispersity inherent to the polymer synthesis can affect 

the structural properties of the polymersomes.65 

  

 

Figure 2.3. Comparison of the dynamics and chemical stability of the membranes in liposomes and 

polymersomes.61 
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The formation of liposomes and polymersomes can be achieved via similar methods, the most used 

being probably film hydration and solvent displacement methods.  

Film hydration consists in dissolving the amphiphile in a suitable organic solvent and to 

let the solution dry on a substrate, leading to the deposition of an amphiphile multilayer film on 

the substrate. Then, the addition of water (that may contain hydrophilic species to encapsulate) on 

the film induces its progressive swelling and budding resulting in the detachment of spherical 

vesicles (Figure 2.4). Film hydration can be assisted by different external fields: sonication, 

intercalation of a gel interlayer between the substrate and the amphiphilic film (the swelling of this 

gel interlayer facilitates the detachment of vesicles upon rehydration) or application of an electric 

field on the substrate that supports the film (the electric field induces fluctuation in the amphiphile 

film and favors the formation of vesicles, especially GUVs).  

 

 

Figure 2.4. Formation of liposomes by the film hydration method.66 

 

Film hydration is easy to implement but the encapsulation yield can be limited for hydrophilic 

molecules since they have to pervade and intercalate between the densely packed layers of the 

amphiphile film to be readily entrapped in the lumen of the vesicles during their detachment. This 
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limitation is particularly true for proteins (and other biomacromolecules) which are high molecular 

weight and highly charged molecules, and thus poorly disposed to be inserted in the dried film.67–

69 Some techniques have been proposed to increase the encapsulation yield of such 

macromolecules in particular conditions, such as in presence of polymeric crowding agents.70 

Besides, the use of physical treatments such as sonication or electric field can be harmful for fragile 

biomacromolecules to encapsulate. 

 

Solvent displacement methods rely on the formation of emulsion droplets containing the 

amphiphiles, followed by the removal of organic solvents temporary used during the process. The 

simplest solvent displacement method consists in dissolving the amphiphiles in a volatile 

compatible solvent (e.g. ether) and to rapidly inject this solution in a water bath under vigorous 

stirring, resulting in the formation of organic nano- or microdroplets that contain the amphiphiles. 

Then, the progressive “displacement” of the organic solvent (i.e. its removal, by evaporation or 

dialysis for instance) induces the self-assembly of the amphiphiles in spherical membranes, 

eventually resulting in vesicles (usually small, multilamellar and polydisperse) suspended in 

aqueous solution. This method is easy to implement but is not suitable for the encapsulation of 

hydrophilic species since the amphiphiles are initially solubilized in an organic solvent.  

As an alternative, the emulsion phase transfer method can be used. An initial water-in-oil 

emulsion is formed with the amphiphile decorating the water droplets (that may contain 

hydrophilic species). Then this emulsion is slowly injected in a water-organic biphasic solution 

separated by an interfacial amphiphile monolayer. As the emulsion water droplets sink towards 

the bottom aqueous phase, they cross the water/organic interface and collect a thin organic layer 

stabilized by amphiphiles on its two sides. The removal or dewetting of the organic layer 

eventually leads to the formation of the vesicular bilayer membrane.71 

The recent generalization and improvement of microfluidic techniques have enabled 

considerable progress in the control of emulsion phase transfer for the production of vesicles, in 

terms of (i) optimization of size and dispersity of the objects,72 (ii) formation of 

multicompartmentalized structures,73 (iii) tunability of the membrane and lumen compositions (see 

Figure 2.5),74 and (iv) encapsulation efficiency.75 
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Figure 2.5. Microfluidics-generated sequential bottom-up assembly of transmembrane and cytoskeletal proteins by 

high throughput pico-injection into droplet-stabilized GUVs with complex membrane (scale bar = 50 mm).74 

 

These approaches based on water-in-oil emulsions have usually better encapsulation yields than 

film hydration since the hydrophilic payloads are initially confined in water droplets that are 

“converted” into vesicle lumen upon formation of the membrane.  

However, these approaches can be inappropriate for the encapsulation of sensitive and 

fragile proteins due to the presence of organic solvents that can impair their stability.76 Indeed, in 

native aqueous environment, the tertiary structure of proteins is mostly maintained by intrachain 

hydrophobic interactions. Upon contact with an organic solvent, proteins can be subject to 

unfolding due to the affinity of their hydrophobic domains with the organic solvent. This 

denaturation process usually induces the aggregation of proteins at water/organic interfaces and 

the loss of their bioactivity.77–79 This interface-induced degradation of proteins is likely to occur 

in any encapsulation approach that involves water-in-oil or oil-in-water emulsions. It is the case 

for the preparation of vesicles by phase transfer methods but also for the preparation of other 

encapsulation systems as it will be mentioned later. 
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To limit the phenomenon of interface-induced degradation, some formulation adjustments 

have been proposed such as the use of highly concentrated protein solutions to promote the 

formation of a “sacrificial” protein layer at harmful interfaces that may shield the rest of the 

aqueous solution (“self-protecting effect”), or the use of surfactant- or polymer-based protective 

coatings of proteins that may reduce their direct contact with organic solvents and enhance their 

stability.80,81 However, these solutions are usually not generalizable and may be ineffective, or 

even prejudicial, when switching from one protein of interest to another. As a general statement, 

the effects of additives such as surfactants, co-solvents, sugar, polymers, salts (added for the 

necessity of the formulation or as additional ingredients) can have either positive or negative 

effects on the stability of proteins (depending on its nature) and are difficult to rationalize.57 

 

As an alternative to emulsion-based approaches, the phenomenon of polymerization-induced self-

assembly (PISA) has led to breakthroughs in the design of functional polymersomes and other 

types of self-assembled nanostructures in water.82,83 In the PISA process, the sequential growth of 

amphiphilic polymer chains triggers their self-assembly in situ in well-defined nanostructures 

(spherical micelles, worm-like micelles, vesicles). The rise of this technique has been largely 

enabled by the optimization of reversible-deactivation radical polymerization (also termed 

“controlled” or “living” radical polymerization).84,85 Briefly, after the synthesis of a “living” 

hydrophilic block in water, the polymerization is carried on by the addition of monomers whose 

corresponding homopolymer is hydrophobic and insoluble in water. Upon extension of the 

hydrophobic block, an amphiphilic character is progressively imprinted to the growing chains, 

resulting in their self-assembly in nanostructures whose morphology can be controlled via the 

nature of the monomers, the degrees of polymerization, or the use of additives (Figure 2.6).86  

Regarding the production of vesicles, PISA has been for long restricted to the formation of 

nano-polymersomes (typically 10-100 nm), but the formation of 10-µm GUVs has been recently 

achieved with this method.87 Recent works have also demonstrated the potential of PISA-based 

polymersomes for protein encapsulation, either in the lumen88 or in the membrane of the vesicles.89 
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Figure 2.6. Illustration of the polymerization-induced self-assembly (PISA) process. The RAFT polymerization of a 

hydrophobic block of poly(2-hydroxypropyl methacrylate) from a hydrophilic macromolecular chain transfer agent 

(either poly(glycerol monomethacrylate), poly[2-(methacryloyloxy)ethyl phosphorylcholine], or poly(ethylene 

glycol)) produces amphiphilic chains that self-assemble in nanostructures. Spheres, worms, or vesicles can be 

produced by judicious variation of the packing parameter (P) which is determined by the relative volume fractions of 

the hydrophilic and hydrophobic blocks.86 

 

 

2.2.2 Colloidal hydrogels 

   

Colloidal hydrogels are micro- or nanospheres obtained by physical or chemical cross-linking of 

hydrophilic polymer chains, resulting in a colloidal network that can swell in water without falling 

apart. Colloidal hydrogels are usually termed microgels or nanogels according to their size. 

Hydrogels are commonly prepared according to one of the three following conventional 

approaches: the polymerization of a colloidal network from monomer and cross-linker building 
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blocks, the chemical cross-linking of pre-formed reactive polymer chains, and the physical cross-

linking of pre-formed interactive polymer chains (see Figure 2.7).90,91  

 

 

 

Figure 2.7. Various approaches for the formation of micro- and nanogels.92 

 

The formation of hydrogels by polymerization of monomer and cross-linker units (usually 

hydrophilic acrylate derivatives) can take place directly in water (homogenous conditions) or in 

emulsion (heterogenous conditions).93  

In homogeneous conditions, the formation of colloidal hydrogels has been markedly 

enhanced by the development of reversible-deactivation (or “controlled”) radical polymerization 

that provides a better control on the propagation reactivity and favors the intrachain cross-linking 

over interchain cross-linking (this latter resulting in macrogelation and not in the formation of 

individualized colloidal gels).93,94 An other widespread method for producing colloidal gels in 

homogenous conditions is the precipitation polymerization, relying on the difference of solubility 

between the polymer precursors (water-soluble monomers and cross-linkers) and the final network 

(insoluble in water after reaching a critical size).95  

The most common method for preparing colloidal hydrogels is however the polymerization 

in emulsion, and especially in water-in-oil inverse emulsion. An aqueous solution containing the 
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polymer precursors (monomers, cross-linker, and initiator) is emulsified in an immiscible organic 

solvent containing a surfactant. The polymerization occurs within surfactant-stabilized water 

droplets that play the role of a template, yielding spherical hydrogels. After polymerization, the 

organic phase is removed (by evaporation or centrifugation) and the hydrogels are redispersed in 

water to eventually recover a colloidal suspension. This versatile approach enables a good control 

on the chemical composition and the cross-linking density of the final gels. 

 

Colloidal hydrogels can also be achieved by chemical or physical cross-linking of preformed 

polymer chains. Chemical cross-linking relies on the presence of reactive chemical functions along 

the polymer backbones, that can react either together or with additional cross-linking species to 

form covalent networks.96,97 This approach turned out to be favored when the reactive polymer 

chains were either confined in emulsion droplets, pre-self-assembled in nanostructures (such as 

micelles), or adsorbed on solid core templates.  

As an alternative to chemical reactions, colloidal hydrogels can also be formed upon 

physical cross-linking of polymer chains, i.e. via non-covalent interactions (hydrophobic 

interactions, electrostatic interactions, hydrogen bonds, metal-ligand complexation, host-guest 

interactions).98–101 They however may suffer from poorer stability compared to covalently cross-

linked analogs. Despite this limitation, one particular type of physical cross-linking has recently 

aroused increasing attention and is called complex coacervation. The phenomenon of complex 

coacervation designates the liquid-liquid phase separation that can spontaneously occur between 

aqueous solutions of oppositely charged macromolecules. This process results in the formation of 

nano-condensates that are maintained by electrostatic interactions and that can be seen as 

physically cross-linked hydrogels. Being highly versatile, tunable and suitable for the efficient 

entrapment and stabilization of biomacromolecules, including proteins (Figure 2.8), complex 

coacervation has become a promising platform for the engineering of biocompatible and easily 

cell-internalizable nanocarriers.59,102,103 
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Figure 2.8. Encapsulation of a model protein (BSA) in complex coacervate microdroplets formed by liquid-liquid 

phase separation of an aqueous solution of oppositely charged polypeptides.102 

 

To broaden the applicability of colloidal hydrogels, a progressive diversification in the choice of 

the monomer or polymer precursors has been proposed in the literature. The diversification of the 

monomer units has enabled the design of amphiphilic hydrogels to favor the incorporation of more 

hydrophobic drugs in matrices that are mostly hydrophilic.104,105 The development of physically 

cross-linked hydrogels has included the use of biopolymers (such poly(amino acids) or 

polysaccharides) in the particle scaffolds to favor the accommodation of biomacromolecules 

(including proteins) and the biocompatibility of the carriers.106–110 

 

The incorporation of proteins in colloidal gels can be achieved concomitantly with the formation 

of the polymer matrix by simply mixing the protein with the polymer precursors.111 In that case, 

the encapsulation efficiency of the protein is markedly governed by the polymer properties (chain 

molecular weight or polymer concentration in solution).112 This approach may expose the proteins 

to organic solvents and/or radical species that can be prejudicial for their stability. As an 

alternative, it has been proposed to dissociate the steps of gel formation and protein encapsulation, 

by loading the proteins of interest in pre-formed colloidal gels by impregnation (diffusion through 

the polymer matrix)113 or by adsorption at their surface.114 The efficiency of the impregnation 

process (in terms of yield and uniformity) depends on the chemical nature and the internal structure 
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of the gels, especially on the crosslink density which dictates the size of the voids in the polymer 

network.114,115 The process of adsorption usually suffers from limited encapsulation yields and 

does not protect the protein of interest from the environment. 

 

Figure 2.9. Schematic presentation of a post-fabrication encapsulation strategy of protein drugs in microgels. Microgels were 

obtained from cross-linking of the pre-designed macromers. After microgel preparation, drug loading was performed by soaking 

aqueous solution of proteins with microgels at 4 °C (below volume phase transition temperature). The gel microparticles collapsed 

after drying and thus entrapped proteins in the microgel network. When released in buffer at human body temperature, striking 

early release of protein was decreased because of the shrinkage of microgels at 37 °C with respect to at 4 °C. The drug release 

proceeded with hydrolysis of microgels and underlying diffusion. All of proteins were eventually released due to complete 

biodegradation of the polymeric network.113 

 

In colloidal gels loaded with proteins, cross-talks between the protein and the polymer matrix may 

have a crucial influence on both the protein stability and the gel properties. Protein-polymer 

interactions, such as electrostatic attraction or hydrogen bonding, can be beneficial to increase the 

loading and retention of proteins,115–117 to improve their thermal stability by hindering thermally-

induced conformational changes, and even to enhance their bioactivity.118 A contrario, the 

potential reactivity of the polymer network may also lead to protein deterioration. For instance, in 

polyester matrices – which are interesting for their biocompatibility and biodegradability – the 

hydrolysis of polymer ester groups into carboxylic acids induces a progressive acidification of the 



30 

 

microenvironment (to pH as low as 3),119 that may eventually trigger the destabilization of 

encapsulated proteins. Note that if the polymer properties may influence the structure of the 

protein, reciprocally the presence of proteins may change the structural properties of the polymer 

matrix. In colloidal gels, a deswelling of the matrix is usually observed upon the loading of 

oppositely charged proteins, essentially due to protein-polymer electrostatic attraction that favor 

water expulsion from the matrix.114,115 

 

2.2.3 Polymer microcapsules 

  

Polymer microcapsules are hollow microspheres composed of an internal reservoir surrounded by 

a polymer envelope. They can be seen as “core-shell” systems with a core made of an organic or 

aqueous solution, and a shell made of polymer chains that can be chemically cross-linked or 

maintained by non-covalent interactions. In contrast to the precise structuration of the bilayer 

membrane in polymersomes, capsule shells are usually made of a more chaotic arrangement of 

polymer chains in intertwined mesh, network, or multiple layers. The shell thickness of polymer 

capsules is highly dependent on the preparation method but can range from a few tens of nm to 

several microns, and is usually much ticker than polymersome membrane which is restricted to 5-

50 nm (as roughly given by twice the length of the polymeric building block). Polymer capsules 

thus associate (i) the reservoir structure of vesicles with (ii) shell physical properties that are close 

to hydrogels. 

 

In absence of intrinsic amphiphilicity, polymer chains have no reason to spontaneously self-

organize into hollow structures. The formation of polymer capsules thus requires a template to 

drive the assembly or the growth of polymer chains into shells with well-defined size and 

morphology. The main techniques that have been developed for that purpose use solid 

nanoparticles or emulsion droplets as spherical template for the design of liquid-core hollow 

capsules (see Figure 2.10). 

 



31 

 

 

Figure 2.10. Various template-based strategies for the design of liquid-core hollow polymer capsules.120 

 

Solid cores can be used as sacrificial templates for the successive deposition of oppositely charged 

polymers, resulting in a multi-stacked polymer shell self-maintained by electrostatic interactions 

after removal of the solid core. This technique, usually referred to as layer-by-layer (LbL) 

assembly, enables a good control on the composition and thickness of the shells but at the expense 

of numerous preparation steps.121 Note that other types of interactions have also been used to drive 

the LbL assembly, such as hydrogen-bonding (Figure 2.11),122 or host-guest supramolecular 

interactions,123 but electrostatic interactions remain the most studied ones.  

Despite numerous examples of bio-applications of LbL capsules,124 this encapsulation 

technique is not necessarily appropriate for all payloads since (i) the encapsulation efficiency is 

intrinsically limited by the presence of the solid template all along the capsule formation and (ii) 

the removal of the solid template usually involves drastic chemical treatments (including strong 

acidic or alkaline conditions) that may be harmful for fragile biomacromolecules such as 

proteins.125 To circumvent these issues, some examples of LbL assembly on liquid core templates 

have been proposed.126,127 
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Figure 2.11. Schematics for the multilayer assembly of hydrogen-bonded (PVPON/PMAA) capsules. (a) Silica cores 

(a) were exposed alternately to PVPON and PMAA polymer solutions in methanol with two rinsing steps in methanol 

between the layers. (b) After a desired number of (PVPON/PMAA) bilayers (denoted as n) were assembled, silica 

cores were dissolved in hydrofluoric acid and dialyzed at pH 3, leaving behind hollow hydrogen-bonded 

(PVPON/PMAA)n capsules. The dashed rectangle highlights the functional groups interacting through hydrogen 

bonding. (c) SEM image and (d) infrared spectrum of (PVPON/PMAA)5 capsules assembled in methanol. Atomic 

force microscopy topography images of (e) 5 bilayer and (f) 10 bilayer (PVPON/PMAA) capsules dried on silica 

wafer surfaces from methanol.122 

 

Most of techniques of capsule formulation rely on emulsion droplets as the template for the 

formation or the self-assembly of polymer shells. It is the case for internal phase separation, which 

consists in progressively triggering the precipitation of polymer chains confined in emulsion 

droplets by changing its affinity with the droplet solvent. Initially the polymer is dissolved in a 

mixture of good and poor solvent, which is then emulsified in an immiscible continuous phase. 

The good solvent is progressively removed from the droplets by evaporation, leading to the phase 

separation of the polymer from the poor solvent remaining in the droplets. This process eventually 

results in polymer segregation at the droplet surface, forming liquid-core rigid capsules dispersed 

in the continuous phase. This approach has been used to produce aqueous-core poly(methyl 

methacrylate) capsules in oil (with acetone/water as good/poor polymer solvent).128  

Internal phase separation can also be triggered in droplets containing only a good solvent 

for the polymer, the poor solvent coming from the continuous phase. This process was observed 

in an aqueous dispersion of chloroform droplets containing polyester chains and a surfactant.129 

The presence of the surfactant in the chloroform droplets triggers the self-emulsification of water 

(coming from the continuous phase) within the droplets. Water being a poor solvent for the 
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polymer chains, the growth of the water droplets in the chloroform droplet, concomitant with the 

evaporation of the chloroform, progressively leads to the formation of polyester shells (Figure 

2.12).  

In these approaches based on internal phase separation, the structural features of the 

polymer microcapsules (capsule size, shell thickness and porosity) can be tuned by varying the 

size of the templating emulsion droplets, the mass of the polymer initially dissolved in the 

dispersed phase and the evaporation rate of the good solvent. However, these approaches require 

the use of organic solvents in the dispersed phase, which is barely compatible with the presence of 

proteins.  

 

 

Figure 2.12. Illustration of microcapsules formation by internal phase separation induced. (a) Chloroform droplets 

containing polylactide chains and bis(2-ethylhexyl) sulfosuccinate surfactant were formed upon emulsification in an 

aqueous phase. Rapidly, water diffused in the chloroform droplets and formed aqueous inclusions upon internal self-

emulsification. (b) Count and size of the internal water droplets increase with the increase of time; (c) Internal tiny 

droplets coalesce into bigger ones; (d) Double emulsion droplets were formed via coalescence of the internal water 

droplets; (e) Polylactide microcapsules were obtained after complete evaporation of chloroform.129 
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Another approach for emulsion-templated capsule formation consists in directly growing or cross-

linking polymer chains in situ, i.e. at the surface of emulsion droplets. This general strategy is 

usually referred to as interfacial polymerization.†  

Polyaddition reactions offer a broad choice of monomer or polymer building blocks for the 

design of capsules by interfacial polymerization. Polymer capsules can be achieved by coupling 

reactive species that are initially soluble in their own phase but that can meet and react at the 

water/oil interface after emulsification. Common click or metathesis reactions between 

difunctional complementary monomers or macromonomers have been used in that sense, such as 

azide-alkyne cycloaddition with or without Cu catalyst,130,131 thiol-ene coupling,132 or olefin cross-

metathesis.133  

Radical interfacial polymerization has also been proposed to build polymer shells in situ. 

In this approach, the main challenge was to confine the chain propagation at the interface while 

limiting its extension to the bulk phases of the emulsions. For that goal, the polymerization must 

be mediated by reactants that are surface active, i.e. that have a high affinity with the water/oil 

interface. Effective interfacial radical polyaddition have been demonstrated using amphiphilic or 

surface-active monomers,134 radical initiators,135 initial radical species,136 or RAFT agents137 

(Figure 2.13). The interfacial sequestration of polymer can also be achieved if the growing chains 

have no affinity neither for water nor for oil, resulting in the formation of a polymer shell at the 

water/oil interface.138  

Polycondensation reactions can also be used to form polymer capsules at the surface of 

emulsion droplets. These reactions usually involve addition-elimination reactions between water-

soluble diamines or diols and oil-soluble diacyl chloride or diisocyanates, yielding polyester, 

polyamide, polyurea (and other derivatives) capsule shells.139 This approach can be extended to 

the formation of cross-linked polymer shells by starting from (at least) tri-functional reactive 

species, such as lignin.140 As for click polyaddition, these polycondensation reactions involve 

complementary but immiscible reactive species, naturally restricting the polymerization at the 

                                                 
† In this document, interfacial polymerization will only refer to reactions that produce covalent bonds between 

monomers or polymer chains at the interface between two immiscible media. Some authors may also include non-

covalent cross-linking (e.g. via hydrophobic or host-guest supramolecular interactions) or metal-ligand coordination 

among the list of interfacial polymerization reactions. 
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water/oil interface. Note that this interfacial condensation strategy has also been implemented in 

sol-gel processes to readily form aqueous-core silica hollow nanocapsules.141 Interfacial 

polymerization techniques usually lead to the formation of robust polymer shells despite their low 

thickness (typically below 100 nm because the diffusion of reactive species towards the interface 

is quickly hindered by the presence of the growing shell). However, since these strategies of 

capsule formation are based on in situ chemical reactions, they may be inappropriate for the 

encapsulation of fragile payloads, especially for proteins that may be degraded in presence of 

radicals, thiol groups, carboxylic acid derivatives or organic solvents that are commonly 

encountered in interfacial polymerization. 

 

 

Figure 2.13. Interfacial polyaddition based on the confinement of reactive species at the water/oil interface of 

emulsion droplets. The reaction was confined thanks to the surface-active properties of a) monomers,134 b) radical 

initiators,135 c) initial radical species,136 or d) RAFT agent.137 
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An alternative method to the interfacial polymerization may be to assemble pre-formed polymer 

chains at the surface of emulsion droplets to readily produce polymer shells without resorting to 

in situ chemical reactions. The formation of polymer capsules may be thus induced by non-

covalent (weak) interactions between complementary interactive chains that are present on the two 

sides of the water/oil interface. This approach, termed interfacial self-assembly, includes multiple 

variants such as interfacial complexation, coordination, supramolecular polymerization, 

depending on the interactions which are involved in the shell structuration. The most studied ones 

are probably electrostatic interactions that are implicated in interfacial complexation: when two 

oppositely charged species are solubilized in each phase of an emulsion, they spontaneously 

accumulate at the surface of the emulsion droplets, driven by coulombic attraction across the 

liquid-liquid interface. The formation of aqueous-core polymer capsules by interfacial 

complexation has already been reported in water-in-oil (W/O) (Figure 2.14),142,143 and in water-

in-water (W/W) emulsions.144–147  

 

 

Figure 2.14. Schematic of the capsule fabrication method in a microfluidic device. (a) Aqueous phase (turquoise) 

containing a water soluble polyelectrolyte and an oil phase (yellow) containing oil soluble polyelectrolyte are brought 

into contact to fabricate aqueous-core microcapsules with a polymeric shell. (b) Electrostatic interaction of the 

polycation (red) and polyanion (blue) across the droplet interface generates a robust shell with thickness in the range 

of 1–2 μm. (c) Optical image of monodisperse stable capsules (diameter ~200 μm) in the exit flow capillary.143 
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 W/W emulsions (also termed all-aqueous emulsions or aqueous two-phase systems) can be 

generated by spontaneous demixing of solutions of hydrophilic polymers that are incompatible 

above a critical concentration (typically occurring with poly(ethylene glycol) and dextran aqueous 

solutions).148 The introduction of oppositely charged polymers in the two immiscible aqueous 

phases enables the production of aqueous-core polymer capsules by interfacial complexation in 

absence of organic solvents, which is major advantage for the design of biocompatible nanocarriers 

and which enabled the encapsulate of proteins and cells with success.149,150 However, controlling 

the partitioning of water-soluble species between the inner and outer aqueous phases, and thus the 

encapsulation efficiency, remains a crucial challenge in all-aqueous systems.150 

Beyond simple emulsions, polymer capsules have also been achieved by interfacial 

complexation in multiple emulsions such as W/O/W151,152 or W/W/W.149,153 For the first case, the 

formation of a polymer shell by complexation at the inner O/W interface can trigger the 

spontaneous dewetting of the oil intermediary layer, resulting in the production aqueous-core 

capsules dispersed in water.151,152 

 

 

Figure 2.15. A) Schematic illustration for the formation of microcapsules by Nanoscale Interfacial Complexation in 

Emulsion (NICE) from a water-in-oil-in-water (W/O/W) double emulsion. B) Schematic illustration showing 

complete dewetting of a NICE microcapsule from an oil droplet. C) Optical microscopy image of W/O/W double 

emulsions generated using a glass capillary microfluidic device. D) Optical microscopy image of NICE microcapsules 

completely separated from oil droplets (pink). The oil droplets contain 0.1 wt % Nile red.151 
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The phenomenon of interfacial complexation has been extensively described through the formation 

of electrostatic interactions but other interactions have also been used to produce rigid 

microcapsules such as interfacial metal-ligand coordination154 or interfacial hydrogen bonding155. 

The formation of multiple interpolymer hydrogen bonds have also been used to drive the 

generation of hollow polymer capsules from compact nanoparticles by spontaneous maturation at 

an appropriate pH.156 This self-structuration phenomenon has the advantage to produce polymer 

capsules without the use of an external template. 

 

2.3 Remote control of payload release from microcontainers 

 

Any encapsulation system is subject to payload release via a “natural” mechanism of passive 

diffusion out of the container scaffold. The kinetics of this mechanism is intrinsically related to 

the size of the payload and to the internal structure of the container. For instance, considering 

polymer scaffolds of the same nature, the delivery of proteins is faster from hollow containers than 

from dense ones, because the thickness of the polymer matrix to cross is lower in the first systems 

than in the second.157 In colloidal gels, the release rate is essentially governed by the swelling 

capacities of the polymer network, and can be lowered for example by increasing the cross-link 

density or by introducing more hydrophobic polymer moieties.158 For any polymer-based 

encapsulation systems, the protein-polymer interactions play also in important role on the kinetics 

and efficiency of the release. Specific attractive interactions as well as non-specific adsorption of 

proteins in the polymer matrix may reduce the release fraction and lower the delivery kinetics.159 

Delivery systems based on passive diffusion suffer from a poor spatio-temporal control of 

the release since the kinetics is “pre-recorded” in the structure of the encapsulation system and 

cannot be modulated in situ. The possibility to trigger and modulate the release on demand has 

been a hot topic in the field of molecular delivery for the last 20 years. Major progresses have been 

made thanks to the design of stimuli-responsive nanocontainers, i.e. structures that can be modified 

or destabilized upon specific chemical or physical stimulation. The on demand release can proceed 

via two types of response of the encapsulation system upon stimulation: either via a change in 



39 

 

porosity/permeability of the scaffold (leading to the enhancement of the diffusion kinetics) or via 

a partial or total disruption/disassembly of the scaffold. 

 

2.3.1 Internal and external stimuli 

 

Two categories of stimuli have guided the design of responsive nanocontainers: internal stimuli 

which are intrinsically present in the delivery area, leading to environmentally-controlled release, 

and external stimuli which are triggered by an operator out of the delivery area, leading to 

remotely-controlled release.10 

Common internal stimuli for in vivo applications are the temperature of the living organism 

(usually higher than the ambient temperature) and the chemical environment (acidic pH, redox 

conditions, presence of reactive biomolecules such as sugars or enzymes). External stimuli include 

light irradiation, magnetic field, and ultrasounds. These stimuli are said “non-invasive” as long as 

they can be effective remotely, i.e. without physical intrusion of the stimulation source in the 

biological target. For that, the penetration length scale of these stimuli should be high enough. 

High magnetic fields or light with a wavelength which is not absorbed by the tissue are thus 

required. 

The challenge for chemists and material scientists has been to design nanocontainers that 

can be sensitive to these stimuli, and to be able to tune the rate and the efficiency of the release. In 

the following, the discussion will focus on temperature and light as they turned out to be promising 

levers for on-demand delivery. 

 

2.3.2 Temperature as an internal trigger 

 

The internal temperature of the biological target can be used as a trigger for the destabilization of 

encapsulation systems. Temperature-sensitive containers rely on changes in physical properties of 

their scaffold upon heating to trigger the release of their payloads. For that thermo-responsive 

polymers are ideal tools are as they are characterized by a drastic change of their physico-chemical 

properties in solution, concomitant with a transition of the chain conformation, at a critical 
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temperature.11 This critical temperature can be a Lower Critical Solution Temperature (LCST), 

associated to a transition of the polymer chains from hydrophilic soluble coils below the LCST to 

hydrophobic collapsed globules above the LCST. This transition is due to an entropically-driven 

desolvation of the polymer chains upon heating resulting in their association via hydrophobic 

interactions (Figure 2.16.a). At the macroscale, this transition manifests through the formation of 

polymer aggregates that precipitate in the solvent upon heating. Polymers exhibiting this type of 

behavior are called “LCST polymers” by misuse of language.160  

Conversely, the critical temperature can be an Upper Critical Solution Temperature (UCST) 

associated to the reverse transition: polymer chains are insoluble below the UCST and soluble 

above the UCST, and the precipitation of the polymer occurs upon cooling. Polymers exhibiting 

this type of behavior are called “UCST polymers”. Below the UCST, the insolubility of the 

polymer is due to multiple inter-chains weak interactions (mostly electrostatic interactions and 

hydrogen bonds) that maintain the polymer chains in an aggregative state. Upon heating, this 

network of interactions is progressively broken, resulting in the solubilization of the polymer 

chains.161 

The critical temperature of transition depends on the concentration of the thermo-

responsive polymer in solution. The curve giving the evolution of the critical temperature as a 

function of the polymer concentration is called the binodal curve. This curve separates the 

experimental domain where the polymer is soluble from the domain where it phase-separates from 

the solvent. To be rigorous, the notions of LCST and UCST correspond to the extrema of the 

binodal curve (the minimum for the LCST and the maximum for the UCST) and is thus valid for 

one polymer concentration (Figure 2.16.b). The generalization of this notion of critical 

temperature at any polymer concentration is called the “cloud point” since it separates the 

temperature domain where the polymer is soluble in the solvent (transparent solution) from the 

temperature domain where the polymer precipitates in the solvent (turbid solution) (Figure 2.16.c). 

 



41 

 

 

Figure 2.16. Illustration of a LCST behavior in the case of poly(N-isopropylacrylamide) (PNIPAM) a) Coil-to-globule 

transition of PNIPAM, corresponding to a switch from a hydrophilic state with solvated chains below the LCST to a 

hydrophobic state dominated by inter-chains interactions above the LCST. b) Binodal diagrams for UCST and LCST 

polymers depending on polymer fraction. c) Typical turbidity heating curve of a PNIPAM solution. The solution is 

transparent (maximum transmittance) below the cloud point and turbid (zero transmittance) above the cloud point.160 

 

In aqueous environment, LCST polymers have been studied since decades. The most popular one 

has been undoubtedly the poly(N-isopropylacrylamide) (PNIPAM),162 but increasing attention has 

been recently paid to other families of LCST polymers such as oligo(ethylene glycol)s,163 

poly(oxazoline)s164 or poly(N-vinylcaprolactam)s.165 Their implementation in delivery systems 

essentially relies on the deswelling or rigidification of materials at 37 °C (above the cloud point) 

resulting from the hydrophilic-to-hydrophobic transition of the polymer. Typically, a “squishing” 

release mechanism was observed during deswelling of PNIPAM microgels upon heating.166 This 

thermal behavior usually leads to passive, slow an incomplete release.  

For reservoir-like systems, a heat-induced on-demand delivery via LCST polymers added 

in the membrane/shell seems counterintuitive since the increase of temperature makes the chains 

more hydrophobic, i.e. less permeable to hydrophilic payloads. Accordingly, polymersomes or 

polymer capsules based on LCST polymers usually exhibit a delivery upon cooling rather than 

upon heating.167,168 However, some aqueous-core systems have been successfully designed for a 

release at high temperature, such as polymersomes destabilized by heat-induced collapse of LCST 
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polymer chains169,170 or polymer capsules including PNIPAM colloidal hydrogels as thermo-

responsive gates in their shells (Figure 2.17.).171 

 

 

Figure 2.17. Thermo-responsive polymer capsules made of a PNIPAM hydrogel core and a porous ethylcellulose 

(EC) core embedded with PNIPAM microgels. The collapse of the PNIPAM microgels above a critical transition 

(called Volume Phase Transition Temperature or VPTT here) acts as gate opening in the polymer shell and triggers 

the release of content encapsulated in the capsule core.171 

 

In contrast, UCST polymers are obviously more suitable for heat-triggered permeabilization, 

because they form insoluble materials at low temperature (below UCST), that can be dissolved 

upon remote heating. Yet, only a handful of UCST-based delivery systems has been proposed. 

Although UCST is most likely observed in non-aqueous and hydro-organic solvents, polymers 

with UCST behavior in pure water are not rare.172,173 Several ones exhibit a thermal transition in 

temperature windows relevant for most practical application (typically 10-50°C) and/or in 

physiological conditions.174,175 Their main drawback to date has been their sensitivity to 

environmental and structural features: the transition temperature depends on the polymer structure 

(composition, chain length, end-groups) and on minor chemical degradation or changes in the 

environment (e.g. effect of pH, presence of salts).176 For instance, acidic or salt impurities may 

shift the working temperature by > 10°C.172 In this line, the UCST of poly(N-acryloyl 

glycinamide), one of the earliest non-ionic copolymers with chemically adjustable properties, can 

be dramatically shifted upon monomer degradation (e.g. via hydrolysis) or in presence of poorly 

controlled chain ends.177 In addition, the UCST transition shows a high hysteresis upon 

heating/cooling cycles. Polyzwitterionic chains are more robust alternatives, and the permanent 

hydration of ionic comonomers makes them particularly convenient for the design of hydrophilic 

materials, such as temperature-responsive colloidal hydrogels,178,179 but the high density of ionic 
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groups may be prejudicial for the stability of encapsulated proteins. One class of non-ionic 

copolymers, the poly(acrylamide-co-acrylonitrile) (PAAMAN), combines the desirable properties 

of (i) becoming hydrophobic at low temperature, (ii) having a tunable UCST via simple balance 

of monomer composition, and (iii) exhibiting a robust UCST transition in water (minimal 

hysteresis and minimal shift upon temperature cycling).180 However, the UCST of PAAMAN 

remains sensitive to the presence of additives such as salts or drug loading.181,182 

To date, most of the microcontainers exhibiting a UCST behavior have been prepared under 

the form of colloidal gels,173,179,183,184 and only a few examples of aqueous-core systems, 

essentially polymersomes, have been reported.174,185,186 To the best of our knowledge, aqueous-

core polymer capsules with UCST behavior has never been reported. 

 

2.3.3 Light as an external trigger 

 

Using light as an external trigger is interesting since it allows a precise spatial and temporal control 

of the stimulation. Indeed, the irradiation is instantaneous (contrary to the temperature triggers that 

may suffer from heating inertia) and the spatial resolution is essentially dictated by the size of the 

light source spot (that can reach the microscale for focalized laser beam). For biological 

applications, the high tunability offered by light excitation (in terms of wavelength and power) can 

be limited by two factors: the high absorption of biological tissues in the visible range and the 

potential phototoxicity of energetic irradiation such as UV light. These issues usually restrain the 

use of light-induced delivery to the study of transparent or poorly absorbent model organism (such 

as zebrafish larva) or to the design of near-infrared-sensitive systems (as the near infrared region 

is a transparent window for biological tissues). 

 

Intrinsically light-controllable release systems are essentially based on two families of light-

sensitive molecular building blocks: photo-isomerizable groups and photo-cleavable groups.187 

Photo-isomerizable groups can undergo a reversible conformational change upon light 

irradiation, inducing a drastic switch of shape and polarity. The most common photo-isomerizable 

groups are derivatives of azobenzene that are characterized by a cis-trans isomerization, or of 

spiropyran, dithienylethene, or donor-acceptor Stenhouse adducts (DASA) that are characterized 
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by an open-closed isomerization. The incorporation of photo-isomerizable groups in the structure 

of polymeric building blocks may enable to form light-responsive structures that can undergo 

drastic changes in structural organization and/or polarity/hydrophilicity upon light irradiation, 

providing a simple way to control the release of pre-encapsulated content.  

The permeability of polymer capsules or colloidal gels can be photo-regulated by using 

azobenzene groups as supramolecular or physical cross-links that can be disrupted when 

azobenzene are in their cis form (Figure 2.18).188,189 The modulation of permeability has also been 

demonstrated in polymersomes bearing spiropyran or DASA groups (the permeability being higher 

when these groups are in their hydrophilic open form).190,191 The release of pre-encapsulated 

content can also be triggered by more drastic phenomena such as the partial or total destabilization 

of self-assembled polymeric compartments as it was demonstrated for polymersomes containing 

azobenzene groups (dramatic change in the membrane curvature upon isomerization)192,193. 

 

 

Figure 2.18. Light-responsive microcapsules made by layer-by-layer supramolecular assembly of poly(acrylic acid-

g-azobenzene-g-adamantane) (PAA-g-AD-g-Azo) and poly(aspartic acid-g-β-cyclodextrin) (PASP-g-β-CD). Upon 

UV irradiation, the trans-to-cis isomerization of azobenzene moieties triggers the dissociation of the host-guest cross-

links formed with β-CD, leading to an increase of the permeability of the capsule shell and the release of the pre-

encapsulated content (here fluorescent PEG).189 
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Photo-cleavable groups can undergo irreversible splitting in (at least) two residues upon light 

irradiation. The most common photo-cleavable groups are o-nitrobenzyl esters, polyaromatic 

hydrocarbon methyl esters (pyrene, perylene, …) or p-methoxyphenacyl esters.187 Introducing 

photo-cleavable groups in encapsulation/release polymeric systems allows the partial or total 

degradation of the structure of the container, resulting in the release of the pre-encapsulated 

content.  

Polymer chains containing o-nitrobenzyl ester units along their backbone thus been used 

to form polymer micelles194, polymersomes195 or polymer microspheres196 that can be rapidly 

dismantled upon light irradiation. Photo-cleavable cross-links based on o-nitrobenzyl ester units 

have also been used in colloidal gels111 or polymer capsules,197 enabling the light-induced release 

of pre-encapsulated payloads including proteins. Photo-cleavable groups can also be used as 

“capping” agents that can be removed on-demand to change the properties of polymer chains, such 

as the hydrophilicity, or to trigger chain reactions. For instance, Sun et al. showed that the photo-

cleavage of o-nitrobenzyl ester groups in polymersome membranes could trigger the hydrophobic-

to-hydrophilic transition of the bilayer concomitantly to in situ cross-linking that prevented any 

denaturation. This photo-activation eventually resulted in an increase of the membrane 

permeability and a subsequent release of the pre-encapsulated payload.198 

Photo-cleavable groups have also been used as triggers for the depolymerization of “self-

immolative” polymers. These polymers are designed to be crumbled by a succession of 

intramolecular reactions, provided an initial fragmentation trigger. Photo-cleavable units have 

been introduced for this purpose, as side-groups or end-groups on the polymer backbone, to 

promote the self-immolative degradation of polymer microspheres199 or polymersomes200 upon 

light irradiation (Figure 2.19). 
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Figure 2.20. Schematic illustration of self-immolative polymersomes self-assembled from poly(benzyl carbamate)-

b-poly(N,N-dimethylacrylamide) amphiphilic block copolymers containing hydrophobic poly(benzyl carbamate) 

blocks, which are subjected to self-immolative depolymerization into small molecules upon cleavage of “capping” 

moieties (i.e., perylen-3-yl, 2-nitrobenzyl or disulfide for stimuli of visible light, UV light, and reductive milieu, 

respectively).200 

 

 Photo-cleavable groups have also been used in a diverted way to induce the burst of liquid-

core polymer compartments. Instead of being incorporated in the polymer scaffold, photo-

cleavable molecules can be directly loaded or dispersed in the lumen upon encapsulation. The 

photo-degradation of these molecules may produce a high concentration of side-products that may 

increase the osmotic pressure in the core of the compartment. At some point, the stress exerted by 

this internal pressure on the polymer envelope may lead to its burst. This approach has been 

successfully implemented on polymersomes201 and polymer capsules.202 In the latter case, the 

photo-cleavable molecules were designed to release CO2 upon fragmentation. The pressure-

induced rupture of the polymer shell wall was thus attributed to the rapid expansion of gas bubbles 

in the core of the capsules. 
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2.3.4 Combining photo- and thermo-sensitivity with plasmonic 

nanoparticles 

 

The design of polymers that are intrinsically light-responsive can be complicated as it may require 

complex synthesis and complete isolation from parasitic light to avoid sample degradation. In 

comparison, thermo-responsive polymers are easier to manipulate and can even be commercially 

available. Being able to stimulate a thermo-responsive scaffold with light as a primary trigger may 

enable to combine the high spatio-temporal control offered by light with the versatility offered by 

thermo-responsive polymers. For that purpose, plasmonic nanoparticles are interesting candidates 

as they can convert light excitation in heat generation. 

 

At the nanoscale, noble metal particles (essentially silver and gold) exhibit a very specific 

resonance phenomenon called localized surface plasmon resonance. Upon light excitation at an 

appropriate wavelength, collective electron oscillations are produced at the surface of the 

nanoparticles. The damping of these oscillations by Joule effect generates heat in the vicinity of 

the nanoparticles with a typical time scale of 10 ns,203 i.e. quasi instantaneously. Noble metal 

nanoparticles can thus be seen as efficient light-to-heat converters at the nano- and microscales 

and have paved the way for the development of a new field called “thermoplasmonics”.204 

Gold nanoparticles (AuNPs) are particularly interesting plasmonic structures since their 

plasmon resonance occurs in the visible range. More interestingly, the spectral location of this 

resonance can be tuned by changing the size and morphology of the particles.205 For instance, the 

excitation wavelength for gold nanospheres is typically around 530 nm (in the green), whereas it 

is red-shifted towards near infrared for gold nanorods (the shifting amplitude being roughly 

proportional to the aspect ratio of the nanoparticles).206 Gold nanorods are thus good candidates 

for biological applications of thermoplasmonics since the near infrared region is a “transparent” 

window for biological tissues (compared to the rest of the visible range).207 

 

For the last 15 years, many efforts have been made to design photo-responsive encapsulation 

systems based on thermoplasmonic properties. A first strategy has been focused on the 

photothermal destabilization of microcompartments doped with AuNPs. Upon thermoplasmonic 
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excitation, sufficiently high temperatures can be reached to trigger the rupture (or at least the 

poration) of the compartment membrane/shell as it has been demonstrated in liposomes208, 

polymersomes,209 or multi-layer polymer capsules.210,211 Another approach has been based on the 

change of permeability of the container induced by gold nano-heaters. For instance, the rise of 

temperature induced by irradiated AuNPs has been used to trigger glassy-to-rubbery transition in 

polyester microcapsules,212 therefore leading to a higher diffusion of the payload across the capsule 

shell. 

AuNPs have also been coupled with intrinsically thermo-responsive polymers in hybrid 

compartments. The first systems were based on LCST polymers, essentially on PNIPAM. Amstad 

et al. have designed a polymersome containing PNIPAM-based copolymers and AuNPs embedded 

in the membrane.170 Upon light irradiation, the heat generated by AuNPs triggers the hydrophilic-

to-hydrophobic thermal transition of PNIPAM blocks, resulting in destabilization and eventually 

rupture of the vesicle within a few minutes (Figure 2.21). Hybrid PNIPAM-AuNPs colloidal gels 

have also been designed, either by incorporation of AuNPs in preformed gels213 or by formation 

of the polymer network around AuNPs used as a template.214 In both cases, light irradiation was 

able to trigger the thermal collapse of the PNIPAM matrix and the subsequent release of molecules 

that were entrapped in the gel network (via a “sponge squishing” mechanism). PNIPAM-AuNPs 

hybrid nanogels were also used as photo-responsive gates in amorphous shells to modulate the 

permeability of polymer capsules upon light irradiation.215 In contrast, only a few examples of 

light-responsive nano-carriers combining UCST polymers and AuNPs have been proposed. Two 

examples of hybrid nano-assemblies have been published quite recently.216,217 In these systems, 

the delivery of pre-encapsulated content upon light irradiation was associated to the solubilization 

of the UCST polymer upon AuNPs heat generation. 
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Figure 2.21. Photo-responsive polymersomes based on thermo-plasmonic effects of gold nanoparticles (AuNPs). The 

membrane of the polymersomes is composed of a bilayer of PEG-b-PLA and PNIPAM-b-PLGA diblock copolymers, 

embedded with dodecylthiol-stabilized AuNPs. Upon light irradiation, AuNPs generate heat that trigger the thermal 

transition of PNIPAM blocks from hydrophilic to hydrophobic, leading to the destabilization of the polymersome 

membrane and the release of the pre-encapsulated content.170  

 

 

2.3.5 The issue of release in the second or sub-second range 

 

For some specific applications, the release of a high dose of bioactive molecules can be required 

to circumvent dilution effects that may occur upon delivery. It may be the case for the local 

activation of cell receptors or the local stimulation of neuron networks. For such applications, 

being able to deliver high amounts of molecules in a few ms can be advantageous to actuate 

biological targets with a high spatial resolution. Unfortunately, only a few systems have been 

designed to undergo on-demand burst release of their contents. This is essentially due to the fact 

that sudden structural changes in soft nano-containers are usually hindered by long relaxation times 

and/or multiple local reorganizations of the system. 

Note that the term of “burst release” should be used cautiously since, in the jargon of drug 

delivery, the “burst release effect” corresponds to a sudden and early release of a fraction of the 
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payload immediately after the introduction of the carriers in vivo, and by extension in any 

biological conditions.218 This “burst release effect” is not controlled and occurs accidentally at 

relatively short time scales and, most of the time, far from the biological targets. In addition, it 

leads to a loss of the payload and a shortening of the controlled release period. That is why many 

efforts have been made to reduce this undesired effect, mostly by tuning the structure and 

permeability of the encapsulating scaffold. In the following the notion of burst release will only 

refer to the on demand sudden release of pre-encapsulated content, i.e. voluntarily triggered upon 

precise stimulation 

 

Most of the effective burst-release systems have been based on the increase of the internal pressure 

of hollow containers until sudden rupture of their rigid membrane/shell. This mechanical effect 

can be mediated by the formation of gas bubbles in liquid cores, either by ultrasound-induced 

evaporation of a volatile solvent (such as perfluoroalkanes),219 or by light-induced production of 

CO2 from photo-degradable molecules.202 Another approach consists in increasing the internal 

osmotic pressure by generating high concentrations of solutes in the core, as previously mentioned 

in section 2.3.3. For instance photo-degradable molecules have been loaded in the core of 

liposomes220 or polymersomes201 to induce the rupture of the membrane upon light irradiation in 

less than 1 s (Figure 2.22). As an alternative to photo-stimulation, Zhang et al. showed that 

asymmetric polymer capsules can undergo rapid shell fracturing when placed in hypotonic 

conditions, as a consequence of water infiltration through the thinnest part of the shell wall.221 
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Figure 2.22. a) Light-induced rupture of polymersome membrane by sudden increase of internal osmotic pressure 

triggered by photo-degradation of encapsulation light-sensitive molecules. b) Photocleavage of coumarin derivative 

under irradiation and corresponding absorption spectrum in aqueous solution before (solid line) and after (dashed line) 

30 min of irradiation at 365 nm. c) Confocal observation of a coumarin-loaded GUV (green channel, emission range 

of coumarin, 485 nm). The vesicle undergoes fast (few milliseconds) rupture upon 50-mW irradiation at 405 nm (scale 

bar = 10 mm).201 

 

On-demand burst release can also be induced by an intrinsic perturbation of the polymer structure 

of the container upon external stimulus. Mabrouk and al. showed that polymersomes containing 

azobenzene-based liquid crystal moieties can experience a burst curling of the membrane in less 

than 1 s upon light irradiation.193 This process is induced by a dramatic change in the membrane 

curvature induced by the photo-isomerization of the azobenzene moieties. Hybrid polymersomes 

combining AuNPs and thermoresponsive polymers such as PNIPAM can also undergo rapid 

disassembly upon plasmonic resonance of AuNPs.170 

 

The previous examples highlight the fact that light is an optimal trigger for controlled burst release 

since the stimulation is instantaneous. The efficiency of the bursting is then only dictated by the 

responsiveness of the chemical components of the nanocontainer. In this context, vesicles turned 
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out to be the most efficient systems since a small mechanical perturbation of the membrane can 

lead to a dramatic disruption of the entire structure in short time scales, typically below 1 s. 

Alternative systems relying on temperature or pH triggering have also been proposed for rapid 

release but were less efficient in term of temporal response than light-sensitive systems.222,223  

To the best of our knowledge, this issue of controlled burst release has not been extensively 

explored for protein delivery. However, the sudden release of high amounts of proteins may be 

interesting in many biological applications. For instance, the delivery of neuropeptides at specific 

neuronal interfaces with a high spatio-temporal control may be helpful to decipher certain neuronal 

pathways. This issue of controlled burst release of proteins combines two challenges that have 

been mentioned throughout this chapter: the encapsulation of proteins without altering their 

stability, and their on demand release in the sub-second range. 

 

2.4 Objective of the PhD work 

 

The objective of this PhD work was to develop a chemical platform to design stimuli-responsive 

and functional polymer capsules suitable for the versatile encapsulation and on demand (including 

burst) release of proteins or other fragile biomacromolecules. Regarding the state of the art 

presented in this work, we could imagine a promising formulation approach. 

To limit potentially undesired interactions between the proteins and the container scaffold, 

reservoir-like structures with an aqueous core should be favored. Along this line, we decided to 

focus on aqueous-core polymer capsules. The use of chemical reactions should be limited during 

the formation of the capsule shell to avoid potential degradation of the payloads. For that purpose, 

the self-assembly of preformed polymer chains is an interesting approach and we decided to 

explore the strategy of interfacial complexation. The diversity of the polymer chains that can be 

used in interfacial complexation is also an advantage towards the design of functional, especially 

stimuli-responsive, capsules. 

The formulation of aqueous-core polymer capsules by interfacial complexation requires 

emulsion droplets as a template. As previously mentioned, the presence of organic solvents in 

water-in-oil emulsions can induce interfacial aggregation of the proteins that can impair their 
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biological activity. The use of water-in-water emulsions is interesting but may suffer from 

encapsulation yield limitations due to partitioning issues between the two aqueous phases. As an 

alternative, the use of perfluorinated oils (PFO) as the continuous phase of water-in-oil emulsions 

is a promising approach for several reasons: first, as aqueous and hydrocarbon species show an 

extremely poor solubility in PFO,224 the issue of phase partitioning as well as molecular cross-

talks between droplets are limited in water-in-PCO emulsions,225,226 suggesting that high yields of 

encapsulation may be achieved in the aqueous core of the capsules. Second, PFO are more 

biocompatible than their hydrocarbon analogs.227,228 Fluorinated solvents have even been 

considered as promising candidates for the design of artificial blood substitutes, thanks to their 

high capacity to solubilize oxygen.229 Issues of protein aggregation at water/PFO interfaces have 

been addressed and partially solved with the utilization of suitable fluorinated surfactants.230–232 

Finally, PFO are compatible with the microfluidic technologies, especially with poly(dimethyl 

siloxane) (PDMS) devices as they do not induce PDMS swelling contrary to common hydrocarbon 

oils. The phenomenon of interfacial complexation in water-in-PFO has not been extensively 

studied for the design of polymer capsules and we proposed to explore this strategy in the following 

chapters. 
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3  

 

Chapter 3 

Formation of stimuli-responsive polymer 

shells by interfacial complexation: the 

case of poly(N-isopropylacrylamide) 

shells 

 

 

 

 

Note: This chapter contains results that have been published in the following peer-reviewed article: 

L. Sixdenier, C. Tribet, E. Marie. Emulsion-Templated Poly(N-Isopropylacrylamide) Shells Formed by Thermo-

Enhanced Interfacial Complexation. Adv. Funct. Mater. 2021, 2105490. https://doi.org/10.1002/adfm.202105490 

To clarify the research approach and to make the results more comprehensive for a PhD manuscript, the content of 

this article has been reorganized and enriched with complementary and non-published results. 

https://doi.org/10.1002/adfm.202105490


56 

 

  



57 

 

3.1 Introduction 

 

According to the specifications set at the end of Chapter 2, we will describe in this Chapter the 

experimental approach that we developed to design stimuli-responsive polymer microcapsules by 

interfacial complexation in water-in-perfluorocarbon oil (PFO) emulsions. 

Interfacial complexation in water-in-PFO has not been extensively explored but has been 

well characterized in a representative system by DeJournette et al.233 They evidenced the formation 

of a complex layer by polymer-surfactant interfacial complexation at the edge of water droplets 

between a water-soluble diamine (Jeffamine) and a PFO-soluble macrosurfactant (a carboxylate-

terminated perfluoro-PEG called Krytox) (Figure 3.1). The tight interactions between Jeffamine 

and Krytox were evidenced at the molecular level (using FT-IR spectroscopy, mass spectrometry 

and NMR) and in operando at the water/oil interface in inverse emulsion (using fluorescence 

microscopy). These interfacial interactions are likely due to a combination of electrostatic and 

hydrogen bonding between amino groups of the polyamine and carboxylic groups of Krytox, as 

previously described by O’Neal and al. on analogous systems.234,235  

 

 

Figure 3.1. Interfacial complexation in water-in-perfluorocarbon oil emulsion between a cationic diamine (Jeffamine 

ED 900) present in water droplets an anionic surfactant (Krytox 157 FSH) present in the continuous oil phase.233 
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More recently, Abell and co-workers used a similar polymer-surfactant interfacial complexation 

between a cationic polymer and Krytox to favor the formation of supramolecular microcapsules. 

They showed that interfacial complexation enables to increase the concentration of the polycation 

at the water/PFO interface and subsequently to favor supramolecular cross-linking of adjacent 

chains by cucurbituril units to form thin hydrogel shells (Figure 3.2).236,237 

 

 

 

Figure 3.2. Formation of supramolecular hydrogel microcapsules by host-guest cross-linking between anthracene-

functionalized hydroxyethyl cellulose (Ant-HEC) and cucurbit[8]uril (CB[8]) units. The cross-linking is enabled by 

an increase of the Ant-HEC concentration at the interface of a water-in-PFO emulsions via interfacial complexation 

between cationic Ant-HEC in water and anionic Krytox in FC-40 PFO.237 

 

Inspired by these examples, we decided to implement polymer-surfactant interfacial 

complexation in water-in-PFO emulsions between cationic poly(L-lysine) (PLL) – which is 

nothing else than a polyamine – and anionic Krytox. PLL has the advantage to be bio-compatible 

and to be easily functionalizable by reactions involving its side amino groups, giving access to a 

wide library of PLL-based functional polymers.238 In a first approach, we prepared a LCST 

derivative of this polymer by grafting PNIPAM strands onto PLL backbone. We demonstrated that 

the resulting PLL-g-PNIPAM leads to the formation of thermo-responsive shells at the surface of 

water droplet in water-in-PFO emulsions 
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3.2 Evidence for interfacial complexation of PLL comb-like 

derivatives in water-in-fluorocarbon oil emulsions 

 

3.2.1 Measurement of water/oil interfacial tension by the rising drop 

method 

 

As a complement of the experimental evidence of polyamine-Krytox interactions reported by 

DeJournette and O’Neal, we proposed to specifically reveal the PLL/Krytox complexation by 

interfacial tension measurements. To be close to the experimental conditions of an inverse 

emulsion, a water droplet containing PLL was grown in a bath of fluorocarbon oil containing 

Krytox and the water/oil interfacial tension was deduced from the shape of the droplet. Since the 

aqueous phase is less dense than the oil phase (density 1.0 vs 1.9), the experiments were performed 

using the rising droplet configuration (Figure 3.3.A). 

The complexation between cationic amino groups of PLL and anionic carboxylate groups 

of Krytox is expected to occur at the surface of the droplet as the Krytox molecules may 

deprotonate at the contact with water. Note that in bulk fluorocarbon oil, Krytox molecules are 

likely under the form of dimers connected via hydrogen bonds between carboxylic acid groups, as 

it has been previously reported for other perfluoro-carboxylic acids in fluorinated solvents.239 This 

is likely due to the commonly low solubility of H+ in fluorinated solvents and to the low basicity 

of fluorinated amines such as the constituents of the FC-40 oil.240 Having that in mind and in order 

to limit the complexity of the schematics, Krytox molecules will always be represented under its 

deprotonated form – even in bulk oil – in the schematics of this manuscript, as in Figure 3.3.A. 
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Figure 3.3. Water/oil interfacial tension measurements using the rising drop method. A) Schematics of the rising drop 

configuration in the case of interfacial complexation between PLL present in the water droplet and Krytox surfactant 

molecules present in the continuous oil phase. B) Evolution of the water/oil interfacial tension as a function of the 

Krytox concentration in the oil for different PLL concentrations in water (error bars = standard errors on 6 droplets 

per condition). The dashed lines are guides for the eyes. C) Representative images of rising droplets for the conditions 

indicated with a letter in the graph. 

 

Figure 3.3.B shows the evolution of the water/oil interfacial tension as a function of the 

Krytox concentration in oil for a given PLL concentration in water. The dashed lines are arbitrary 

guides for the eyes and are not fitting curves taken from any theoretical models. 
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For droplets containing pure water, the water/oil interfacial tension was constant around 37 

mN/m for Krytox concentrations below 0.04 wt% in the oil phase, and showed a slight decrease 

to ~ 30 mN/m for Krytox concentrations higher than 0.05 wt%. Considering these raw data, a 

critical micellar concentration (CMC) of 0.05 wt% for Krytox in FC-40 may be deduced, i.e. 200 

µM considering a molar mass of 2.5 kDa for Krytox 157 FSL. However, considering the 

experimental limitations for the measurement of the interfacial tension (see Appendix A), this 

value of CMC should be taken with caution.  

In her PhD manuscript, Birte Riechers reported the same experimental issues concerning 

the reliability of water/fluorocarbon oil interfacial tension measurements using the pendant drop 

method.241 As an alternative, she used the Wilhelmy plate method to measure more precisely the 

CMC of Krytox and eventually found a value of 4 µM,242 i.e. 0.001 wt% considering a molar mass 

of 2.5 kDa for 157 FSL Krytox. This value is 50 times lower than the approximate value we 

obtained with the rising drop method. Note that Riecher used a different fluorinated oil (NovecTM 

7500 instead of FluorinertTM FC-40), what could partially explain the discrepancy in the CMC 

ranges.  

As a complement, Wagner et al. measured the CMC of Krytox derivatives for which the 

polar head was functionalized with different linear polyglycerol moieties232. The pendant drop 

method gave CMC values between 0.01 and 0.05 wt%, what is more consistent with our result. 

Nevertheless, the experimental conditions in Wagner’s work were different from ours as (i) the 

measurements were performed using the pendant (and not rising) drop method for which the 

phases are inverted (an oil droplet is suspended in a water bath), and (ii) the fluorinated oil was 

different (Novec 7500 instead of FC-40) and (iii) the chemical modification of Krytox polar head 

can drastically change the adsorption properties of the surfactant.  

Considering all the variations in the experimental approaches, the comparison between all 

the CMC values must be taken cautiously and we will conclude this discussion saying that the 

Krytox CMC is probably below 0.05 wt% in FC-40 and analogous fluorinated oil (such as FC-70). 

 

When PLL was added in the aqueous phase, the evolution of the interfacial tension with 

the Krytox concentration was significantly different from pure water. The interfacial tension fell 

quickly from 50 mN/m in pure oil to 10 mN/m in oil containing 0.04 wt% Krytox, and that for all 
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the PLL concentrations tested (in the 0.1-0.5 wt% range). The first remarkable observation is that 

the interfacial tension in pure oil is higher for PLL solutions compared to pure water (53 vs 37 

mN/m), likely because PLL participates to the hydrogen-bond network within the aqueous phase, 

thus contributing to increase the energetic cost of creating water/oil interface.  

As soon as Krytox is present in the oil phase, the interfacial tension drastically decreases, 

suggesting that a strong PLL/Krytox interaction developed across the water/oil interface. From a 

Krytox concentration of 0.02 wt% and above, the stabilization of the droplets (before release) was 

particularly arduous due to the low interfacial tension (see droplet (c) in Figure 3.3.B). At 

concentration higher than 0.04 wt% the formation of well-defined droplets was even impossible 

as the oil phase was forming a quasi-continuous flow out of the needle upon injection. This 

qualitative observation confirms the significant decrease of interfacial tension when more than 

0.05 wt% of Krytox was added in the oil phase. The dashed lines used in the graph of Figure 3.3.A 

do not correspond to any theoretical fit but arbitrarily indicates the drastic diminution of the 

interfacial tension, probably plateauing around 5 mN/m at higher Krytox concentration. This 

observation qualitatively supports the idea of a tight interfacial complexation between PLL and 

Krytox in emulsion-like configuration, as previously described in the introduction of the section. 

 

By taking advantage of the PLL/Krytox complexation across water/oil interfaces, we 

proposed to form polymer shells at the surface of water droplets by modifying the PLL backbone 

with polymer chains of interest. The synthesis of PLL derivatives is the subject of the next section. 

 

3.2.2 Synthesis of PLL comb-like derivatives: PLL-g-PNIPAM and PLL-

g-PEG 

 

Given the propensity of PLL to adsorb at the water/oil interface when combined with Krytox, we 

decided to implement interfacial complexation with PLL derivatives in order to create functional 

polymer layers at the surface of water droplets dispersed in the oil. We were particularly interested 

in developing thermo-responsive polymer shells in this inverse emulsion configuration as they can 

be seen as precursors of aqueous-core polymer capsules for controlled delivery upon temperature 
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changes. In a first approach, the strategy was tested and optimized with the LCST-type PNIPAM. 

The idea was to graft PNIPAM chains onto PLL and to accumulate the so-formed copolymer at 

the surface of water droplets by interfacial complexation of the PLL backbone with Krytox. The 

expected result was the formation of droplet-templated PNIPAM shells that can change of 

physicochemical properties upon heating. 

 

We took advantage of the presence of side amine groups on PLL to easily design comb-like 

copolymers by the “grafting to” strategy. As amine groups can be involved in nucleophilic addition 

on activated ester groups, we used PNIPAM chains terminated with a highly reactive N-

hydroxysuccinimide (NHS) ester to promote the formation of amide bonds between PLL and 

PNIPAM. The resulting comb-like copolymer comprising a PLL backbone and PNIPAM 

macrografts was denoted PLL-g-PNIPAM. Its architecture is represented in Figure 3.4. The same 

strategy was adopted to graft PEG chains on PLL, resulting in a PLL-g-PEG comb-like copolymer. 

As PEG chains are hydrophilic and non-thermoresponsive, PLL-g-PEG was used as a “control” 

during the characterization of PLL-g-PNIPAM. 
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Figure 3.4. Chemical structure of the poly(L-lysine)-g-poly(N-isopropylacrylamide) (PLL-g-PNIPAM) and poly(L-

lysine)-g-poly(ethylene glycol) (PLL-g-PEG) comb-like copolymers used in this chapter. The grafting approach was 

based on the formation of amide bonds between side amines of PLL and N-hydroxysuccinimide-activated esters 

(NHS) terminating the polymer strands to graft. 

 

Note that the number of repeat units have not been specified in the polymer structures represented 

in Figure 3.4, especially because a repeat unit is not easy to define in a randomly grafted comb-

like copolymer. The exact composition of the comb-like derivatives is detailed in the following: 

the backbone was made of a polydisperse PLL from Sigma-Aldrich with a molar mass of 15-30 

kDa (72-144 lysine units/chain), the mean mass being 22 kDa (105 lysine units/chain). Both 

PNIPAM and PEG macrografts had a molar mass of 2 kDa (72 NIPAM units/chain for PNIPAM 

and 144 EG units/chain for PEG). The grafting ratio was typically of 0.20 for the two comb-like 

copolymers, meaning that around 1/5 of the lysine units were functionalized with a macrograft 

(see Appendix A). 
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During the synthesis of PLL comb-like derivatives, a fluorophore containing an NHS-ester 

reactive group could be added to label the PLL backbone. This dye-functionalization was used to 

localize the polymer in emulsion and to characterize its properties by fluorescence imaging, 

especially with confocal microscopy. Two different fluorophores were used (Figure 3.5): a 

carboxy-X-rhodamine (simplified to “rhodamine”) and a diethylamino-coumarin (simplified to 

“coumarin”). The first one absorbs in the yellow range (575 nm) and emits in the orange range 

(600 nm), the second absorbs in the dark blue range (445 nm) and emits in the light blue range 

(482 nm). 

 

 

Figure 3.5. Chemical structure of the rhodamine and coumarin fluorophores covalently attached to PLL derivatives 

for confocal imaging. Rhodamine-NHS = 5(6)-carboxy-X-rhodamine N-succinimidyl ester, coumarin-NHS = 7-

(diethylamino)coumarin-3-carboxylic acid N-succinimidyl ester. 

 

For some control experiments, free PNIPAM chains (non-grafted on PLL) were used in the 

aqueous phase of the emulsions. In order to localize these chains by fluorescence microscopy, they 

were also functionalized with a fluorophore. This labeling was performed by strain-promoted 

azide–alkyne cycloaddition (a “click chemistry” technique) between azide-terminated PNIPAM 

chains (Mw = 5 kDa, Sigma-Aldrich) and dibenzocyclooctyne-cyanine 3 (DBCO-Cy3, Sigma-

Aldrich). The Cy3 fluorophore absorbs in the green-yellow range (553 nm) and emits in the yellow 

range (569 nm). 

 

 Before considering the possibility to form thermo-responsive polymer capsules made of 

PLL-g-PNIPAM, the first step was to verify if interfacial complexation can be implemented 

between the PLL comb-like derivatives and Krytox in water-in-oil emulsions. This is the object of 

the next sections. 
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3.2.3 Stabilization of water-in-oil emulsions by interfacial complexation 

of PLL derivatives 

 

The effectivity of interfacial complexation between PLL comb-like derivatives and Krytox was 

directly assessed in operando in water-in-oil emulsions. All these experiments have been carried 

out with PLL-g-PNIPAM as a representative type of PLL comb-like derivatives. We qualitatively 

compared the stability of emulsions with and without PLL-g-PNIPAM in the aqueous phase to 

evidence the formation of polymer/surfactant complexes across the water/oil interface. 

In this experiment, as well as through all this Chapter, the water-in-oil emulsions were 

obtained as follows: 5 µL of aqueous phase were manually emulsified in 95 µL of oil phase in a 

0.5 mL Eppendorf tube. If not otherwise noticed, the aqueous phase was prepared in a 7.7 mM 

phosphate buffer at pH = 7.3 (see Appendix A) and the oil phase was composed of FC-70 

perfluorocarbon oil containing Krytox.  

To assess the role of interfacial complexation in the stability of the emulsions, two 

emulsions were compared: E1 containing 1 wt% of coumarin-labeled PLL-g-PNIPAM in the 

aqueous phase and E2 containing no PLL-g-PNIPAM but 50 µM of free coumarin in the aqueous 

phase, both with 0.03 wt% of Krytox in the oil phase. The coumarin staining of both aqueous 

phases was used to better distinguish the two phases under UV light. 

Figure 3.6 shows the aspect of both emulsions under UV light, a few seconds after 

emulsification. Directly after emulsification both samples became turbid, indicating the formation 

of an emulsion. Since the aqueous phase is less dense than the oil phase, the water droplets rapidly 

creamed on top of the oil phase. For E1 the homogenous turbidity was recovered upon gentle 

stirring of the sample. This easy redispersion of the water droplets is an indication of the stability 

of the emulsion. For E2, additionally to the creaming process, signs of demixing were observed a 

few seconds after emulsification. An aqueous supernatant rapidly appeared on top of the oil phase 

and could not be readily redispersed upon gentle stirring, suggesting that the water droplets were 
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strongly subject to coalescence. The difference in stability between E1 and E2 was highlighted 

under UV light thanks to the coumarin-staining of the aqueous phase (see Figure 3.6.B and C). 

 

 

Figure 3.6. Stability of water-in-oil emulsions in the presence or absence of 1 wt% of PLL-g-PNIPAM in the aqueous 

phase (emulsion E1 and E2 respectively). For both emulsions, the oil phase contains 0.03 wt% of Krytox. A) 

Schematic representation of the PLL-g-PNIPAM copolymer and the Krytox surfactant. B) Emulsion E1: in the 

presence PLL-g-PNIPAM in water, a stable emulsion was formed as indicated by its uniform turbidity under UV light 

(the fluorescence is due to the coumarin-labeling of the polymer). C) Emulsion E2: In the absence of PLL-g-PNIPAM, 

the water droplets formed upon emulsification rapidly creamed and coalesced, leading to the destabilization of the 

emulsion as highlighted under UV light (the fluorescence is due to free coumarin added in water for staining). 

 

The high stability observed in E1 compared to E2 can be attributed to the formation of tight 

interactions between PLL and Krytox across the water/oil interface. As previously described in 
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section 3.2.1, this interfacial complexation is responsible for a sharp decrease of the water/oil 

interfacial tension and thus facilitates the dispersion and stabilization of the water droplets in the 

fluorocarbon oil. 

 

3.3 Microscopy imaging of emulsions 

 

3.3.1 Stability of emulsions injected in capillary for microscopy 

experiments 

 

Microscopy imaging was performed on emulsions entrapped in a rectangle glass capillary. This 

device has been preferred to classical slide mounting to avoid any mechanical breakage of the 

droplets during sample preparation or any hydrodynamic flows that could destabilize the 

emulsions during the observation. Since PLL derivatives are positively charged in relevant 

experimental conditions, they may spontaneously and strongly adsorb onto anionic surfaces 

including bare glass.238,243,244 To prevent PLL derivatives present in the water droplets from 

adsorbing on the capillary sides, a surface treatment of the capillary was performed prior to the 

injection of the sample emulsion. Taking advantage of the adsorption properties of PLL, a solution 

of PLL-g-PEG was injected and dried in the capillary to form a “cushioning” monolayer on the 

internal surface of the capillary. The presence of PEG strands pointing out of the surface would 

thus prevent any breakage of the water droplets due to the adsorption of PLL derivatives used in 

emulsion.  

An emulsion containing 2 wt% of PLL-g-PNIPAM in the aqueous phase and 0.05 wt% of 

Krytox in the oil phase was prepared as described in section 3.2.3, and injected either in a bare 

glass capillary or in a glass capillary previously coated with PLL-g-PEG. As the aqueous phase is 

less dense than the oil phase, the water droplets are expected to be in contact with the upper internal 

side of the capillary. Figure 3.7 shows bright field micrographs of the emulsion in the two 

capillaries and a schematics representation of the situation on side view. For the bare capillary, the 

droplets have essentially popped and spread at the contact with the capillary side. The affinity of 
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PLL-g-PNIPAM present in the droplets for the bare glass surface probably favored the disruption 

of the water/oil interface at the contact with the capillary, leading to the destabilization of the 

emulsion (see Figure 3.7.A). In opposition, in PLL-g-PEG-coated capillary, intact spherical 

droplets lying onto the upper internal side of the capillary can be observed (see Figure 3.7.B). The 

PLL-g-PNIPAM monolayer previously adsorbed on the capillary surface probably acts as a 

“cushion” that keep the droplets out of direct contact with the glass substrate. The formation of a 

thin oil layer between the water droplets and the hydrophilic brush of PEG strands enhances the 

stability of the emulsion once injected in the capillary. 

As the PLL-g-PEG coating of the capillary preserves the stability of the emulsions, this 

treatment was used for all the samples that were observed by microscopy. 

 

 

Figure 3.7. Effect of the capillary coating on the stability of an injected emulsion containing 2 wt% of PLL-g-

PNIPAM in the aqueous phase and 0.05 wt% of Krytox in the oil phase. Bright field micrographs (scale bars = 30 

µm) and a schematics representation of the samples are shown for the bare capillary (A) and for the capillary 

previously treated with PLL-g-PEG (B). The PLL-g-PEG coating is represented by the monolayer of comb-like 

molecules in the schematics of the treated capillary. For more readability, PLL-g-PNIPAM and Krytox molecules 

have not been represented in the emulsion. 

 

To evaluate the stability of the emulsion once injected in a capillary, micrographs were taken every 

hour for 5h. The micrographs were taken in the phase contrast mode to highlight the edges of the 
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droplets (see Figure 3.8). No bursting or coalescence events were noticed in the sample during the 

5h of incubation, suggesting that the emulsion remains intact at least at the times scale of 

microscopy experiments. 

 

 

Figure 3.8. Phase contrast micrographs over time of a water-in-oil emulsion with 2 wt% of  

PLL-g-PNIPAM in the aqueous phase and 0.05 wt% of Krytox in the oil phase (scale bar = 30 µm). The emulsion has 

been injected in a PLL-g-PEG-coated glass capillary. 

 

3.3.2 Confocal microscopy on emulsions and evidence for the formation 

of polymer shells by interfacial complexation 

 

Confocal laser scanning microscopy has the great advantage to provide high spatial 

resolution (in the micron range) within the sample thickness that would allow to probe the 

equatorial plane of the water droplets and thus to image the physico-chemical processes taking 

place inside the droplets, and especially at the inner surface. First, confocal imaging was used to 
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evaluate the effectivity of surfactant-polymer interfacial complexation by comparing the 

distribution of fluorophore-labeled PLL-g-PNIPAM and free PNIPAM chains (non-grafted on 

PLL) in droplets. 

The emulsions were prepared as described in section 3.2.3. Briefly, 5 µL of aqueous phase 

containing either 3 wt% of rhodamine-labeled PLL-g-PNIPAM or 2.5 wt% Cy3-labeled were 

emulsified manually in 95 µL of oil phase containing 0.05 wt% Krytox. Then the emulsion was 

injected in a glass capillary treated with PLL-g-PEG. The resulting emulsions were observed in 

confocal microscopy (see Figure 3.9). 
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Figure 3.9. Formulation of water-in-oil emulsions with free PNIPAM chains or PLL-g-PNIPAM copolymer in the 

aqueous phase and Krytox surfactant in the oil phase. A) Schematics of the emulsion and the expected distribution of 

polymer species inside water droplets. B) Confocal micrographs of emulsions containing either 2.5 wt% of Cy3-

labeled free PNIPAM chains (left) or 3 wt% of rhodamine-labeled PLL-g-PNIPAM (right) in the aqueous phase (scale 

= 20 µm). C) Fluorescence radial profiles of the droplets encircled in white in the micrographs. 
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In the emulsion containing 3 wt% of rhodamine-labeled PLL-g-PNIPAM and 0.05 wt% Krytox, 

the fluorescence of rhodamine was essentially localized at the edge of the water droplets, i.e. at the 

water/oil interface, as shown in Figure 3.9.B. In contrast, the fluorescence of Cy3-labeled 

PNIPAM free chains (in the absence of PLL) was homogenously distributed in the core of the 

water droplets (see Figure 3.9.B). The difference of distribution between free PNIPAM and PLL-

g-PNIPAM is highlighted in the radial fluorescence profiles (see Figure 3.9.C), with a sharp peak 

localized at the droplet edge for PLL-g-PNIPAM and a uniform level of fluorescence within the 

droplet core for free PNIPAM. The higher density of PLL-g-PNIPAM at the interfaces (as 

compared to both the droplet cores and the continuous oil phase) is indicative of the formation of 

an interfacial polymer layer by complexation between cationic PLL and anionic Krytox across the 

interface. Conversely, free PNIPAM chains were neutral and could not be involved in interfacial 

electrostatic complexation. As consequence, no accumulation of free PNIPAM was observed at 

the inner surface of the water droplets. Thus, confocal imaging gives visual evidence of 

PLL/Krytox interfacial complexation in emulsion and suggests that this process can be used to 

accumulate PNIPAM chains at the surface of water droplets. 

 

For our confocal experiments, we worked at relatively low magnification (x 20) to image our 

emulsions with a large field of view and characterize a high number of droplets at the same time. 

In these conditions, the imaging of small objects (typically lower than 10 µm) was limited by the 

optical resolution. In the case of droplets containing rhodamine-labeled PLL-g-PNIPAM, the 

fluorescent corona could not be distinguished at the periphery of droplets smaller than 10 µm in 

diameter. Instead, the fluorescence signal appeared uniform in the whole droplets because of a lack 

of resolution. As a consequence, the analysis of all the physico-chemical processes relying on 

fluorescence signal was restricted to droplets bigger than 10 µm in diameter. Figure 3.10 shows 

the distribution of droplet size based on the measurement of 130 droplets from the emulsion 

containing 3 wt% of rhodamine-labeled PLL-g-PNIPAM showed in Figure 3.9 and used as a 

representative sample of manually-prepared emulsion. Almost 2/3 of the droplets have a diameter 

smaller than 10 µm. Consequently, image analysis was performed on the other 1/3 of the sample. 
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Figure 3.10. Droplet size distribution for 130 droplets of the emulsion containing 3 wt% of PLL-g-PNIPAM showed 

in Figure 3.9. The solid line corresponds to a lognormal fit. 

 

3.4 Characterization of PLL-g-PNIPAM shells formed by 

interfacial complexation 

 

3.4.1 Optimization of the formulation and observation of well-formed 

polymer capsules 

 

For each batch of PLL derivatives, the Krytox/PLL-g-PNIPAM concentration ratio was adjusted 

to achieve an optimal deposition of PLL-g-PNIPAM at the droplet surface by interfacial 

complexation, evidenced by (i) the stability of the emulsion and (ii) the formation of a fluorescent 

layer of PLL-g-PNIPAM at the droplet periphery. This optimization is illustrated in Figure 3.11 

in the case of a coumarin-labeled PLL-g-PNIPAM. 
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Figure 3.11. Partial formulation diagram of water-in-oil emulsions injected in a glass capillary and imaged 

by confocal microscopy (scale bar = 50 µm). PLL-g-PNIPAM was labeled with coumarin (in red) for 

fluorescence imaging. 

At low Krytox concentration (typically ≤ 0.01 wt%) the coalescence of droplets onto the capillary 

side revealed that the surfactant concentration was insufficient to stabilize the water droplets. At 

high Krytox concentration (typically ≥ 0.05 wt%), the fluorescence of coumarin-labeled PLL-g-

PNIPAM was essentially observed in the continuous phase, indicating a massive extraction of 

polymer chains in the oil phase. As pure fluorocarbon oils do not solubilize the hydrophilic 

hydrocarbon-based PLL derivatives, this observation suggests that the dispersion of these 

hydrophilic compounds in the oil was mediated by excess Krytox, likely under the form of inverse 

micelles.245,246 

At intermediate Krytox concentration (typically 0.03 wt%), fluorescence micrographs 

showed a bright corona of PLL-g-PNIPAM localized at the droplet edges and negligible 

fluorescence in the oil. This observation is consistent with a process of interfacial complexation 

where the PLL-g-PNIPAM copolymer is attracted towards the interface upon the formation of 

coulombic complexes with Krytox as schematized in Figure 3.9. At high amount of polymer in 
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the aqueous phase (typically ≥ 5 wt%), the interface was saturated in PLL-g-PNIPAM, and excess 

polymer chains remained soluble within the droplet core, leading to a low fluorescence contrast 

between the edge and the core of the droplets. Because of the excessive amount of internal polymer 

content, this condition was not suitable for the formation of hollow polymer capsules. 

 

In addition, Scanning Electron Microscopy (SEM) imaging was performed to visualize the 

interface at a higher resolution and to determine the influence of the formulation on the capsules. 

SEM imaging was performed on 5 µL of emulsion dried on a glass coverslip for three days at 

ambient air. Prior to imaging, the dried capsules were metalized by deposition of a 30-nm thin 

layer of Ag using an Emitech K675X Sputter Coater (Ag sputtering for 60 s at 120 mA). SEM 

images were recorded with a Hitachi TM3030 Tabletop Microscope at 15kV accelerating voltage. 

Figure 3.12 shows SEM images of microcapsules prepared from an emulsion containing 1 

wt% of either PLL-g-PNIPAM or PLL-g-PEG in the aqueous phase. 

 

 

Figure 3.12. Scanning Electron Microscopy (SEM) imaging of dried emulsion showing the effective formation of 

polymer capsules by interfacial complexation. A) SEM micrographs of dried emulsions with 1 %wt of PLL-g-
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PNIPAM or PLL-g-PEG in the aqueous phase and 0.05 wt% of Krytox in the oil phase (scale bars = 20 µm). B) 

Thickness profiles of the shell folds indicated by colored arrows in the micrographs and giving an estimation of twice 

the apparent thickness of the capsule shells (as the folds are presumably formed by the collapse of two shell layers). 

 

SEM images on dried emulsions reveal the presence of hollow microcapsules, suggesting 

that drying-resistant polymer layers were initially formed at the periphery of the droplets. This 

result confirms that interfacial complexation is an effective technique for the formation of polymer 

capsules using an emulsion as a template. Their flattened aspect – presumably due to membrane 

collapsing during the drying step – allows for an estimate of the shell wall thickness, which is 

typically of 0.6 - 0.8 µm (the apparent thickness of a collapsed membrane being assumed to 

correspond to two stacked membrane layers, see Figure 3.12.B). 

Figure 3.13 details the influence of the polymer and Krytox concentrations on the capsule 

morphologies observed by SEM in the case of PLL-g-PNIPAM. 
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Figure 3.13. Influence of the PLL-g-PNIPAM and Krytox concentrations on the structure of PLL-g-PNIPAM capsules 

formed by interfacial complexation. A) SEM micrographs of dried emulsions containing 1 wt% of PLL-g-PNIPAM 

in the aqueous phase and an increasing concentration of Krytox in the oil phase. B) SEM micrographs of dried 

emulsions containing 0.05 wt% of Krytox in the oil phase and an increasing concentration of PLL-g-PNIPAM in the 

aqueous phase. 

 

Figure 3.13.A shows that the concentration of Krytox has to be balanced to readily stabilize 

well-defined polymer capsules by interfacial complexation (at a fixed polymer concentration). At 

0.05 wt% Krytox concentration, microcapsules can be observed with a typical 1 µm-thick shell 

wall. Their flattened aspect presumably comes from the drying step. At lower Krytox concentration 

(typically 0.01 wt%), no capsules were formed as not enough surfactant is present to trigger SPIC. 

At higher Krytox concentration (typically 0.10 wt%), a messy phase composed of intertwined 



79 

 

capsular structures, small aggregates and filaments was observed. The complexity of this phase 

and the low number of well-defined individual capsules suggests that the polymer was not 

distributed at the surface of the droplets in the initial emulsion but may have been extracted into 

the continuous oil phase by the excess of Krytox, which agrees with the high fluorescence level 

observed in the oil phase in the formulation diagram in Figure 3.11. 

Figure 3.13.B shows the evolution of the capsule morphology with the concentration of 

PLL-g-PNIPAM in the aqueous phase, at a fixed concentration of Krytox in the oil phase. At 0.2 

wt% in polymer no rigid capsules were formed, and some circular spots observed in SEM suggest 

that the droplets were not stable to drying. At 1 and 2 wt%, micrometer capsules were obtained 

with a typical shell wall thickness of ~ 1 µm. At 5 wt%, filled nanoparticles were obtained instead 

of hollow capsules, suggesting that the high amount of polymer chains inside the droplets leads to 

a bulky polymer mesh that may hinder the polymer accumulation at the interface. 

 

3.4.2 Quantification of the polymer surface excess from fluorescence 

measurements 

 

The previous results obtained by confocal imaging provided qualitative arguments in favor of the 

formation of a polymer shell by interfacial complexation but did not give any quantitative results 

concerning the fraction of polymer involved in the interfacial layer or the residual fraction of 

polymer that remained soluble in the core of the droplets. To access this type of information, we 

implemented a robust and reliable quantification method based on the measurement of the intrinsic 

fluorescence of dye-labeled PLL derivatives. 

Taking advantage of the Beer-Lambert law relating fluorescence intensity to polymer 

concentration in solution, we determined the concentration in soluble polymer chains that were 

not involved in interfacial complexation by measuring the core fluorescence of the droplets. Once 

this residual polymer concentration in core was obtained, the fraction of polymer recruited in the 

interfacial layer was calculated as being equal to the loss of the soluble polymer amount. Finally, 

this fraction of interfacial polymer was converted in surface excess via the normalization by the 

droplet interfacial area. 
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Raw values of fluorescence were however biased by optical effect of droplet curvature 

since the water/oil interface can deviate the light beam of the microscope. To account for this 

optical bias, the core fluorescence of dye-labeled PLL-g-PNIPAM was normalized following a 

suitable calibration process which is described in the following. 

 

 

 

Figure 3.14. Calibration process accounting for optical bias on the measurement of fluorescence level in the droplet 

cores by confocal imaging. A) Beer-Lambert calibration curve of PNIPAM-Cy3 fluorescence measured in bulk 

solution by confocal fluorescence imaging. B) Confocal micrograph of an emulsion containing 2.5 wt% of PNIPAM-

Cy3 in the aqueous phase and 0.05 wt% of Krytox in the oil phase at T = 18 °C (scale bar = 50 µm). C) Fluorescence 

level of PNIPAM-Cy3 measured in the core of water droplets as the function of the droplet diameter and for different 

concentrations of PNIPAM-Cy3. D) Normalized fluorescence level in droplets (corresponding to the ratio between 

core fluorescence and bulk fluorescence at the same concentration) as a function of the droplet diameter. To simplify 



81 

 

the distribution, each droplet diameter has been rounded down to the nearest integer (error bars = standard deviation 

for each integer diameter). 

 

As Cy3-labeled PNIPAM (PNIPAM-Cy3) was homogeneously distributed within droplet 

cores (see section 3.3.2 and Figure 3.9), it was used as a reference for the calibration of core 

fluorescence. Based on the fluorescence of PNIPAM-Cy3 in droplets, we determined a corrective 

factor accounting for droplet size effects on the fluorescence signal. 

First, the fluorescence intensity of aqueous solutions of PNIPAM-Cy3 at various 

concentrations (Ibulk 
Cy3 (C)) was measured by confocal imaging and followed a Beer-Lambert linear 

relation (see Figure 3.14.A). In the same conditions of irradiation, the fluorescence intensity of 

PNIPAM-Cy3 (Idrop 
Cy3 (C, d)) was measured in a polydisperse emulsion (see Figure 3.14.B) with 

water droplets (of diameter d) containing PNIPAM-Cy3 at the same concentration than the 

calibration curve (see Figure 3.14.C). The normalization of droplet intensities by the bulk intensity 

at the same PNIPAM-Cy3 concentration resulted in a corrective factor Inorm
Cy3 (d) =

Idrop
Cy3 (C,d)

I
bulk
Cy3 (C)

 that 

only depends on the droplet diameter d (see Figure 3.14.D). 

 

The same normalization approach was followed for the fluorescence of dye-labeled PLL-g-

PNIPAM. In the following, the method is detailed for rhodamine-labeled PLL-g-PNIPAM 

(PLLrho-g-PNIPAM), but the same approach was followed for the coumarin-labeled PLL-g-

PNIPAM.  

First, the fluorescence intensity of different PLLrho-g-PNIPAM solutions was measured in 

bulk (Ibulk
rho (C)). The same solutions were emulsified in oil containing Krytox. The fluorescence 

intensity of PLLrho-g-PNIPAM (Idrop 
rho (C, d)) was then measured in the droplet cores and 

normalized by Ibulk
rho (C). The ratio between the actual PLLrho-g-PNIPAM concentration in droplet 

cores Ccore and the analytical concentration C introduced in the aqueous phase before 

emulsification was eventually determined by the following formula: 

 

Ccore

C
=

Idrop 
rho (C, d) 

Ibulk
rho (C) 

×
Ibulk

Cy3 (C)

Idrop
Cy3 (C, d)

=
Inorm

rho (d)

Inorm
Cy3 (d)
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The factor Inorm
rho (d) evaluates the inhomogeneity of the PLLrho-g-PNIPAM distribution 

in water droplets due to the massive adsorption of the polymer at the water/oil interface and the 

factor Inorm
Cy3 (d) accounts for the correction of optical bias. 

 

The 
Ccore

C
 ratio will be referred as ‘residual core concentration’ in the main text. Physically, it 

corresponds to the residual fraction of polymer chains that have not been involved in the interfacial 

complexation with Krytox and have remained soluble in the droplet core. 

Eventually, the PLLrho-g-PNIPAM surface excess Γ was defined as the excess number of 

polymer chains adsorbed at the interface per surface unit in conditions of interfacial complexation 

(compared to a hypothetic uniform distribution of the chains in the droplet volume). It is given by 

the following formula: 

Γ =
Nexcess

S
=

(C − Ccore)V

S
= (1 −

Ccore

C
)

d

6
C = (1 −

Inorm
rho (d)

Inorm
Cy3 (d)

)
d

6
C 

 

Both the residual core concentration 
Ccore

C
 and the surface excess Γ were analyzed to conclude on 

the influence of different factors on the efficiency of the interfacial complexation process, such as 

the ionic strength and the pH (see section 3.4.3) or the temperature (see section 3.5.3). 

 

3.4.3 Influence of the ionic strength and the pH on the interfacial 

complexation 

 

As interfacial complexation involves coulombic interactions between carboxylate-terminated 

Krytox and ammonium groups of PLL, the pH as well as the ionic strength of the aqueous phase 

should have an important impact on the interfacial complexation equilibrium and may enable to 

optimize the properties of the interfacial assemblies. Beyond qualitative comparisons, a 

quantitative approach was required to conclude on the complexation efficiency for the different 

compositions of the aqueous phase.  
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To assess the effect of the ionic strength, we compared droplets containing either a 7.7 mM 

phosphate buffer (ionic strength = 17 mM, pH = 7.3), or this buffer supplemented with 100 mM 

or 500 mM NaCl. 

To assess the effect of the pH, we used a 30 mM Britton-Robinson (BR) buffer – made of 

10 mM NaH2PO4/10 mM NaOAc/10 mM CHES – allowing for a buffering effect on a large range 

of pH. Aqueous phases containing the polymer were prepared in BR buffer at either acidic or 

alkaline pH, namely at pH = 4.3 or pH = 9.4 (see Appendix A). 

 

 

 

Figure 3.15. Influence of the ionic strength on the interfacial complexation between 1 wt% PLL-g-PNIPAM and 0.05 

wt% Krytox at 18°C. A) Confocal micrographs of emulsions prepared with different ionic strengths in the aqueous 

phase (scale bars = 20 µm). PB = phosphate buffer. B) Polymer surface excess as a function of the residual core 

concentration (normalized by the analytical concentration of 1 wt%). Dashed lines indicate the mean level of surface 

excess for each condition. Box plots give the min/Q1/median/Q3/max values of the distribution of residual 

concentration in core for each condition. C) Polymer surface excess as a function of the droplet diameter. The light 

orange dashed line reported on each plot corresponds to the trend for PB without NaCl (top layer) which is used as a 

reference. 
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Irrespective of the ionic strength condition, a bright corona was visible at the edge of the 

droplets with a low residual fluorescence in the core (see Figure 3.15.A) and a non-zero surface 

excess was measured, suggesting that the interfacial complexation was effective even at high NaCl 

concentration. However, uneven distributions of fluorescence around the droplet edges were 

noticed in NaCl-containing emulsions, and particularly at 500 mM NaCl where “crescent moon-

like” shapes of fluorescence became obvious specifically in droplets (< 20 µm). This observation 

suggests that the presence of salts at high concentration in the aqueous phase led to a patchy 

segregation of the polymer chains that significantly differ from the uniform coverage of the 

interface at low ionic strength. The corresponding polymer surface excesses are shown as a 

function of the residual core concentration and droplet diameter in Figure 3.15.B and C. The 

presence of NaCl slightly diminished the surface excess, and markedly broadened the distribution 

of residual core concentrations. Some droplets containing 100 mM or 500 mM NaCl had up to 80 

% of residual polymer chains in their core, which suggests the weakening of interfacial binding 

with increasing salt. Recent articles on polycation:polyanion (PC:PA) complexes consistently 

report that ionic strength play a similar role as temperature in the phase diagram of complex 

coacervation. With increasing salt concentration solid-like PC:PA coacervates first turn to more 

fluid phases (gels or liquid-like) prior to become soluble.247–249 As a tentative interpretation of 

"crescent-like" distribution of the polymer at interfaces, we propose that a transition to fluid phase 

enabled fusion and gathering of the complexes at one pole of the droplets. 

To prepare capsules, a robust solid-like membrane is thus preferably obtained at low ionic 

strength as this offers more homogeneous interfaces and ideally a solid-like interfacial complex 

phase. 

 

Regarding the influence of the pH, significant accumulation of polymer at the interface was 

observed in both acidic and alkaline conditions as shown by the fluorescent corona formed at the 

edge of the droplets (see Figure 3.16). The lower surface excess as well as higher residual 

fluorescence observed in droplet cores at pH = 9.4 as compared to pH = 4.3 clearly indicate that 

the PLL/Krytox complexation is less efficient in alkaline than in acidic conditions. This contrast 

in surface excess and the poor interfacial capture of PLL-g-PNIPAM at high pH is consistent with 

the decrease of the degree of ionization of PLL at higher pH: in alkaline conditions, the pH was 
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close to the pKa of the side amino groups of PLL (~ 10.5) and therefore a significant fraction of 

amine groups was deprotonated, what is expected to weaken coulombic association with Krytox. 

In contrast, all the side amino groups were protonated at pH = 4.3, and thus available to associate 

with Krytox across the water/oil interface. 

 

 

Figure 3.16. Influence of the pH on interfacial complexation between 1 wt% coumarin-labeled PLL-g-PNIPAM and 

0.03 wt% Krytox at 18 °C in Britton-Robinson buffer. A) Confocal micrographs of emulsions at pH = 4.3 and 9.4 

(scale bar = 30 µm). B) Correlation between polymer surface excess and residual core concentration (normalized by 

the analytical concentration of 1 wt%) at pH = 4.3 (black circles) and pH = 9.4 (red circles). Colored domains are 

guide for the eye to better visualize the scatter distributions. C) Surface excess of coumarin-labeled PLL-g-PNIPAM 

as a function of the droplet diameter at pH = 4.3 (black circles) and pH = 9.4 (red circles), calculated from fluorescence 

measurements. Dashed lines are guides for the eye. The blue dashed line is the surface excess measured at pH = 7.3 

in the same conditions (raw data are not shown for more readability). 
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3.5 Evaluation of the thermoresponsive behavior of interfacial 

PLL-g-PNIPAM 

 

3.5.1 Thermoresponsive behavior of PLL-g-PNIPAM in solution 

 

The thermoresponsive behavior of PLL-g-PNIPAM was characterized in solution by turbidimetry 

and compared to free PNIPAM (see Figure 3.17). The transmittance profiles of either PLL-g-

PNIPAM or free PNIPAM solutions decreased between 33 °C and 40 °C, indicating that PNIPAM 

strands – grafted or not – undergo a coil-to-globule transition in the same temperature window. A 

linear extrapolation of the curve around the inflexion point indicates the same cloud point 34 °C 

for both PNIPAM forms (coinciding with the beginning of the decrease in transmittance). 

 

 

Figure 3.17. Turbidity heating curves of free PNIPAM (dashed line) and PLL-g-PNIPAM (solid line) solutions at 1 

wt% in phosphate buffer. 
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3.5.2 Visualization of the thermal transition of PLL-g-PNIPAM in 

emulsion 

 

The thermal transition of PLL-g-PNIPAM in emulsion was probed in operando using 8-

anilinonaphthalene-1-sulfonic acid (ANS) as an extrinsic fluorescent reporter. The fluorescence of 

ANS is strongly polarity-dependent and can be used as a marker of the hydrophilic-to-hydrophobic 

transition of PNIPAM. In polar environments, the excited state of ANS undergoes a twisted 

intramolecular charge transfer (TICT) to a second and more polar excited state that rapidly relaxes 

to the ground state via a non-radiative decay.250 As a consequence, the quantum yield of ANS is 

very low in polar solvents such as water. Conversely, the fluorescence level of ANS is enhanced 

when the molecule is confined in more apolar or hydrophobic environments as the radiative 

emission from the first excited state is favored compared to the TICT transition. These polarity-

dependent fluorescence properties of ANS have been used for many characterizations of 

macromolecular systems, including the staining of hydrophobic protein domains,250,251 the study 

of surfactant-polymer interactions,252 or the evidence of thermal transitions in thermo-responsive 

polymers such as PNIPAM.253–255 

In our system, the ANS fluorescence was used as a marker of (i) the PLL-g-PNIPAM 

localization in droplets since polymer-enriched regions are more hydrophobic (less polar) than the 

aqueous background, and (ii) the thermoresponsive properties of PNIPAM since its collapse 

transition to a more hydrophobic state would be evidenced by an increase in ANS fluorescence 

intensity.255 

 

Before using ANS to characterize the thermal properties of PLL-g-PNIPAM at the water/oil 

interface, a first experiment was performed in emulsion with free PNIPAM chains to control the 

fluorescent behavior of ANS in presence of thermo-responsive chains. For this experiment, two 

emulsions were independently prepared and then mixed together: one containing only ANS in 

phosphate buffer (denoted E1), the other containing ANS and free PNIPAM chains in phosphate 

buffer (denoted E2). Both emulsions were prepared in an oil phase containing 0.05 wt% of Krytox. 

The mixed emulsion was observed in confocal microscopy at 20 °C (below the cloud point) and at 
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45 °C (above the cloud point) to monitor the evolution of ANS fluorescence in the two types of 

droplets (E1 and E2).  

Figure 3.18 shows confocal micrographs of the mixed emulsion at 20 °C and 45 °C, with 

the E1 droplets (absence of PNIPAM) encircled in green and the E2 droplets (presence of 

PNIPAM) encircled in red. At 20 °C, a low fluorescence signal due to ANS could be detected in 

the core of both droplet types, with no high contrast between E1 and E2. At 45°C, the ANS 

fluorescence remained low in E1 droplets but was drastically enhanced in E2 droplets, revealing 

the hydrophilic-to-hydrophobic transition of the PNIPAM chains present in these droplets. The 

difference in ANS behavior between E1 and E2 environments is highlighted in the fluorescence 

radial profiles drawn for a representative droplet of each nature in Figure 3.18.B.  

To confirm the identification of the thermal transition of PNIPAM by the fluorescence 

enhancement of ANS, the potential effect of the aqueous background was suppressed by 

calculating the E2/E1 fluorescence ratio for droplets of similar size. This ratio was plotted as a 

function of the temperature upon heating (Figure 3.18.C). The ratio increases with the temperature 

until reaching a maximum at 35 °C, corresponding to the cloud point of PNIPAM. Beyond this 

temperature, the ratio decreases but remains significantly higher than at 20 °C. This fall seems 

contradictory with the fact that the hydrophobicity of PNIPAM increases with temperature so that 

the ANS fluorescence signal should be even higher at 45 °C compared to 35 °C. This discrepancy 

is probably not due to the intrinsic photophysical properties of ANS or to an anomaly in the 

PNIPAM thermal behavior but is rather due to a combination of three other factors. The first one 

is the photobleaching underwent by ANS molecules along the experiments that may explain a 

progressive decrease of the emission intensity in highly fluorescent droplets upon heating. The 

second factor is the destabilization of the mixed emulsion which was evidenced by multiple 

coalescence events (droplets encircled in both green and red at 45 °C in Figure 3.18.A) and that 

may have led to the dilution of ANS molecules. This loss of stability can be explained by the 

absence of interfacial complexation in this sample (no cationic species were loaded in the aqueous 

phase to interact with Krytox). The third factor, which is probably the most important, was the 

progressive sedimentation of PNIPAM aggregates formed upon the collapse transition at high 

temperature (evidenced by the granular aspect of the E2 droplets at 45 °C). Due to the 

accumulation of polymer at the bottom of the droplets, the apparent fluorescence intensity in the 



89 

 

equatorial plane was lower than expected in the case of a uniform distribution of the polymer in 

the droplets. 

 

 

Figure 3.18. ANS fluorescence contrast upon hydrophilic-to-hydrophobic transition of PNIPAM in emulsion. A) 

Confocal micrographs at 20 °C and 45 °C of a mixture of two emulsions: E1 containing 500 µM ANS in phosphate 

buffer (droplets encircled in green) and E2 containing 100 µM ANS and 2 wt% PNIPAM in phosphate buffer (droplets 

encircled in red), both with 0.05 wt% Krytox in the oil phase (scale bars = 50 µm). B) Fluorescence radial profiles of 

a representative droplet of E1 and E2 (indicated with colored arrows in the top micrographs) at 18 °C and 45 °C. C) 

Evolution of the fluorescence ratio between E1 and E2 droplets of comparable size with temperature (error bars = 

standard error on 8 couples of droplets). 

 

 The previous results confirmed that the hydrophilic-to-hydrophobic transition of PNIPAM 

chains can be evidenced in aqueous droplets by an increase in the fluorescence intensity of ANS 

added in the aqueous phase. To probe the thermal transition of PNIPAM strands grafted on PLL 
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and in condition of interfacial complexation with Krytox, ANS was added in the aqueous solution 

of PLL-g-PNIPAM and its fluorescence was monitored upon heating. Figure 3.19.A shows 

confocal micrographs of an emulsion containing 2 wt% of PLL-g-PNIPAM and 500 µM of ANS 

in the aqueous phase at 20 °C and 45 °C, respectively below and above the cloud point. 

 

 

Figure 3.19. Evidence for the thermal collapse transition of PLL-g-PNIPAM in conditions of interfacial complexation. 

A) Top: Confocal micrographs at 20°C and 45°C of an emulsion containing 2 wt% of PLL-g-PNIPAM and 500 µM 

of ANS in the aqueous phase and 0.05 wt% of Krytox in the oil phase (scale bars = 50 µm). Bottom: Zoom on the 

droplet framed in white in the top micrographs, at intermediary temperatures (scale bars = 10 µm). B) Fluorescence 

radial profiles of the droplet shown in B at increasing temperature. C) Plot of the droplet edge/core intensity ratio – 

extracted from the fluorescence radial profiles – as a function of the temperature (error bars = standard error on 8 

droplets). 

 

At 20 °C the fluorescence signal of ANS in polymer-loaded droplets was non uniform: the 

intensity was higher at the droplet edge, as highlighted by the sharp peak of fluorescence (~ 3-fold 

higher than the core level) observed in the radial profile (see Figure 3.19.B). This observation, 

suggesting that the droplet edges are more hydrophobic than the droplet cores, is consistent with 
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an initial deposition of PLL-g-PNIPAM at the water/oil interface as shown in Figure 3.9. As 

temperature was increased from 20 °C to 45 °C, we observed an increase in fluorescence contrast 

between the edge and the core of the droplets (see Figure 3.19.A), due to a concomitant decrease 

of intensity in the core and increase of intensity of the peak at the edge (see Figure 3.19.B). The 

ratio between edge and core fluorescence intensities plotted in Figure 3.19.C shows a continuous 

increase with temperature, with a significant change of slope at 34 °C corresponding to the cloud 

point. The significant values of the edge/core ratio at high temperature (T > 34 °C) confirm the 

occurrence of the collapse thermal transition of PNIPAM at the water/oil interface at 34 °C. 

Moreover, the fluorescence level of ANS fell down to almost zero in droplet cores at T > 34 °C, 

suggesting that PLL-g-PNIPAM chains that were initially soluble in the droplet cores have 

enriched the interface upon heating. 

 

The reversibility of this process was assessed by submitting an emulsion to temperature 

cycles while recording the edge/core ratio of ANS fluorescence (see Figure 3.20). 
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Figure 3.20. Assessment of reversibility of ANS fluorescence in presence of PLL-g-PNIPAM. A) Confocal 

micrographs of an emulsion with 2 wt% of PLL-g-PNIPAM and 500 µM of ANS in the aqueous phase and 0.05 wt% 

of Krytox in the oil phase (scale bars = 50 µm). The emulsion was alternatively thermalized at 18 °C (steps 1 and 3, 

blue frames) and 45 °C (steps 2 and 4, red frames). Inserts: Zoom on the droplet indicated with a white arrow in the 

micrograph (scale bars = 10 µm). B) Fluorescence radial profiles of the droplet shown in inserts in A (same color 

code). C) Edge/core fluorescence ratio calculated from the curves in B (same color code, error bars = standard error 

on 8 droplets). 

 

Initially set at 18 °C, the emulsion was heated up to 45 °C, then cooled back to 18 °C and 

heated again to 45 °C. In samples brought back to 18 °C, the fluorescence level in the droplet cores 

slightly increased compared to 45 °C but did not come back to the initial value measured before 

heating. After the second heating step the fluorescence profile was identical to the one after the 

first heating step. These observations point out that after a first collapse transition in the interfacial 

layer, PLL-g-PNIPAM that had accumulated at the droplet edge remained stuck in the interfacial 

layer and did not significantly redissolve when the sample was brought back below the transition 

temperature (at least on experimental time scale of ~ 1 hour). 
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As a control experiment, the same imaging process was performed with a non-

thermoresponsive poly(L-lysine)-g-poly(ethylene glycol) (PLL-g-PEG) copolymer with the same 

0.20 grafting ratio than PLL-g-PNIPAM. A solution of 2 wt% of PLL-g-PEG and 500 µM of ANS 

was emulsified in oil phase and the emulsion was observed in confocal microscopy at 18°C and 

45 °C (see Figure 3.21).  

 

 

Figure 3.21. Comparison of PLL-g-PNIPAM and PLL-g-PEG regarding ANS fluorescence. A) Confocal micrographs 

of an emulsion containing 2 wt% of either PLL-g-PNIPAM or PLL-g-PEG and 500 µM of ANS in the aqueous phase, 

and 0.05 wt% of Krytox in the oil phase, at 20 °C and 45 °C (scale bars = 50 µm for PLL-g-PNIPAM and 30 µm for 

PLL-g-PEG). B) Edge/core intensity ratio calculated from the radial fluorescence profile of 8 droplets (error bars = 

standard error) plotted as a function of the temperature for PLL-g-PNIPAM (black) and PLL-g-PEG (red). 

 

After formulation at 18 °C, the droplet edge/core ratio of ANS fluorescence was greater 

than 1, indicating that PLL-g-PEG has been adsorbed at the water/oil interface by complexation 

with Krytox, but significantly lower than for PLL-g-PNIPAM, probably because both PLL and 

PEG moieties are highly hydrophilic. When observed by SEM, the capsules made of PLL-g-PEG 

at 18 °C looked very similar both in size and effective membrane thickness (see Figure 3.12 

above). Moreover, no significant change of the edge/core ratio in droplets containing PLL-g-PEG 

was observed between 18 °C and 45 °C, indicating that temperature had no effect on the 

hydrophobicity of the interfacial polymer layer. These results confirm that the thermo-
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responsiveness of PLL-g-PNIPAM highlighted by ANS fluorescence at the droplet edges is 

intrinsically related to the collapse transition of PNIPAM strands. 

  

The thermo-responsiveness of the PNIPAM strands being preserved once adsorbed at the 

water/oil interface, we presume that these results illustrate a generic approach for imparting 

various chemical properties to interfacial polymer layers via the use of the PLL-based comb-like 

architecture. Other functional polymer strands (such as light- or redox responsive ones) could thus 

be grafted on PLL to design new functional polymer shells by interfacial complexation. 

 

3.5.3 Effect of droplet radius and temperature on characteristic features of 

the polymer interfacial layer 

 

To characterize the effect of the temperature on the interfacial polymer layer, we implemented the 

quantitative fluorescence analysis presented in section 3.4.2 to measure the polymer surface excess 

in the droplets at low and high temperature. As the fluorescence of carboxy-X-rhodamine (referred 

to as rho) is neither subject to bleaching256 nor sensitive to temperature (see Figure 3.22), it was 

used to evaluate the concentration of rho-labeled PLL-g-PNIPAM (PLLrho-g-PNIPAM) in 

emulsion over temperature changes.  
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Figure 3.22. Fluorescence intensity of carboxy-X-rhodamine solutions measured with a confocal microscope in the 

same irradiation conditions at 18 °C and 45 °C. 

 

Figure 3.23.A shows confocal micrographs of a water-in-oil emulsion with water droplets 

containing 3 wt% of PLLrho-g-PNIPAM at 18 °C and 45 °C. As previously showed in Figure 1, 

the fluorescence of rho was brighter at the droplet edge, indicating that PLLrho-g-PNIPAM had 

accumulated at the water/oil interface by conventional SPIC upon the emulsification process. At 

45 °C (above the cloud point), the interface was still highly fluorescent, but the fluorescence signal 

had almost disappeared in the droplet core. This sharp decrease in core intensity upon heating is 

highlighted in the radial profiles drawn in Figure 3.23.A. This observation supports the idea of a 

thermo-induced transfer of core-soluble PLLrho-g-PNIPAM chains towards the interface, 

probably related to the progressive immobilization of diffusive chains onto the excess interfacial 

PLLrho-g-PNIPAM layer via hydrophobic interactions. This hypothesized process is depicted in 

Figure 3.23.B. 
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Figure 3.23. Effect of temperature on the amount of interfacial PLLrho-g-PNIPAM. A) Top: Confocal micrographs 

of a representative water droplet containing 3 wt% of PLLrho-g-PNIPAM dispersed in oil containing 0.05 wt% of 

Krytox at 18 °C and 45 °C (scale bar = 10 µm). Bottom: Fluorescence radial profiles of the top droplets. B) Schematic 

illustration of the accumulation of core-soluble PLLrho-g-PNIPAM chains at the droplet surface upon collapse 

transition in emulsion (occurring at 34 °C). C) Evolution of the surface excess of PLLrho-g-PNIPAM as a function of 

the droplet diameter at 18 °C and 45 °C, calculated from fluorescence measurements. The maximum surface excess 

(black dashed line) corresponds to the ideal case of interfacial adsorption of all the PLL-g-PNIPAM chains initially 

present in the droplet. 

 

From the fluorescence radial profiles of the droplets (as shown in Figure 3.23.C), we could 

define an “apparent” thickness of the interfacial polymer layer as the width at half height of the 

fluorescence peak at the droplet edge. A mean value of ~ 1.5 µm was measured independently of 

the polymer concentrations (in the 2-5 wt% range) and at both low and high temperatures (see 

Figure 3.24). Taking into consideration the lack of resolution of fluorescence microscopy, the 

width of fluorescence peak measured on the confocal micrographs is rather consistent with the 

thickness observed by SEM (see Figure 3.12 in section 3.4.1). 
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Figure 3.24. Apparent shell thickness measured from fluorescence imaging. A) Fluorescent shell thickness measured 

on an emulsion containing 2 wt% of PLLrho-g-PNIPAM in the aqueous phase and 0.05 wt% of Krytox in the oil phase 

at 18 °C and 45 °C. B) Mean shell thickness measured on emulsions with PLLrho-PNIPAM concentration in the range 

2-5 wt% (error bars = standard deviation). 

 

The evolution of the polymer surface excess with the droplet diameter at 18 °C and  

45 °C is shown in Figure 3.23.D. Experimental data were compared to the maximum reachable 

surface excess, corresponding to the adsorption at the interface of all the polymer chains contained 

in the droplets. This maximum excess increases linearly with the droplet diameter as it is 

proportional to the droplet volume/surface ratio. At 18 °C, the experimental surface excess is 

significantly below the maximum curve and increases with droplet diameter until reaching a 

plateau for big droplets (> 30 µm). These observations suggest that a significant fraction of the 

polymer was not involved in interfacial complexation and that a saturation equilibrium between 

core-soluble and edge-adsorbed chains was presumably achieved at high volume/surface ratios. 

Interestingly, when switching temperature from 18 °C to 45 °C the surface excess almost doubled 

at a given droplet diameter. For small droplets (< 30 µm), the surface excess coincides with the 

maximum excess curve, indicating that all the polymer chains contained in the droplet have been 

segregated at the water/oil interface. This observation is in agreement with an enrichment of the 

polymer interfacial layer above the cloud point, confirming the hypothesis of a core draining and 

an accumulation of polymer chains at the interface via hydrophobic interactions. For big droplets 

(> 30 µm), the experimental surface excess deviates from the maximum excess curve, suggesting 
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that a saturation level has been reached in the interfacial complexation process and that a fraction 

of soluble polymer chains could not be recruited in the interfacial complex layer. 

 

The evolution of surface excess as a function of the residual concentration in droplet cores 

is shown in Figure 3.25. From 18 °C to 45 °C, the fraction of core-soluble polymer chains 

decreased from 0.4-0.6 to less than 0.1 concomitantly to an increase in the mean surface excess, 

confirming that (i) a high proportion of polymer chains were not involved in interfacial 

complexation in conditions of conventional SPIC (at T < 34 °C) and (ii) a massive accumulation 

of polymer chains at the interface was observed beyond the collapse transition (at T > 34 °C).  

 

 

Figure 3.25. Evolution of PLLrho-g-PNIPAM surface excess with droplet diameter (A) and residual core 

concentration (B) at 18 °C and 45 °C. The emulsion was made of 3 wt% of PLLrho-g-PNIPAM in the water phase 

and 0.05 wt% of Krytox in the oil phase. 

In addition, this process seems to be mainly irreversible as the surface excess remained at 

the same high level when a sample was cooled back at 18 °C after a first heating step at 45 °C 

(Figure 3.26). This suggests that the enrichment of the interfacial polymer layer is not subject to 

significant redispersion as PNIPAM chains are brought back below the cloud point. 
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Figure 3.26. Assessment of the reversibility of PLL-g-PNIPAM adsorption at the water/oil interface upon collapse 

transition. A) Confocal micrographs of an emulsion containing 3 wt% of PLLrho-g-PNIPAM in the aqueous phase 

and 0.05 wt% of Krytox in the oil phase, heated up at 45 °C and cooled back to 18 °C (scale bars = 20 µm). 

Thermalization was ensured for 5 min before measurement. B) PLLrho-g-PNIPAM surface excess calculated from 

the measurement of rhodamine fluorescence in the droplet cores at 45 °C and 18 °C (error bars = propagation of 

uncertainty). 

 

As a complement, Figure 3.27 shows the results of polymer surface excess for emulsions 

containing 2 wt% or 5 wt% of PLLrho-g-PNIPAM in the aqueous phase.  
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Figure 3.27. Influence of the polymer concentration on the surface excess. Confocal micrographs and evolution of 

the polymer surface excess as a function of the droplet diameter at 18°C and 45°C for emulsions containing either 2 

wt% or 5 wt% of PLLrho-g-PNIPAM in the aqueous phase (A and B respectively). 

 

The results of the emulsion with 2 wt% of polymer are similar to the one of the 3 wt% one 

presented above: a massive thermo-induced clustering of soluble polymer chains was observed at 

the droplet periphery upon heating, resulting in an increase of the polymer surface excess at higher 

temperature (Figure 3.27.A). For the emulsion with 5 wt% of polymer, the results are slightly 

different. First, the fluorescence contrast between the core and the edge of the droplets was hardly 

detectible at 18 °C, suggesting that the droplets were overloaded with PLLrho-g-PNIPAM to the 

point where the SPIC-induced deposition at the interface was hidden (the interface was 

oversaturated). As a consequence, the polymer surface excess deduced from the core fluorescence 

was well below the maximum reachable surface excess (Figure 3.27.B). An increase of the surface 

excess was observed at 45 °C but was likely due to a polymer sedimentation at the bottom of the 

droplets than a progressive and uniform accumulation at the surface of the droplets. Indeed, the 

confocal micrographs at 45 °C revealed the formation of a large amount of polymer aggregates 

that probably sedimented before reaching the interface by diffusion, causing a decrease of the 
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fluorescence in the equatorial place of the droplets. This effect was misinterpreted as an increase 

of the surface excess in the fluorescence quantification process.  

Considering only the surface excess below the LCST, the quantitative results are consistent 

with the qualitative observations made in section 3.4.1 on the influence on the polymer 

concentration on the morphology of the polymer capsules. At polymer concentrations < 3 wt%, 

high surface excesses (compared to the reachable maximum) are consistent with the formation of 

hollow capsules. At polymer concentration > 3 wt%, poor surface excesses (due to the droplet 

saturation in polymer) is consistent with the formation of filled microparticles (see SEM images 

in Figure 3.13). 

 

As a control of the PNIPAM behavior, the same quantification of the polymer surface 

excess was performed on a non-thermoresponsive PLL-g-PEG labeled with carboxy-X-rhodamine 

(PLLrho-g-PEG) and the results are shown in Figure 3.28. 
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Figure 3.28. Effect of temperature on a non-thermoresponsive PLLrho-g-PEG layer. A) Confocal micrographs of an 

emulsion containing 2 wt% of PLLrho-g-PEG in the aqueous phase and 0.05 wt% of Krytox in the oil phase, at 18 °C 

and 45 °C (scale bars = 20 µm). B) PLLrho-g-PEG surface excess calculated from the measurement of rho 

fluorescence in the droplet cores as a function of the droplet diameter at 18 °C and 45 °C (error bars = propagation of 

uncertainty). C) PLLrho-g-PEG surface excess as a function of the concentration fraction in the droplet cores at 18 °C 

and 45 °C. 

 

The curves of surface excess superimpose at 18 °C and 45 °C and plateau at a saturation 

level which is twice lower than PLL-g-PNIPAM at 18 °C (and 4 times lower at 45 °C) indicating 

that (i) PLL-g-PNIPAM has a higher affinity with the interface than PLL-g-PEG presumably 

because PNIPAM strands are shorter than PEG ones (18 vs 44 repeat units/chain respectively) and 

(ii) there is no effect of the temperature on the distribution of PLL-g-PEG in droplets, confirming 

that the process observed for PLL-g-PNIPAM is intrinsic to the thermoresponsive nature of 

PNIPAM strands. 
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3.5.4 Evidence for thermo-induced enrichment of the polymer shell with 

extra PNIPAM chains 

 

The results presented in the two last sections suggested that PLL-g-PNIPAM chains can be 

accumulated at the interface beyond the initial deposition by interfacial complexation. This 

phenomenon, that we called “thermo-enhanced interfacial complexation” was likely due to the 

progressive accretion of soluble PLL-g-PNIPAM chains after having reached the hydrophobic 

state upon heating. To evaluate this hypothesis of thermo-induced accumulation of matter at the 

interface, we studied the behavior of free PNIPAM chains (non-grafted on PLL) in droplets that 

also contain PLL-g-PNIPAM. Below the LCST, PLL-g-PNIPAM was expected to form a polymer 

shell by interfacial complexation, but free PNIPAM chains may have no reason to be involved in 

this interfacial phenomenon since they were uncharged.  

An emulsion was prepared with 1 wt% of coumarin-labeled PLL-g-PNIPAM and 0.5 wt% 

of Cy3-labeled PNIPAM in the aqueous phase (and 0.03 wt% of Krytox in the oil phase). Figure 

3.29.A shows the distribution of these two polymer species in a representative droplet at 18 °C and 

at 45 °C. 

 

 

Figure 3.29. Thermo-induced accumulation of free PNIPAM chains into the PLL-g-PNIPAM shell. A) Confocal 

micrographs of a representative droplet containing 1 wt% coumarin-labeled PLL-g-PNIPAM (red) and 0.5 wt% Cy3-
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labeled PLL-g-PNIPAM (blue) at 18 °C, 45 °C and 18 °C successively (scale bar = 10 µm). B) Fluorescence radial 

profiles indicating the distribution of free PNIPAM chains (Cy3 channel) at the different temperatures. 

 

At 18 °C, PLL-g-PNIPAM (in red) was located at the droplet periphery and free PNIPAM 

(in blue) was uniformly distributed in the droplet core, what is consistent with the fact that 

interfacial complexation can occur for cationic PLL-g-PNIPAM and not for neutral PNIPAM. At 

45 °C, the fluorescence of free PNIPAM has almost disappeared from the droplet core and has 

accumulated at the droplet periphery as indicated by the formation of a bright corona. This result 

is highlighted in the fluorescence profiles shown in Figure 3.29.B and suggests the thermo-

induced accumulation of hydrophobic chains at the water/oil interface works also for free PNIPAM 

chains. Upon the collapse transition of the PNIPAM strands, the interfacial layer of PLL-g-

PNIAPM became hydrophobic and “sticky”. Free PNIPAM chains turned also to their 

hydrophobic and aggregative state. Upon diffusion from the droplet core to the droplet edge, free 

PNIPAM chains remained trapped in the interfacial layer by hydrophobic interactions, leading to 

a progressive accumulation of polymer at the interface. 

 

 As a control, an emulsion containing only Cy3-labeled free PNIPAM chains (an no PLL-

g-PNIPAM) in the aqueous phase was observed in confocal microscopy at 18 °C and 45 °C (see 

Figure 3.30). At 18 °C the uniform distribution of polymer chains in the droplet cores was 

observed as expected. At 45 °C, no evidence of polymer accumulation at the edge of the droplets 

was noticed but the formation of hydrophobic polymer aggregates was clearly visible in the core 

of the droplets. The progressive sedimentation of these micrometric aggregates at the bottom of 

the droplets could explain the decrease of the core fluorescence detected upon heating, as 

highlighted in the fluorescence radial profiles in Figure 3.30.B. 
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Figure 3.30. Thermal behavior of free PNIPAM chains in droplets. A) Confocal micrographs of an emulsion 

containing 2 wt% of Cy3-labeled PNIPAM in the aqueous phase at 18 °C and 45 °C (scale bars = 30 µm). B) 

Fluorescence radial profiles of the droplet indicated with a white arrow in the micrographs. 

 

 These results confirm that the hydrophilic-to-hydrophobic transition of the PLL-g-

PNIPAM shell – initially formed by interfacial complexation – enables to drive the accumulation 

of polymer chains towards the interface upon gentle heating. This phenomenon can be viewed as 

a thermo-induced enrichment of the shell since it can involve free polymer chains that were 

initially dispersed in the core of the droplets. The example of thermo-accumulation of free and 

neutral PNIPAM chains (non-grafted on PLL) suggests that the massive polymer clustering at the 

interface is likely due to hydrophobic interactions and not to electrostatic complexation with 

Krytox. This phenomenon turned out to be reversible as the free PNIPAM chains were redispersed 

in the core of the droplets after cooling back the emulsion below the cloud point (see Figure 3.29). 

 

3.6 Encapsulation of a model protein in the aqueous core 

 

The possibility to encapsulate proteins in PLL-g-PNIPAM core-shell droplets was tested 

using eGFP (enhanced Green Fluorescent Protein) as a fluorescent model protein. The eGFP was 

kindly provided by a colleague (R. Chouket), who produced and purified it according to a protocol 

described in the literature.257  
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An aqueous solution containing 2 wt% of coumarin-labeled PLL-g-PNIPAM and 10 µM of 

eGFP was prepared in phosphate buffer (pH = 7.3) and emulsified in oil containing 0.03 wt% of 

Krytox. The polymer and protein distributions within droplets were determined by confocal 

imaging at 18 °C and 45 °C (see Figure 3.31).  

 

 

Figure 3.31. Encapsulation of eGFP in PLL-g-PNIPAM capsule precursors. A) Confocal micrographs of an emulsion 

containing 1 wt% of PLLcoum-g-PNIPAM and 10 µM of eGFP in the aqueous phase and 0.03 wt% of Krytox in the 

oil phase, at 18 °C and 45° C (scale bars = 50 µm). B) Fluorescence profiles of the representative droplet indicated by 

a white arrow in the micrographs. 

 

The bright coumarin fluorescence signal at the droplet edge shows that PLL-g-PNIPAM 

was concentrated at the water/oil interface as expected, demonstrating that the presence of the 

protein in the aqueous phase did not affect the formation of the interfacial polymer layer induced 

by complexation with Krytox. The uniform distribution of eGFP within droplets showed that the 

protein had been efficiently encapsulated in the aqueous droplet cores. The overlay of confocal 

images clearly shows the “core-shell” distribution of the species, with the polymer at the droplet 

edge and the protein entrapped in the droplet core. The high fluorescence signal of the protein as 

well as the absence of visible protein aggregates suggest that the integrity of the protein has been 

preserved upon encapsulated and even after heating at 45 °C. 

As a first approximation, the preservation of the protein integrity may be quantified by 

comparing the fluorescence level in the droplets with the fluorescence level of the initial protein 
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solution. For that, the normalized core concentration was calculated with the fluorescence 

calibration method described in section 3.4.2. Briefly, the fluorescence level of eGFP in the 

droplets was normalized by the fluorescence level of the bulk aqueous solution and corrected by 

the geometrical factor measured on Cy-3 labeled PNIPAM-Cy3 (accounting for size and curvature 

biases). Around 70-75 % of the eGFP initial fluorescence was detected in droplets bigger than 25 

µm (see Figure 3.32), indicating that the protein had not been dramatically denatured during the 

encapsulation in water droplets. In droplets smaller than 25 µm, the higher loss of fluorescence 

intensity in water droplets may be reasonably attributed to optical distortion of the fluorescence 

signal (not compensated by the correction process) and to bleaching of eGFP, rather than to a 

significant alteration of eGFP. 

 

 

Figure 3.32. Normalized fluorescence level of eGFP in an emulsion containing 1 wt% of coumarin-labeled PLL-g-

PNIPAM and 10 µM of eGFP in the aqueous phase and 0.03 wt% of Krytox in the oil phase. 
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3.7 Conclusion 

 

In this chapter, we evidenced the ability of PLL derivatives to form concentrated polymer layers 

at the surface of water droplets by interfacial complexation with a surfactant (Krytox) across the 

water/oil interface of inverse emulsion in fluorocarbon oils. We showed that the tight PLL/Krytox 

interaction led to a strong decrease of the water/oil interfacial tension, allowing the formation of 

stable inverse emulsions.  

We synthetized PLL-g-PNIPAM and PLL-g-PEG comb-like copolymers via the grafting 

of PNIPAM and PEG strands onto PLL. We showed that the interfacial complexation of these 

polymers with Krytox could lead to the formation of hollow polymer microcapsules – provided 

the optimization of the formulation – with a polymer shell thickness of ~1 µm and an aqueous core 

of controlled pH and ionic strength. In mild conditions of formulation, a model protein could be 

readily encapsulated in the core of the droplets without interfering with the formation of the 

polymer shell, demonstrating that our approach is promising for the storage of potentially fragile 

biomolecules. 

In the case of PLL-g-PNIPAM, we showed that the thermoresponsive behavior of PNIPAM 

strands – switching from hydrophilic coils to hydrophobic globules at a cloud point of 34°C – was 

preserved in the interfacial complexation state, suggesting that thermo-responsiveness was 

successfully imparted in the polymer shells. In addition, the LCST transition of PNIPAM strands 

was used to thermo-induce an additional accumulation of polymer chains on the pre-formed 

interfacial layer of PLL-g-PNIPAM. Above the temperature of collapse transition, we observed a 

massive clustering of PLL-g-PNIPAM at the edge of the droplets, likely due to hydrophobic 

interactions between PNIPAM strands (Figure 3.33). This process contributed to enrich the 

interfacial polymer layer as demonstrated by the increase in polymer surface excess measured from 

fluorescence images. Interestingly, the persistence of high surface excesses when droplets were 

cooled back to room temperature suggests that the thermo-induced accumulation of polymer 

chains in the shell wall was irreversible.  

This thermo-induced polymer accumulation was also successfully implemented on free 

PNIPAM chains that could not be involved in primary interfacial complexation (as non-grafted 

onto PLL cationic chains). Upon heating, a massive accretion of free PNIPAM chains was 
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observed onto the germinal interfacial PLL-g-PNIPAM layer. This process turned out to be 

reversible as the free PNIPAM chains turned out to redisperse in the core of the droplet after 

cooling the sample back to ambient temperature. These results suggest that materials can be easily 

captured and released from interfacial layers of PLL derivatives and thus open new perspectives 

in the design of more complex and functional polymer shells. These perspectives will be explored 

in Chapter 2 with the design of polymer shells that can incorporate nanoparticles. 

 

 

Figure 3.33. Phenomenon of “thermo-induced interfacial complexation” described in this Chapter. 
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4.1 Introduction 

 

In Chapter 3, we showed that thermo-responsive polymer shells, made of PLL-g-PNIPAM, can be 

readily formed by interfacial complexation in water-in-oil emulsions and in mild conditions. We 

showed that the collapse transition of PNIPAM chains localized in the polymer shell can induce 

the interfacial accumulation of PNIPAM chains that are soluble in the core of the emulsion 

droplets, and named this phenomenon “thermo-enhanced interfacial complexation”. In this 

Chapter, we will extend this phenomenon to the interfacial segregation of nanoparticles in order 

to design “composite” or “hybrid” polymer-particles shells. 

 The incorporation of nanoparticles (NPs) in the shell of polymer capsules or vesicles has 

been extensively explored in the literature. A first advantage provided by the presence of NPs is 

the improvement of the mechanical stability of the shell, due to the intrinsic mechanical properties 

of the NPs and/or their role of physical cross-links between polymer chains.258 For delivery 

applications, the introduction of NPs can be advantageous to modulate the permeability of the 

carrier,259 and to limit the undesired “burst release effect” in biological conditions.260 The 

introduction of NPs also enables to impart new functionalities in the polymer container, especially 

additional stimuli-responsiveness. For instance, gold nanoparticles can be used as light-to-heat 

converters at the nanoscale and can be used to trigger thermal transition upon light irradiation (see 

Chapter 1). Magnetic nanoparticles (such as iron oxides) have also been introduced in polymer 

capsules to trigger on demand release upon application of an alternative magnetic field.261 

 

The incorporation of NPs in polymer shells can be achieved via different strategies: 

o Metal NPs can be grown within the polymer shell by reduction of soluble precursors that 

have impregnated the polymer scaffold. This strategy has been used to load polymer shells 

with silver or gold NPs for instance.262,263 The reduction process can also be specifically 

directed at the outer surface of the capsules, which can be interesting for further catalysis 

applications.264,265 This strategy of in situ reduction has also been implemented in the 

membrane of polymersomes259 or in the core of microgels.266  

o Pre-formed NPs can be adsorbed at the surface of the compartments, as it has been 

demonstrated on polymer capsules267 and more importantly on microgels.268,269 
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o NPs can be embedded in the polymer shell during its formation. An important illustration 

of this approach is the formation of layer-by-layer capsules by alternative deposition of 

polymer chains and NPs.270 

o NPs can be self-assembled at the surface of emulsion droplets prior to the formation a 

polymer shell via classical emulsion-based processes (especially interfacial 

polymerization). This strategy has been used to produce composite polymer capsules that 

incorporate TiO2, gold, or silica nanoparticles.271–273 

 

As an alternative to these conventional methods, we showed that our system based on 

interfacial complexation of PLL-g-PNIPAM offers a straightforward way to incorporate NPs in 

the polymer shell. We demonstrated that, upon adsorption of PLL derivatives on the surface of the 

NPs, the latter can participate to the thermo-induce accumulation of the polymer at the interface, 

resulting in the formation of a polymer-NPs mixed shells simply by heating. 

In a first approach, fluorescent NPs were used to visualize the distribution of the particles in 

the droplets upon thermal response of the polymer. Then, gold NPs were used as a promising 

additive to trigger the phase transition of PLL-g-PNIPAM by thermoplasmonic excitation, 

extending the stimuli-responsiveness of the system. For this photo-thermal application, the issue 

of measuring temperature at low scales with high spatial resolution will be discussed before 

precisely focusing on a particular microscopy method enabling to retrieve the temperature increase 

generated by plasmonic systems. The power of this method will be demonstrated on experimental 

examples of temperature measurements in situ in emulsion containing both polymer and gold 

nanoparticles. 
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4.2 Interactions between PLL derivatives and nanoparticles 

 

4.2.1 Gold nanoparticles (AuNPs) 

 

We used two types of commercial gold NPs (AuNPs): bare AuNPs (the surface is actually occupied 

by residual citrate groups that are highly labile complexing agents) and AuNPs coated with 

poly(viny pyrrolidone) (PVP) that ensure steric stabilization of NPs.  

The aggregation of AuNPs in presence of additives can be easily revealed by UV-Vis 

spectrophotometry. Indeed, non-aggregated spherical AuNPs exhibit a sharp absorbance peak at 

532 nm, corresponding to the localized plasmon resonance. Upon aggregation, this peak in the 

green range progressively disappeared in favor of a red-shifted peak which is characteristic of 

plasmon resonance in elongated AuNPs.274 UV-Vis spectra of AuNPs solutions in presence and 

absence of PLL were thus compared. This simple qualitative experiment was performed for both 

bare and PVP-coated NPs solutions, with PLL concentrations in the wt% range (typically used in 

the experiments of capsule formations). 

 

 

Figure 4.1. UV-Vis spectra of bare AuNPs (left) and PVP-coated AuNPs (right) solutions containing various 

concentrations in PLL. 

 

For mother solutions of bare and PVP-coated NPs, the plasmon peak at 530 nm was well defined 

(in dark red, corresponding to the real color of the commercial AuNPs solutions). When PLL is 
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added – at any concentration – in the solution of bare AuNPs, the intensity of the 530-nm peak 

drastically decreased and a broad bump appeared at higher wavelengths. This red-shift is typical 

of anisotropic aggregates of AuNPs and was also evidenced by a color switch of the solution from 

dark red to blue. This phenomenon was expected since these bare AuNPs have a zeta potential of 

– 52 mV (according to the data sheet), favoring the adsorption of cationic PLL at their surface, 

eventually inducing their aggregation by inter-particle bridging. 

For PVP-coated AuNPs, the addition of PLL did not change the shape of the initial 

spectrum, except that a slight shift of the peak to 538 nm and a slight decrease of its intensity can 

be noticed. The preservation of the plasmon resonance characteristic of spherical AuNPs suggests 

that the presence of PLL did not induce their aggregation. This high stability can be attributed to 

the presence of the PVP coating that probably hinders the adsorption of PLL at the surface of the 

AuNPs (despite their negative zeta potential of – 33 mV). 

 

To confirm these results, the effective size of the aggregates was measured by dynamic light 

scattering (DLS) for both bare and PVP-coated AuNPs solutions containing various amount of 

PLL (see Figure 4.2). 

 

 

Figure 4.2. Effective hydrodynamic diameters of objects measured by DLS in solution of AuNPs containing various 

amount of PLL. 
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For initial solution of AuNPs (in absence of PLL), the hydrodynamic diameters measured 

by DLS were consistent with the data sheet: ~ 40 nm for bare AuNPs and ~ 70 nm for PVP-coated 

AuNPs (the Au core in itself has a diameter of 50 nm according to TEM data but the presence of 

the PVP coating increases the effective diameter which is measured by DLS). The addition of PLL 

induces a slight increase of the effective diameter for PVP-coated AuNPs up to 100-150 nm, 

suggesting a limited aggregation. For bare AuNPs solutions, the increase of PLL concentration 

induces a continuous increase of the effective mean diameter (up to ~ 650 nm for 5 wt% of PLL) 

and a concomitant broadening of the size distribution, indicating a massive clustering of the AuNPs 

in presence of PLL. These results are consistent with the UV-Vis measurements and tend to 

validate the propensity of PLL to adsorb on bare NPs and almost not on PVP-coated AuNPs. 

Because the addition of PLL on bare AuNPs leads to a spontaneous and uncontrolled 

colloidal aggregation, the use of PVP-coated AuNPs will be privileged in the rest of the 

experiments involving AuNPs. 

 

4.2.2 Surface-functionalized polystyrene nanoparticles 

 

We also used two types of commercial fluorescent polystyrene NPs with different surface 

modifications: NeutrAvidin-modified polystyrene NPs (NeutravNPs) and carboxylate-modified 

polystyrene NPs (CarboxyNPs). At physiological pH, the surface of NeutravNPs is expected to be 

almost neutral (the pI of the NeutrAvidin protein being of 6.3) and the surface of CarboxyNPs is 

expected be highly anionic (the pKa of carboxylic acids being around 4). Contrary to gold 

nanoparticles, the absorbance of fluorescent commercial NPs (NeutravNPs and CarboxyNPs) is 

not sensitive to the aggregation state of the NPs (the fluorophore being buried in the core of the 

NPs). UV-Vis was thus inappropriate to probe the interaction between NeutravNPs or CarboxyNPs 

with PLL. As an alternative, zeta potential measurements were used to assess the modification of 

the surface charge of the NPs after incubation with PLL chains at pH = 7.3. For these experiments, 

NPs with a diameter of 200 nm were used in order to facilitate the removal of excess polymer 

chains by filtration on Amicon device after the incubation step (see Material and methods). The 

zeta potential distributions for the two types of nanoparticles before (commercial solutions) and 

after incubation with PLL (PLL-g-PNIPAM-coated NPs) are shown in Figure 4.3. 
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Figure 4.3. Zeta potential distributions of 200-µm CarboxyNPs (left) and NeutravNPs (right) from commercial 

solutions (dashed lines) and after incubation with PLL solutions (solid lines). The distributions are the average of three 

measurements by sample. 

 

Both commercial NeutravNPs and CarboxyNPs are highly anionic with a distribution of 

the zeta potential centered around –42 mV and –64 mV respectively. This value is not surprising 

for CarboxyNPs since surface carboxylic acids are deprotonated at pH = 7.3. The anionic character 

of NeutravNPs is less pronounced since Neutravidin is only slightly negatively charged at pH = 

7.3 (pI = 6.3). A fraction of the sample even exhibits near neutral surface charge as suggested by 

a small shoulder observed around –11 mV in the zeta potential distribution. After incubation of 

the NPs with PLL and filtration of the polymer excess, a shift of the zeta distribution towards “less 

negative” values was observed for both types of NPs. This effect can be attributed to a significant 

adsorption of cationic PLL chains at the surface of the NPs, hence increasing their surface charge 

by partial compensation of the initial anionic charges. For CarboxyNPs, the distribution has been 

shifted around –37 mV with a small shoulder reaching neutral values. For NeutravNPs, two 

populations of same magnitude have appeared, one still negatively charges around –38 mV and 

one near neutral around –5 mV. This partially efficient adsorption of PLL suggests that the 

NeutrAvidin surface coverage is non-uniform within the NPs sample. In any case, PLL apparently 

develops electrostatic interactions with negatively-charged surface-modified polystyrene 

nanoparticles, as it did with bare AuNPs. This ability of PLL to bind to anionic surface has already 
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been reported in the literature for various types of materials including silica, ceramics, plastics 

such as polystyrene, protein particles, etc.275–278 

The adsorption of PLL on NPs is not necessarily prejudicial per se (as long as it does not 

destabilize the NPs solution). However, it implies that functional PLL derivatives such as PLL-g-

PNIPAM may also coat anionic NPs. In that case, since PNIPAM chains become hydrophobic at 

high temperature, PLL-g-PNIPAM-coated NPs may undergo aggregation upon heating via inter-

coating hydrophobic interactions, as already demonstrated in previous works.278 This process has 

been assessed for “naked” and PLL-g-PNIPAM-coated NeutravNPs and CarboxyNPs by 

monitoring the evolution of their hydrodynamic diameter by DLS upon heating. To evidence any 

aggregation process occurring upon the LCST transition of PNIPAM, the mean hydrodynamic 

diameter measured at each temperature was normalized by the initial diameter value of ~ 200 µm 

obtained at 20 °C (see Figure 4.4). 

 

 

Figure 4.4. Evolution of the mean effective diameter measured by DLS in NPs solution upon heating. The effective 

diameter has been normalized by its initial value of 200 µm (at 20 °C) to evidence the progressive aggregation of 

PLL-g-PNIPAM-coated NPs compared to non-coated NPs. 
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For initial NPs solutions, the diameter was constant at each temperature between 20 °C and 

50 °C, indicating that the initial colloidal solutions are stable upon heating. For PLL-g-PNIPAM-

coated nanoparticles, the mean diameter measured in the samples is increasing continuously from 

35 °C to 50 °C. As this trend starts at a temperature that corresponds to the cloud point of PLL-g-

PNIPAM (see Chapter 1), this process can be reasonably attributed to a progressive agglomeration 

of NPs driven by hydrophobic interactions between the PLL-g-PNIPAM layers that decorate their 

surface. The amplitude of this phenomenon is markedly higher for CarboxyNPs than for 

NeutravNPs. Indeed the effective diameter of the aggregates at 50 °C is 6 times the diameter of 

the individual NPs in the case of CarboxyNPs, corresponding to an aggregation number of ~ 160 

NPs/aggregate (calculated as 0.74 × (
𝑑agg(𝑇=50°𝐶)

𝑑NP(𝑇=20°𝐶)
)

3

in a model of compact stacking of hard 

spheres). Conversely, in the case of NeutravNPs, the effective diameter is only 2 times the initial 

one meaning that the aggregates contain roughly 6 NPs. These results confirm that (i) PLL-g-

PNIPAM can adsorb at the surface of anionic nanoparticles without significant destabilization 

below the LCST of PNIPAM, (ii) the hydrophilic-to-hydrophobic transition of the PLL-g-

PNIPAM coating induces the aggregation of the NPs above the LCST, and (iii) the adsorption of 

PLL-g-PNIPAM seems more efficient on CarboxyNPs than on NeutravNPs since the aggregation 

process is more pronounced. This last point is consistent with a partial adsorption of PLL on 

NeutravNPs as previously suggested by a double distribution of zeta potential. 

 Regarding the initial goal of incorporating NPs in polymer capsules formed by interfacial 

complexation, the possibility to coat NPs with PLL-g-PNIPAM can actually be advantageous. As 

shown in Chapter 1, hydrophobic PNIPAM can be accumulated in pre-formed PLL-g-PNIPAM 

shells upon heating. As PLL-g-PNIPAM-coated NPs tend to form hydrophobic aggregates, we 

could expect their accumulation in PLL-g-PNIPAM shells as well. This phenomenon will be 

investigated by confocal microscopy on fluorescent NPs in the next section. 
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4.3 Design of composite polymer shells by interfacial 

complexation 

 

4.3.1 Incorporation of AuNPs in PLL-g-PNIPAM shells 

 

Because AuNPs are not fluorescent, their precise localization in PLL-g-PNIPAM capsules formed 

by interfacial complexation could not be probed by fluorescence microcopy. However, as AuNPs 

are metallic, their incorporation in PLL-g-PNIPAM capsules may be evidenced on SEM images 

by contrast with the polymer matrix. 

The capsules were formed and observed by SEM according following the protocols 

described in Chapter 1. Briefly, an aqueous solution was prepared by mixing 1 wt% of PLL-g-

PNIPAM with 0.05 wt% of 50-nm PVP-coated AuNPs in phosphate buffer, and then emulsified 

in FC-70 oil phase containing 0.03 wt% of Krytox to form aqueous-core polymer capsules by 

interfacial complexation. SEM imaging of dried capsules are shown in Figure 4.5.  

 

 

Figure 4.5. SEM micrographs of dried emulsion with 1 %wt of PLL-g-PNIPAM an 0.05% AuNPs in the aqueous 

phase and 0.05 wt% of Krytox in the oil phase. The small white dots correspond to AuNPs aggregated embedded in 

the polymer shell (as indicated by the white arrow on the second micrograph). 
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The presence of AuNPs in the formulation did not prevent the formation of PLL-g-

PNIPAM capsules (showing the same structural features than the one presented in Chapter 1 in 

absence of NPs). In addition, a multitude of nanometric white spots were clearly visible at the 

surface of the capsule shells, whereas they were absent in pure PLL-g-PNIPAM capsules. The 

typical size and high SEM contrast of these spots undoubtedly indicate that they are AuNPs 

aggregates, hence confirming an effective incorporation of the AuNPs in the polymer shell walls. 

However, AuNPs may have been embedded in the capsule envelope only upon drying. To 

better understand the interactions between NPs and PLL derivatives in emulsion droplets, AuNPs 

have been substituted by fluorescent NPs (NeutravNPs and CarboxyNPs) and the formation of 

polymer-NPs composite shells was investigated by confocal microscopy. 

 

4.3.2 Proof of concept on NeutrAvidin-modified polystyrene NPs 

 

For the proof of concept, the formation of polymer-NPs mixed shells was investigated in detail 

with fluorescent NeutravNPs. In these experiments, the PLL-g-PNIPAM used to form the capsules 

was not dye-labeled so that the fluorescence signal was only due to the NPs, enabling to directly 

visualize their distribution in the emulsion droplets. 

Figure 4.6.A show confocal micrographs of an emulsion containing 2 wt% of PLL-g-

PNIPAM and 0.025 wt% of NeutravNPs in the aqueous phase at 18 °C and 45 °C, below and above 

the LCST of PNIPAM respectively. At 18 °C, the NeutravNPs were homogeneously distributed 

within the droplets. At 45 °C, the NeutravNPs were essentially located at the droplet edge, 

indicating that they had been segregated at the water/oil interface concomitantly with the collapse 

transition of PNIPAM (occurring at 34 °C). This process of thermo-induced co-segregation of 

polymer chains and NeutravNPs at the interface is depicted in Figure 4.6.B (Krytox molecules 

and PLL positive charges have been removed for the sake of readability). It may be reasonably 

attributed to the combination of two results previously described: (i) the adsorption of PLL-g-

PNIPAM chains at the surface of NeutravNPs (see section 4.2.2) and (ii) the thermo-induced 

accumulation of PNIPAM derivatives onto the PLL-g-PNIPAM shell at high temperature (see 

section 3.5.3 in Chapter 1). In other words, PLL-g-PNIPAM-coated NPs become hydrophobic and 
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sticky at high temperature and agglomerate onto the polymer shell which is hydrophobic and sticky 

as well. 

 

 

Figure 4.6. Thermo-induced capture of NeutravNPs in PLL-g-PNIPAM shell upon collapse transition of PLL-g-

PNIPAM. A) Confocal micrographs of an emulsion containing 2 wt% of PLL-g-PNIPAM (non-fluorescent) and 0.025 

wt% of 50-nm fluorescent NeutravNPs in the aqueous phase and 0.05 wt% of Krytox in the oil phase, at 18 °C and 45 

°C (scale bars = 50 µm). B) Schematic representation of the thermo-induced co-segregation of PLL-g-PNIPAM and 

NeutravNPs at the interface upon heating. For the sake of readability, positive charges of PLL and Krytox molecules 

are not represented. C) Radial kymograph and fluorescence profiles of a representative droplet upon heating from 27 

°C to 45 °C (scale bars in the micrographs = 10 µm). D) Confocal micrographs and fluorescence radial profiles of a 

representative droplet over temperature switches between 18 °C and 45 °C. 

 

The evolution of the emulsion was recorded over time while temperature was increased 

(from 27 °C to 45 °C) to assess the dynamics of NeutravNPs more precisely within the droplets. 

For the representative droplet showed in Figure 4.6.C, the evolution of the radial profile and the 
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radial kymograph are represented along the temperature sweep. In the radial kymograph, the 

projections of the radial fluorescence image at increasing temperatures have been put side by side 

in a continuous image. It illustrates the progressive disappearance of fluorescence in the droplet 

core concomitantly with an accumulation of the fluorescence at the droplet edge. This process is 

also highlighted by the evolution of the radial profile as temperature rises: the uniform profile of 

fluorescence at low temperature (T < 34 °C) was progressively replaced by a sharp peak of 

fluorescence localized at the droplet edge (T > 34 °C).  

The consistency of the so-formed polymer-NPs mixed layer was assessed by two 

qualitative observations: (i) micron-size aggregates of NeutravNPs that had reached the interface 

were totally immobilized at 45 °C as shown in Figure 4.7, (ii) the corona of NeutravNPs formed 

at 45 °C did not redisperse as the emulsion was cooled below 34 °C (see Figure 4.6.D), suggesting 

that the co-segregation of NeutravNPs and PLL-g-PNIPAM at the interface was irreversible. 

Together, these data suggest that the polymer-NPs mixed layers formed upon heating behave like 

highly viscous or gel-like shells, probably due to PLL-NPs interactions that play the role of 

physical cross-links. 

 

 

Figure 4.7. Temporal evolution at 45 °C of a representative water droplet containing 2 wt% of PLL-g-PNIPAM and 

0.025 wt% of NeutravNPs, dispersed in oil phase containing 0.05 wt% of Krytox (scale bars = 10 µm). The white 

circle highlights the immobilization of a µm-size aggregate of NeutravNPs within the polymer shell. 

 

To confirm the role of hydrophobic PNIPAM strands in the thermo-induced accumulation 

of NeutravNPs at the interface, a control emulsion was made with non-thermo-responsive PLL-g-

PEG shells (PLL-g-PNIPAM was replaced by PLL-g-PEG in the formulation). The NeutravNPs 

distribution was uniform in the droplets at 18 °C and 45 °C (see Figure 4.8), without any noticeable 

aggregation at the interface upon heating. This result suggests that the interfacial capture of 
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NeutravNPs observed with PLL-g-PNIPAM was due to the thermo-responsiveness of PNIPAM 

strands and was not inherent to the nature of the NPs or to the very heating process. 

 

 

Figure 4.8. Control experiment with non-thermo-responsive PLL-g-PEG. A) Confocal micrographs of an emulsion 

containing 2 wt% of PLL-g-PEG (non-fluorescent) and 0.025 wt% of NeutravNPs in the aqueous phase and 0.05 wt% 

of Krytox in the oil phase, at 18 °C and 45 °C (scale bars = 50 µm). B) Radial fluorescence profile of the droplet 

encircled in white in the micrographs, at 18 °C and 45 °C. 

 

4.3.3 Case of anionic carboxylate-modified polystyrene NPs 

 

As a complement to the experiments on NeutravNPs, the thermally-induced capture of NPs in the 

polymer shell was also demonstrated with CarboxyNPs in identical conditions (see Figure 4.9). 
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Figure 4.9. Thermo-induced capture of Carboxy-NPs in PLL-g-PNIPAM shells. A) Confocal micrographs of an 

emulsion containing 2 wt% of PLL-g-PNIPAM (non-fluorescent) and 0.025 wt% of 50-nm CarboxyNPs fluorescent 

nanoparticles in the aqueous phase and 0.05 wt% of Krytox in the oil phase, at T = 18°C and T = 45°C (scale bars = 

30 µm). B) Fluorescence radial profiles of the droplet indicated with a white arrow in the micrographs. 

 

This new approach of formation of polymer-NPs (or “composite”) shells has the advantage to rely 

on a spontaneous self-assembly upon gentle heating and does not require any pre-modification of 

the NPs of interest or post-modification of the polymer capsules. The irreversible capture of NPs 

in PLL-g-PNIPAM shells has been demonstrated in the case of one type of NPs (NeutrAvidin-

coated) but this approach is likely to be generic as PLL can interact with a great variety of materials 

(silica, oxides, plastics, gold). 

 

4.4 Thermoplasmonic effect in AuNPs-loaded droplets 

 

4.4.1 Photothermal transition of PLL-g-PNIPAM in emulsion: a 

qualitative approach 

 

In section 4.3.1, we showed that AuNPs can be incorporated in the shell of PLL-g-PNIPAM 

capsules. As mentioned in Chapter 1 (section 2.3.4), AuNPs are interesting for their 

thermoplasmonic properties. The incorporation of AuNPs in PLL-g-PNIPAM capsules should in 

principle enable to trigger the thermal collapse transition of the polymer upon light irradiation in 
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individual droplets, instead of heating the whole sample. Qualitative experiments will be first 

presented as a proof of concept to show that photothermal effects can be generated in AuNPs-

loaded emulsion droplets and to identify the main parameters that have an influence on the 

efficiency of the process. Then a quantitative approach will be presented to measure in situ the 

temperature variations that can be generated by light excitation of AuNPs. 

 

4.4.1.1 Evidence for collapse transition of PLL-g-PNIPAM induced by light 

irradiation of AuNPs 

 

The possibility to use thermoplasmonic effects of AuNPs to trigger the aggregation of PLL-

g-PNIPAM was directly assessed in situ, i.e. in emulsion droplets. An aqueous solutions containing 

10 wt% of PLL-g-PNIPAM and 0.05 wt% of AuNPs (PVP-coated) was prepared in phosphate 

buffer and emulsified in an oil phase containing 0.05 wt% of Krytox. The use of a high 

concentration in PLL-g-PNIPAM should saturate the interface and facilitate the visualization of 

its collapse transition upon heating, through the formation of a large amount of micrometric 

aggregates in the droplet cores. 

A laser source emitting at 532 nm with a nominal power of 40 mW was used to excite the 

AuNPs. The laser beam was focalized on the sample through the side port of the LEICA 

microscope used to image the sample. At the level of the sample, the laser power was reduced up 

to 25 mW due to power losses within the microscope set-up. The diameter of the laser spot was 

typically 10 µm in the focal plane of the objective. 

Figure 4.10 shows an irradiation experiment on an individual droplet with a diameter of 

30 µm. The droplet was exposed to different light powers (5, 10, 15 mW) for a few seconds (Figure 

4.10.A). At 5 mW, some granules appeared in small region of the droplet after 10 s of irradiation, 

suggesting that enough heat had been generated to locally reach 34 °C and trigger the collapse 

transition of PLL-g-PNIPAM. This phenomenon is better evidenced at 15 mW since the droplet 

core gets entirely filled with polymer granules after only 1 s of irradiation. At 25 mW, the collapse 

transition of PLL-g-PNIPAM is turning into a macro-phase separation of the polymer within the 

droplet core after 10 s of irradiation.  
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Figure 4.10. Collapse transition of PLL-g-PNIPAM triggered by AuNPs thermoplasmonic effect. A) Phase contrast 

micrograph of an emulsion containing 10 wt% of PLL-g-PNIPAM and 0.05 wt% of AuNPs in the aqueous phase and 

0.05 wt% of Krytox in the oil phase. A 532-nm laser was focused on an individual 30-µm droplet to induce the collapse 

of PLL-g-PNIPAM in its core. The collapse transition of the polymer was clearly identified upon 1 s of irradiation 

with a light power P of 15 and 25 mW. B) Representation of the light-induced thermal collapse transition of PLL-g-

PNIPAM occurring in the water droplet via thermoplasmonic effects of encapsulated AuNPs. 

 

These preliminary results suggest that the presence of AuNPs in the water droplets allows to 

generate enough heat upon light irradiation to induce the collapse transition of PLL-g-PNIPAM. 

 

 

 

4.4.1.2 Parameters influencing the efficiency of light-induced PLL-g-PNIPAM 

collapse 

 

The possibility to induce the collapse of PLL-g-PNIPAM with light is intrinsically related 

to the maximum temperature increase that can be generated by AuNPs under irradiation. In a given 



129 

 

droplet, the temperature increase depends on two parameters: the number of encapsulated AuNPs 

(itself depending on the AuNPs concentration and the droplet size) and the laser power. The simple 

experiment presented in the previous section does not give access to a quantitative measurement 

of the temperature in the droplet. However, we can affirm that the temperature has exceeded the 

cloud point of PLL-g-PNIPAM (34 °C) as soon as the first polymer aggregates are visible in the 

droplet core. This qualitative approach can be used to perform a first screening of the crucial 

parameters that govern this process. 

Concretely, we prepared different emulsions containing 10 wt% of PLL-g-PNIPAM and 

different AuNPs concentration (from 0.020 wt% to 0.100 wt%). The emulsions were successively 

thermalized at 20 °C, 24 °C and 28 °C, i.e. at temperatures progressively closer to the theoretical 

cloud point of 34 °C. Accordingly, a progressively smaller increase of temperature should be 

required to trigger the collapse transition of PLL-g-PNIPAM entrapped in the droplets. At each 

temperature, we focused the 532-nm laser on different droplets (with diameters ranging from 20 

to 50 µm) and determined the light power which is required to observe the formation of polymer 

granules. The results are shown in Figure 4.11. 
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Figure 4.11. Laser power required to trigger the collapse transition of PLL-g-PNIPAM in emulsion droplets 

containing various concentrations in AuNPs and thermalized at different temperatures (error bars = standard deviation 

on 5-8 droplets). 

 

The laser power which is required to trigger the collapse of PLL-g-PNIPAM decreases as 

the AuNPs concentration increases and/or the temperature of the sample increases. These results 

are consistent with the fact that (i) the highest AuNPs concentrations generate the highest 

temperature raises at a given laser power and (ii) decreasing the temperature gap that separates the 

actual temperature from the cloud point enables to decrease the laser power required to trigger the 

collapse. 

The high dispersity that is observed for some experimental condition may be associated to 

an influence of the droplet size on the required laser power. However, we did not identify any 

consistent evolution of the laser power with the droplet size, probably because the droplets were 

not uniformly irradiated (the 10-µm laser spot was smaller than the droplets). At this stage, these 

experiments only provide qualitative arguments for choosing the suitable set of experimental 

parameters that may enable to trigger the collapse transition of PLL-g-PNIPAM with light. 

However, this method requires highly concentrated polymer solutions to visualize the collapse 

phenomenon, what is contradictory with the design of hollow capsules, and does not give access 

to quantitative values of temperature. 
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In the next section, we present an alternative microscopy approach that enables a 

quantitative measurement of the temperature in the droplet, independently of the presence of PLL-

g-PNIPAM. 

 

 

4.4.2 Quantitative analysis of thermoplasmonic effects in emulsion based 

on quantitative phase microscopy 

 

4.4.2.1 The measurement of temperature at microscales 

 

As demonstrated in the previous section, generating heat by thermoplasmonic effects is 

easy as it occurs as soon as AuNPs are irradiating with a sufficient laser power. The most 

challenging issue in any thermoplasmonic application is to be able to measure the temperature that 

is reached upon light excitation. Indeed, temperature gradients are generated at nano- and 

microscales that are obviously not accessible to standard thermometry techniques. The 

development of techniques for in situ measurement of temperature generated by thermoplasmonic 

systems is quite recent as it began in the last 2000s-early 2010s.204 The first thermometry 

techniques implemented in thermoplasmonics were essentially based on fluorescence properties 

of extrinsic reporters dispersed in the vicinity of the plasmonic structures. Indeed, many 

fluorescence features such as intensity, life-time, spectrum or anisotropy are temperature-

dependent.279 Thus, measuring changes of these properties upon heating may enable to retrieve 

local temperature values, provided a suitable calibration. However, these approaches based on 

fluorescence may be limited in terms of spatial resolution, and may suffer from measurement 

biases related to photo- or thermo-bleaching of the fluorescent reporters.204 As an alternative, label-

free and non-invasive imaging techniques – that may have already been used for “conventional” 

microscopy – have been adapted for temperature mapping of thermoplasmonic nanostructures. It 

was the case of quantitative phase microscopy techniques. Before detailing how they can be used 

in the context of thermoplasmonics, these techniques will be presented in more detail. 

 



132 

 

4.4.2.2 Quantitative phase imaging 

 

When a sample is subjected to a uniform light illumination, a distortion of the incident 

planar wavefront is observed as the light passes through refractive features (Figure 4.12). 

Quantitative Phase Microscopy (QPM) techniques are based on the detection of this wavefront 

distortion to retrieve structural information on the sample. More precisely, QPM measures the 

optical path difference (OPD), also termed optical thickness in the literature, imprinted to the light 

wavefront upon sample imaging.280 The OPD, usually denoted 𝛿, contains information on the 

geometrical profile and the refractive index of the distorting objects crossed by the illumination 

light. Since the OPD is directly proportional to the phase delay undergone by light during its 

propagation, the OPD image of the sample can be converted in a phase image, hence the term of 

quantitative phase microscopy. 

 

 

Figure 4.12. Physical values measured and imaged by Quantitative Phase Microscopy techniques. A) Distortion of a 

planar light wavefront passing through a refractive object characterized by a geometrical profile ℎ(𝑥, 𝑦) and a 

refractive index 𝑛. B) The wavefront distortion can be equivalently quantified either by the optical phase difference 

𝛿(𝑥, 𝑦) or by the phase delay which are both directly proportional to the geometrical profile of the illuminated 

object.280 

 

Classical microscopy techniques are based on the measurement of light intensity. They are 

sensitive to diffusive or reflecting objects but are less suitable for imaging samples which are 

mostly transparent. QPM techniques have the advantage to be highly sensitive to very small 

variations of refractive index, enabling the imaging of multi-media transparent samples, such as 

living cells,281 with a high spatial resolution. For this reason, QPM techniques have been 
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extensively used for the observation of biological samples, and so much so that QPM has been for 

long restricted to this application field.282 

The extension of QPM to the fields of physics and material science is only a recent trend, 

that has been instigated by Guillaume Baffou at the Fresnel Institute in Marseille. In this context, 

QPM turned out to be particularly efficient for the characterization of thermoplasmonic systems 

and for the precise mapping of temperature at microscales. Indeed, upon excitation, plasmonic 

nanostructures generate temperature gradients in their vicinity that result in refractive index 

variations in the surrounding medium. These local variations of refractivity may induce the 

wavefront distortion of planar light used to image the sample (see Figure 4.13). By mapping the 

OPD upon plasmonic excitation, QPM techniques may thus enable to retrieve the temperature 

distribution around the plasmonic nanostructure.283 

 

 

Figure 4.13. Distortion of a planar light wavefront passing through a temperature gradient locally generated by the 

photoexcitation of a plasmonic gold nanoparticle. 

 

The most common QPM techniques are based on the generation of interferences as it is a 

simple way to convert (invisible) phase information in (visible) intensity modulations. These 

techniques, such as digital holographic microscopy, rely on the splitting of the source light along 

two paths, one passing through the sample the other not, to create an interference pattern that 

contains the phase information of the sample.284 These techniques benefit from high spatial 

resolution but suffer from instability issues. Indeed, extended propagation paths are required for 

the interfering light beams. Thus, the interference-based optical set-ups are highly sensitive to 

environmental perturbations (vibrations, temperature variations), resulting in ersatz fringes or 

speckle features that deteriorate the quality of the final phase image. 
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 Alternative QPM techniques, that do not involve extended set-up, can be used for phase 

imaging of thermoplasmonic systems. Grating-shadow phase microscopy is one of these technics 

and will be presented in the next section. 

 

4.4.2.3 The technique of grating-shadow phase microscopy 

 

Grating-Shadow Phase Microscopy (GSPM) is a QPM technique based on wavefront 

sensing as described in the previous section. This technique follows on from precursor works of 

Primot in the mid-90s and has been commonly termed Quadriwave Lateral Shearing 

Interferometry in the literature.280 The name of Grating-Shadow Phase Microscopy has been 

recently proposed as a simpler and more relevant alternative to better understand and disseminate 

this microscopy technique.280 

GSPM relies on an imaging system made of the association of a specific diffraction grating 

and a classic CCD camera. The grating is a bidimensional periodic arrangement of transmitting 

glass squares (windows) separated by opaque horizontal and vertical lines. A chessboard-like 

phase pattern is imprinted on the grating such that adjacent windows alternatively induce a phase 

delay of 0 or 𝜋 to the transmitted light (see Figure 4.14). 

 

 

Figure 4.14. Grafting-Shadow Phase Microscopy imaging system composed of a bidimensional 0 − 𝜋 chessboard 

grating placed just in front of a CCD camera. The grating is typically made of 300 × 300 |
0 𝜋
𝜋 0

| unit cells. 
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The image formed on the camera sensor upon illumination of the grating is called 

interferogram. It is made of fringes resulting from the interference between the multiple diffracted 

beams coming out of the grating. Because of the 0 − 𝜋 chessboard pattern, only symmetrical first 

diffraction orders along two orthogonal directions participate significantly to the interference 

phenomenon (Figure 14.A). In these conditions the interferogram generated by a planar irradiation 

is the exact shadow of the grating (i.e. a periodic bidimensional arrangement of bright squares 

separated by dark lines), as if light was passing in straight line through the windows without 

undergoing diffraction effects (Figure 14.B).280 Interestingly, a local distortion of the incident 

wavefront results in a local deformation of the shadow pattern (Figure 4.15.B). As a consequence, 

the interferogram generated by the illumination of a complex sample is not a regular but a distorted 

grating shadow that “geometrically” contains the sample phase information. An OPD image of the 

sample can be retrieved from the distorted interferogram thanks to an algorithm based on image 

processing in the Fourier space (Figure 4.16).285 
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Figure 4.15. Wavefront sensing with Grating-Shadow Phase Microscopy. A) Formation of the chessboard grating’s 

shadow by interference of 4 first diffraction orders along two orthogonal directions upon transmission of a planar 

incident light. B) Distortion of the shadow pattern upon distortion of the incident light wavefront: tilting or curving 

the wavefront may induce the translation or spreading/shrinking of the shadow, respectively.280 
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Figure 4.16. Main steps involved in the GSPM algorithm that enables to retrieve a phase (or OPD) map from the 

distortion of the interferogram fringes. The 2D Fourier transform (FT) of the interferogram reveals orthogonal first 

order diffraction spots (𝐻𝑥 and 𝐻𝑦) that can be demodulated (isolated) in the Fourier space. The inverse Fourier 

transform (FT-1) of these spots yields two complex images, whose arguments (Arg(𝐻𝑥) and Arg(𝐻𝑦)) correspond to 

wavefront gradient maps along the two orthogonal directions. A 2D integration of these gradient maps eventually 

yields the phase image of the sample.285 

 

GSPM has many advantages compared to other common QPM techniques. Thanks to the high 

pixel density on the grating, GSPM benefits from a high spatial resolution, which is basically 

limited by the optical resolution of the camera. It also benefits from a high sensitivity, the typical 

standard deviation of an OPD noise image being ~ 0.1 nm.280 With these performances, GSPM 

turned out to be particularly appropriate for the imaging and characterization of nanoparticles (with 

sizes down to 60 nm diameter).286 As previously mentioned, the light coming out of the grating 

behaves as if it has not been subjected to diffraction. A reliable image of the interferogram can 

thus be formed by placing the sensor of the camera only 1 mm behind the grating. The interference 

phenomenon occurring in a very short space, GSPM is not sensitive to environmental perturbations 

and is thus more stable and robust than other interference-based QPM techniques. In addition, 

GSPM does not require temporal coherence for the illumination, and is even more effective with 

a polychromatic source. A commercial GSPM device has been commercialized by the company 

PHASICS, and can be easily implemented on any optical set-ups, including on the side port of 

commercial microscopes. 

 

4.4.2.4 Use of GSPM for imaging of thermoplasmonic systems 
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Based on wavefront sensing of refractive index variations as depicted in Figure 4.13, GSPM has 

been successfully implemented for the characterization of thermoplasmonic systems and the 

measurement of temperature gradients at the microscales. Baffou et al. developed a suitable 

algorithm to retrieve, from the OPD image obtained by GSPM, the distribution of heating power 

and temperature gradients generated by gold nanostructures upon plasmonic excitation.283 Note 

that two contributions may be observed in raw OPD images of a plasmonic nanostructure: the OPD 

due to the nanostructure itself (highly refractive compared to its environment) and the OPD due to 

the local variations of refractive index induced by heating. This latter contribution can be isolated 

by simply subtracting the OPD image of the nanostructure from the OPD image during photo-

excitation. 

 

 

Figure 4.17. GSPM mapping of light-induced heat generation in a gold nanostructure excited at 808 nm and 

illuminated with a white source. a) SEM image of the targeted gold nanostructure. b) Map of OPD generated by the 

local heating of the nanostructure upon plasmonic excitation (the OPD due to the nanostructure itself was subtracted). 

c) Map of heating power density dissipated by the nanostructure, retrieved from image processing of the OPD map 

with a suitable algorithm. d) Temperature distribution around the nanostructure, also deduced from image processing 

of the OPD map.283 

 

The image processing developed by Baffou et al. to retrieve temperature maps is restricted 

to the characterization of 0D, 1D or 2D heat sources, i.e. individual nanoparticles (nanospheres or 

nanowires) or arrays of such nanoparticles. This method is no longer suitable for 3D heat source 
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distributions (i.e. sources much larger than the illumination wavelength along the three spatial 

dimensions). Indeed, since the OPD maps correspond to a 2D projection of the sample phase, all 

the contributions gathered along the direction of light propagation are overlapping in the final 

image. Complex deconvolution processes may be required to retrieve such 3D source distributions, 

and have never been developed so far. For now, direct 3D temperature mapping from raw images 

of OPD has been restricted to the study of 2D heat sources (by reconstruction from stacked OPD 

images).287 For more complex heat source distributions, simulation is required to correlate OPD 

imaging with temperature distributions.  

 

Our system (AuNPs-loaded emulsion droplets) is a typical example of complex 3D heat 

source distribution for which the temperature field cannot be analytically retrieved from OPD maps 

provided by GSPM. COMSOL simulations of temperature distributions on an approximate model 

may be helpful to correlate the OPD images of the sample to actual in situ temperatures. The 

following sections will present and discuss this approach. 

 

 

4.4.2.5 Experimental set-up and measurement of OPD profiles 

 

The GSPM experiments were performed in Guillaume Baffou’s lab at the Fresnel Institute in 

Marseille. The experimental set-up of is shown in Figure 4.18. It was used to image the OPD 

induced by AuNPs-loaded emulsion droplets upon thermoplasmonic irradiation. In the following, 

the sample will consist in a water-in-oil emulsions containing 1 wt% of PLL-g-PNIPAM and 0.025 

wt% of PVP-coated AuNPs in the aqueous phase and 0.05 wt% of Krytox in the oil phase. The 

emulsion was injected in a capillary with an internal height of 100 µm. 

 The sample was illuminated from the top with a 625-nm planar illumination. The OPD 

image of the sample was recorded with the GSPM wavefront sensing device presented in Figure 

4.14. The plasmonic excitation of AuNPs was performed by irradiated the sample from the bottom 

with a 532-nm laser. The diameter of the laser spot in the focal plane of the objective was set to 

50 µm (a uniform irradiation was thus ensured for droplets smaller than 50 µm). The laser power 
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delivered to the sample was typically between 0 and ~ 40 mW, which correspond to an irradiance 

(i.e. a power per unit area) between 0 and ~ 20 µW/µm². 

 

 

Figure 4.18. Experimental grating-shadow phase microscopy set up. The sample is a water-in-oil emulsion injected 

in a glass capillary. The water droplets (blue disks) are loaded with 1 wt% of PLL-g-PNIPAM (not showed) and 0.025 

wt% AuNPs (red dots). The sample is illuminated by the top with a 625-nm red diode and excited by the bottom with 

a 532-nm laser (green). The OPD image of the sample is recorded with the GSPM device previously described. 

 

In the following, the protocol for imaging and post-processing will be detailed for a droplet 

with a diameter of 30 µm. Figure 4.19 shows the interferogram of the droplet provided by GSPM. 

A zoom on the edge of the droplet highlights the distortion of the grating shadow. From this 

interferogram, intensity and OPD images of the droplets are generated by the GSPM software. In 

the OPD image, the droplet appears as a bright white disk standing out of the dark background 

generated by the continuous oil phase. This sharp contrast suggests that the presence of the water 

droplet imprints a large OPD to the transmitting light, generated by the mismatch of refractive 

index between water and oil. A crucial point to have mind for the quantitative interpretation of 

such image is the fact that an OPD value measures a “difference”. In the sample image, OPD 

values can be retrieved by measuring differences of “grey level” between two regions of the 
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sample. As an alternative, the grey level can be arbitrarily and uniformly set to zero at a given time 

of acquisition or for a given image in order to directly measure OPD in the images recorded at 

further acquisition time. 

From the raw OPD image showed in Figure 18, we could deduce the OPD generated by 

the water droplet using the oil background as a “zero” baseline. The profile of the droplet indicates 

a maximum OPD of 𝛿 = 900 𝑛𝑚 reached at the center (projection of the longest droplet portion 

crossed by light). This positive value confirm that the refractive index of water is higher than the 

oil’s one. This latter can even be deduced from the formula presented in Figure 4.12: 

𝑛𝑂  =  𝑛𝑊 − 𝛿/𝑑 = 1.30 with 𝑑 =  30 µm the droplet diameter and 𝑛𝑊 = 1.33 the refractive 

index of the water droplet assimilated to pure water (the presence of the polymer and the AuNPs 

is neglected). This experimental value of 𝑛𝑂 fits exactly with the value indicated by the commercial 

data sheet of the oil. 

 

 

Figure 4.19. Interferogram, intensity image, and OPD image of a 30-µm droplet recorded by GSPM (scale bar = 15 

µm). The zoom on the droplet edge in the interferogram reveals the distorted grating shadow (scale bar = 2 µm). The 

OPD profile of the droplet highlight the high contrast between the water droplet and the continuous oil phase  

(𝛿 = 900 𝑛𝑚 at the center of the droplet 𝑋 = 0). 
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The previous images were obtained in absence of plasmonic excitation. When the green laser was 

turned on, heat was generated by the AuNPs dispersed in the water droplet, inducing an additional 

contribution to the OPD signal. To isolate this thermoplasmonic contribution, a reference image 

of the droplet was taken before laser irradiation and was subtracted from the image recorded upon 

laser irradiation. Concretely, the OPD image of the sample was uniformly set to 0 just before 

irradiation (Figure 4.20). Upon laser irradiation, an OPD pattern appeared and was characterized 

by a dark and diffuse corona at the periphery of the droplet, surrounded by a bright oil background 

(Figure 4.20). This distribution of grey values suggests that OPD is negative in the droplet 

compared to the oil phase, which is consistent with a local decrease of the refractive index of the 

medium upon heating (the 
𝑑𝑛

𝑑𝑇
 coefficient of liquids is negative). As the manipulation and graphical 

representation of negative values can be counterintuitive and confusing, the data treatment of 

GSPM images will be systematically done with absolute values of OPD. To retrieve quantitative 

values, a zero OPD reference should be taken in a region which has not been perturbed by 

temperature gradients generated by thermoplasmonic effects. The ideal choice would be to take 

this reference infinitely far from the droplet but, since the imaging field of view is limited, we are 

compelled to set the OPD reference arbitrarily as far as possible from the droplet, but we are aware 

that it does not correspond to a real “zero”. Figure 4.20 shows the OPD radial profile of the droplet 

upon laser irradiation, plotted in absolute values with the OPD origin set arbitrarily far from the 

droplet center. This radial profile shows that a high OPD is generated in the droplet (with a 

maximum value reached at the periphery) and then diffuses in the oil phase with a characteristic 

spatial decay. 
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Figure 4.20. OPD images of the droplet before and during laser irradiation (𝜆 = 532 nm, 𝐼 = 12.7 µW/µm²) and the 

corresponding radial profiles (plotted in absolute value and arbitrarily set to 0 far from the droplet). The OPD was 

uniformly set to 0 before irradiation to specifically isolate the contribution of the thermoplasmonic effect on the 

wavefront distortion upon irradiation. Scale bars = 20 µm. 

 

 

4.4.2.6 Mathematical modelling of the decay portion of the OPD radial profile 

 

In theory, the OPD decay observed in the oil phase should asymptotically reach 0 infinitely far 

from the droplet but it was arbitrarily set to 0 at a finite distance due to the spatial limitations of 

the image. A theoretical fit of this decay should enable to properly rescale the OPD curve and to 

retrieve the actual values of OPD. A simple model is proposed to describe the system and predict 

the evolution of the OPD in the oil phase. Axisymmetric side-view representation of the droplet is 

shown in Figure 4.21. The 𝑧 axis corresponds to the axis of light propagation (downwards for the 

illumination and upwards for the excitation laser) and its origin is set on the upper capillary side. 

Since the aqueous phase is less dense than the oil phase, the water droplet is in contact with the 

upper capillary side. According to the side view micrographs shown in Chapter 1 (Figure 3.7), the 

top of the droplet is slightly flattened by the contact with the glass slide, from a distance denoted 

𝑒 and which is typically ~ 1 µm. Accordingly, the center of the droplet is shifted in 𝑧 = −𝑅 + 𝑒 

where 𝑅 is the droplet radius. The 𝑥 axis goes along the upper capillary side and its origin is set 

vertically above the center of the droplet. Since the system show a rotational invariance around the 

𝑧 axis, the analysis of the system can be restricted to the (xz) plane to deduce radial properties. 
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Figure 4.21. Axisymmetric side-view representation of the system. The water droplet of radius 𝑅 (containing the 

AuNPs) is in contact with the upper capillary side (the droplet is flattened on a distance 𝑒). The center of the water 

droplet is set at the position (𝑥 = 0; 𝑧 = −𝑅 + 𝑒). The heat generated by the droplet (assimilated to a uniform spherical 

heat source delivering a power 𝑄) creates a local increase of temperature 𝛿𝑇(𝑥, 𝑧) at each position 𝑟(𝑥, 𝑧) from the 

droplet center. This local temperature increase induces a local variation of refractive index in the oil phase 𝛿𝑛0(𝑥, 𝑧) 

that can be integrated along the 𝑧 axis to retrieve the OPD radial profile. 

 

Upon the plasmonic excitation of AuNPs, a certain amount of heat, denoted 𝑄, is produced in the 

droplet and is supposed to be uniformly distributed such that the droplet can be seen as an isotropic 

spherical heat source (we neglect the droplet flattening in the model). Following the heat equation, 

the progressive diffusion of heat through the medium generates temperature gradients. Assuming 

that the steady state is rapidly reached, a simple expression of the temperature field in the oil phase 

can be derived: 

 

In this expression, 𝑟 designates the radial distance from the droplet center. By restricting this 

equation to the (xz) plane, the distance 𝑟 is expressed in cartesian coordinates as follows:  

𝑟 =  √𝑥² + (𝑧 + 𝑅 − 𝑒)²  

(see schematic in Figure 4.21). 𝜅𝑜 = 0.07 𝑊. 𝑚−1. 𝐾−1 designates the thermal conductivity of 

the oil phase (commercial data sheet) and 𝑇∞ corresponds to the temperature infinitely far from 

the heat source (for 𝑥 → ∞) and is equal to room temperature, i.e. 𝑇∞ = 273 𝐾. This equation 

can be rewritten in terms of temperature increase ∆𝑇 = 𝑇(𝑟)  − 𝑇∞ and in cartesian coordinates 

for 𝑥 > 𝑅: 

𝑇(𝑟 > 𝑅) =
𝑄

4𝜋𝜅𝑜

1

𝑟
+ 𝑇∞ 
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∆𝑇(𝑥, 𝑧) =
𝑄

4𝜋𝜅𝑜

1

√𝑥² + (𝑧 + 𝑅 − 𝑒)²
 

 

From a physical point of view, an infinitesimal variation of temperature 𝛿𝑇 in the oil phase induces 

an infinitesimal variation of refractive index 𝛿𝑛𝑂, which is given by 𝛿𝑛𝑂 =
𝑑𝑛𝑂

𝑑𝑇
𝛿𝑇 with 

𝑑𝑛𝑂

𝑑𝑇
=

−3.16 × 10−4 𝐾−1 (this value has been measured with GSPM, see section 7.9.3 in Appendix A). 

 

Local variations of refractive index are at the origin of the OPD signature observed upon 

laser irradiation. The OPD radial profile in the oil phase (along the 𝑥 direction) can be calculated 

by integration of the infinitesimal variations of refractive index of the oil along the 𝑧 direction (i.e. 

the direction of light transmission): 𝑂𝑃𝐷(𝑥 > 𝑅) = ∫ 𝛿𝑛𝑂(𝑥, 𝑧)𝑑𝑧
0

−𝐻
= ∫

𝑑𝑛𝑂

𝑑𝑇
𝛿𝑇(𝑥, 𝑧)𝑑𝑧

0

−𝐻
 

Assuming that 
𝑑𝑛𝑂

𝑑𝑇
 is a constant and that 𝛿𝑇(𝑥, 𝑧) can be assimilated to ∆𝑇(𝑥, 𝑧), we obtain: 

𝑂𝑃𝐷(𝑥 > 𝑅) =
𝑑𝑛𝑂

𝑑𝑇

𝑄

4𝜋𝜅𝑜
∫

𝑑𝑧

√𝑥2 + (𝑧 + 𝑅 − 𝑒)²

0

−𝐻

 

 

The calculation of the integral eventually yields an analytical expression for the OPD in 

the oil phase for 𝑥 > 𝑅: 

𝑂𝑃𝐷(𝑥 > 𝑅) =
𝑑𝑛𝑂

𝑑𝑇

𝑄

4𝜋𝜅𝑜
𝑙𝑛 [

𝑅 − 𝑒 + √𝑥2 + (𝑅 − 𝑒)²

𝑅 − 𝑒 − 𝐻 + √𝑥2 + (𝑅 − 𝑒 − 𝐻)²
] = 𝐴 × 𝑓(𝑥) 

where 𝐴 =
𝑑𝑛𝑂

𝑑𝑇

𝑄

4𝜋𝜅𝑜
 is a constant depending on the heat source power and structural parameters of 

the oil phase, and 𝑓(𝑥) = 𝑙𝑛 [
𝑅−𝑒+√𝑥2+(𝑅−𝑒)²

𝑅−𝑒−𝐻+√𝑥2+(𝑅−𝑒−𝐻)²
] is a decreasing function depending on the 

structural parameters of the droplet (radius 𝑅, flattening distance 𝑒) and the thickness of the 

capillary 𝐻. 

 

Since 
𝑑𝑛𝑂

𝑑𝑇
< 0, the constant 𝐴 as well as the final OPD are negative, what is consistent with 

the experimental observations. But as previously mentioned, the OPD data are treated in absolute 

values for the sake of convenience. With that in mind, the theoretical OPD is a decreasing function 
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that tends to 0 for 𝑥 → ∞. This asymptotical behavior was not observed in the experimental OPD 

profile (since the curve was artificially set to 0 at a finite distance from the droplet center), but can 

be retrieved by applying a suitable offset to the curve. The offset value can be introduced in the 

form of an additive constant 𝐵 in the analytical expression of the OPD used for the fit, now reading: 

𝑂𝑃𝐷(𝑥) = 𝐴 × 𝑓(𝑥) − 𝐵. 

In the fitting procedure, the constants 𝐴 and 𝐵 were let free to optimization but the 

definition of the function 𝑓 was fed with the experimental values of 𝑅, 𝑒 and 𝐻. The value of 𝐵 

given by the fit was used to shift up the experimental curve and thus retrieve the asymptotical 

behavior of the OPD profile. The fitting procedure is demonstrated on a 30-µm droplet (𝑅 = 15 

µm) for different laser irradiances (Figure 4.22). The values of 𝑒 and 𝐻 were fixed at 1 µm and 

100 µm respectively. The fit was only applied to the tail of the decay portion as it gave less reliable 

results in the region near the droplet. This hiatus is likely due to an over-simplification of the model 

to derive the analytical expression of the radial OPD. In particular, we used an expression for the 

temperature field which is only valid for an isotropic source heat in a uniform medium. We did not 

take into account the presence of the capillary sides that (i) break the isotropy of heat diffusion and 

(ii) induces a local modification of the thermal conductivity (along the oil/glass interface, the 

effective conductivity is the mean of the conductivity of the two media). These effects are 

predominant near the droplet but can be neglected far from it. 
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Figure 4.22. Rescaling of the experimental OPD radial profiles by an appropriate fit of the decay portion. Left: 

Experimental OPD radial profiles of the 30-µm droplet under study for different laser irradiances. All the curves were 

artificially set to 0 at a distance arbitrarily far from the droplet center. The tail of the decay portion of the profiles was 

fitted with the analytical function derived from the mathematical model: 𝐴 × 𝑓(𝑥) − 𝐵 where 𝐴 and 𝐵 were unfixed 

parameters and 𝑓(𝑥) =  𝑙𝑛 [
𝑅−𝑒+√𝑥2+(𝑅−𝑒)²

𝑅−𝑒−𝐻+√𝑥2+(𝑅−𝑒−𝐻)²
] with 𝑅=15µm, 𝑒=1µm, 𝐻=100µm. Right: The curves were shifted 

up by addition of the offset parameter 𝐵 deduced from the fit. Doing that, the OPD profiles retrieved the asymptotical 

behavior which is physically expected, i.e. OPD → 0 when 𝑥 → ∞. 

 

After application of the suitable offset, the experimental OPD profiles exhibit the expected 

asymptotical behavior (Figure 4.22). The thermal signature of the droplet was quantified by the 

measurement of the OPD value at the center of the droplet, termed “core OPD”. This parameter 

was plotted as a function of the irradiance for the 30-µm droplet under study in Figure 4.23.  
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Figure 4.23. Evolution of the droplet core OPD value extracted from the rescaled experimental profiles as a function 

of the laser irradiance. 

 

At this stage, GSPM only gives quantitative OPD values in the water droplet upon 

thermoplasmonic excitation. A quantitative value of temperature cannot be directly deduced from 

the raw OPD measurement. But reciprocally, an OPD radial profile can be easily calculated from 

a given temperature distribution, for example generated by simulation tools. This “retro-active” 

approach was used to correlate the core OPD values obtained experimentally to the temperature 

locally reached in the droplet. 

 

4.4.2.7 Simulation of OPD profiles with COMSOL 

 

COMSOL simulations were performed on the same 2D axisymmetric geometrical configuration 

than presented in the previous section to predict the temperature distribution in the droplet and the 

surrounding oil. To enable the direct comparison with the precedent experimental part, the 

simulation will be demonstrated on a droplet with 30 µm diameter. Figure 4.24.A shows the 

simulation domain, with the different media and the corresponding thermal diffusion coefficients. 

The water droplet (radius R, volume V) is defined as a uniform heat source that delivers a heating 

power Q (set as an input parameter in the simulation). The temperature field is obtained by solving 

the stationary heat equation in all the domain (−κWΔT = Q/V in the droplet and ΔT = 0 out of 

the droplet). For that COMSOL uses the finite element method on a triangular integration mesh 
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showed in Figure 4.24.B. The mesh size was refined at the droplet periphery to precisely assess 

the temperature distribution around the water/oil interface. Figure 4.24.C shows the temperature 

map resulting from the numerical simulation for 𝑄 = 0.3 𝑚𝑊. The highest temperature is reached 

in the bottom half-portion of the droplet (here ~ 12 °C for 𝑄 = 0.3 𝑚𝑊). Due to the presence of 

the capillary side on top of the droplet, a “pseudo-radial” temperature gradient is generated in the 

oil phase surrounding the side and bottom part of droplet. The range of this gradient is proportional 

to the heating power (here ~ 70 µm for 𝑄 = 0.3 𝑚𝑊). 

 

 

Figure 4.24. COMSOL simulation of the temperature field generated by a 30-µm droplet. A) Axisymmetric projection 

of the simulation domain (restricted to the direct vicinity of the droplet). The thermal diffusion coefficients 𝜅 and the 
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expression of the heat equation are indicated for each medium. The simulation domain was contained in a sphere 

which was 500 µm in radius (way larger than the droplet radius), used to fix the boundary condition 𝑇∞ = 273 𝐾. B) 

Integration mesh used to solve the heat equation. C) Temperature map obtained for a heating power 𝑄 = 0.3 𝑚𝑊 

uniformly distributed in the water droplet. 

 

The temperature map provided by COMSOL simulations can be post-processed to retrieve 

the local temperature increase 𝛥𝑇 and the corresponding variation of refractive index 𝛥𝑛 in the 

droplet and the oil phase. The 𝛥𝑛 map was calculated by multiplying each pixel of the 𝛥𝑇 map 

with the appropriate 
𝑑𝑛

𝑑𝑇
 coefficient, namely −0.90 × 10−4 𝐾−1 in the water droplet and −3.16 ×

10−4 𝐾−1 in the oil phase. Figure 4.25.A and B show the 𝛥𝑇 and 𝛥𝑛 maps of a 30-µm droplet for 

𝑄 =  0.3 𝑚𝑊 (the domain has been restricted to the capillary interior on a length of 100 µm). The 

𝛥𝑛 map reveals that the largest variations of refractive index (in absolute values) are obtained in a 

thin oil layer surrounding the water droplet, and not in the droplet core where the highest 

temperatures are yet reached. This corona-like pattern is essentially due the highest thermal 

sensitivity of the oil phase compared to the water phase (the 
𝑑𝑛

𝑑𝑇
 coefficient is 3.5 times higher for 

the oil compared to water). 
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Figure 4.25. Image processing of the temperature map to retrieve numerical OPD profiles (demonstrated on a 30-µm 

droplet). A) Maps representing the variations of temperature and refractive index in the domain, deduced from the raw 

temperature map provided by COMSOL simulation (for a heating power of 30 mW). B) OPD radial profile calculated 

by numerical integration of the map of variations of refractive index along the z direction. C) Correlation between the 

OPD (measured on profile C) and the maximum temperature variation (measured on map A) in the core of the droplet. 

This process has been reproduced for different values of heating power used in the COMSOL simulation. 

 

A numerical radial OPD profile can be deduced from the 𝛥𝑛 image by summing the 

intensity of the pixels along the columns (which is the numerical equivalence of an integral along 

the z direction). This operation was made with absolute values of Δn to get positive OPD profiles 

(to be consistent with the analysis of the experimental data). Figure 4.25.C shows the OPD radial 

profile calculated from the Δn map showed in  Figure 4.25.B (for 𝑄 =  0.3 𝑚𝑊). This profile 

generated numerically shows the same qualitative features than the profiles obtained 
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experimentally (see Figure 4.22), suggesting that our system can be successfully simulated with 

COMSOL. In addition, the value of the core OPD measured on the numerical profile (at the center 

of the droplet) can be directly correlated to the maximum temperature increase in the droplet core 

(which was measured on the ΔT map). A linear relationship between these two parameters can be 

eventually obtained by running the simulation and numerical processing for different heating 

powers on the same droplet geometry. Figure 4.25.D shows this correlation curve for the model 

30-µm droplet under study. For any droplet of radius 𝑅, a linear relationship reading ∆𝑇𝑚𝑎𝑥 =

𝛼(𝑅) × 𝑂𝑃𝐷𝑐𝑜𝑟𝑒 (with 𝛼(𝑅) a coefficient depending on the droplet radius) can be deduced from 

simulation. This relationship will be applied to the experimental OPD profiles to retrieve the 

temperature increase reached in the droplet. 

 

4.4.2.8 Conversion of experimental OPD in temperature increase 

 

Thanks to the OPD-∆𝑇 correlation obtained numerically with COMSOL simulations, we can 

convert the core OPD measured in the experimental profiles into a maximum temperature increase 

reached in the droplet core, as demonstrated in Figure 4.26 for the droplet under study. The values 

of temperature increase (right axis) have been deduced from the core OPD values (left axis) via 

the linear relationship presented in Figure 4.25. 
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Figure 4.26. Determination of the temperature increase reached in the droplet core from the correlation between the 

experimental OPD value (left axis) and the simulated temperature map obtained with COMSOL (right axis, see Figure 

4.25.C) in a 30-µm droplet for different laser irradiances. 

 

This approach coupling experimental data and simulation enables to retrieve quantitative 

values of temperature increase in AuNPs-loaded droplets subjected to thermoplasmonic effects. 

For the 30-µm droplet under study, the temperature in the core of the droplet can reach 45 °C 

(increase by 20 °C) for the higher irradiance that was tested, i.e. temperature well above the LCST 

of PLL-g-PNIPAM. 

 

 This thermometry approach was used for droplets of different diameters: 20, 23, 27 and 30 

µm (the latter being the droplet under study in the previous figures). For each droplet size, the 

evolution of the core OPD as a function of the laser irradiance was measured experimentally. Then 

the OPD-∆𝑇 correlation was determined with COMSOL simulations and was used to retrieve the 

temperature increase in the droplet core as function of the laser irradiance (Figure 4.27). 
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Figure 4.27. Evolution of the maximum temperature increase reached in the droplet core as a function of the laser 

irradiance for different droplet diameters. 

 

A general trend appears from Figure 4.27: the largest the droplet, the highest the temperature 

increase in the droplet core. It may be explained by the fact that smaller droplets contain a lower 

amount of AuNPs, resulting in a lower production of heat upon irradiation. As an illustrative 

example, the temperature increases by less than 8 °C in a 20-µm droplet versus more than 20 °C 

in a 30-µm droplet for the same irradiance of 20 µW/µm². Moreover, the quasi-superimposition of 

the curves for the 23 and 27 µm droplet suggests that these two droplets contain a similar number 

of AuNPs, indicating concentration heterogeneities between the droplets in the same emulsion. To 

achieve a better control on the droplet size and AuNPs loading, an interesting way to explore would 

be the production of the emulsion by microfluidics. With this approach a proper calibration of the 

temperature increase as a function of the droplet size and the AuNPs concentration may be easier 

to implement. 

 

These results demonstrate that GSPM can be used as a micro-thermometry technique to access the 

temperature generated in-situ by thermoplasmonic effects in individual droplets. However, this 

approach can face some experimental difficulties that need to be mentioned. First, the technique is 

highly sensitive to the movement of the droplet upon irradiation. Since a reference OPD image is 

taken at a given droplet position before irradiation, any translational movement of the droplet 
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during the measurements imprints a strong OPD signature on the image. This signal is associated 

to the high water-oil contrast that masks the contribution of thermoplasmonic effects and alters the 

associated OPD radial profiles (especially at the periphery of the droplet). Second, low 

concentrations of PLL-g-PNIPAM are required to avoid the formation of micron-size polymer 

aggregates in the core of the droplets at high temperature (i.e. at high irradiance). Indeed, these 

aggregates may also contribute to the wavefront distortion and may perturb the quantitative 

analysis of the heating-induced OPD. This effect was typically observed at 2 wt% and 5 wt% in 

PLL-g-PNIPAM. Therefore, we used a concentration of 1 wt% for which the formation of visible 

aggregates was not observed. Third, the droplets can undergo stability issues over prolongated 

periods of irradiation, that can lead to droplet burst or polymer leakage in the oil phase. These 

negative effects were particularly observed at high irradiance (> 15 µW/µm²) and/or high AuNPs. 

That is why the irradiance range was limited and the AuNPs concentration was restricted to 0.05 

wt%. 

 

 

4.4.3 Application: light-induced accumulation of nanoparticles in PLL-g-

PNIPAM shells 

 

In the previous sections, we demonstrated that the collapse transition of PLL-g-PNIPAM in 

emulsion droplets can be induced by the photoexcitation of AuNPs and that the temperature 

reached in the core of the droplets can be measured thanks to grating-shadow phase microscopy. 

We proposed to apply this light-responsiveness to trigger the thermo-induced accumulation of NPs 

in the polymer shell (described in section 4.3.2) with a better spatio-temporal control. The idea 

would be to mix fluorescent NeutravNPs and plasmonic AuNPs with PLL-g-PNIPAM in the 

emulsion droplets. As demonstrated in section 4.3.2, an accumulation of NeutravNPs can be 

observed at the droplet periphery upon heating, mediated by the collapse transition of PLL-g-

PNIPAM. In absence of AuNPs, the heating process was performed at the scale of the whole 

sample within a few minutes. The addition of AuNPs in the aqueous phase may enable to trigger 
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the thermo-induced interfacial accumulation upon laser excitation at the level of an individual 

droplet and quasi-instantaneously. 

As a proof of concept, an aqueous solution containing 1 wt% of PLL-g-PNIPAM, 0.01 

wt% of NeutravNPs and 0.05 wt% of AuNPs was prepared and emulsified in an oil phase 

containing 0.05 wt% of Krytox. As in section 4.3.2, the distribution of NeutravNPs in the droplets 

was assessed with confocal imaging. The plasmonic excitation could not be directly implemented 

within the confocal microscope since it was not equipped with sufficiently powerful laser source 

in the green range. The plasmonic excitation was performed on the commercial microscope used 

for bright field imaging (see Chapter 1), supplemented with a 532-nm laser diode that can deliver 

a nominal power up of 25 mW at the level of the sample (see Appendix A). The diameter of the 

laser spot was set to 20 µm in focal plane. 

 

 

Figure 4.28. Light-induced accumulation of NeutravNPs in the PLL-g-PNIPAM shell via the thermoplasmonic 

excitation of AuNPs. A) Confocal micrographs of an emulsion containing 1 wt% PLL-g-PNIPAM, 0.01 wt% of 
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NeutravNPs and 0.05 wt% of AuNPs in the aqueous phase and 0.05 wt% of Krytox in the oil phase. The emulsion 

was imaged at 25 °C before and after 532-nm light irradiation of an individual droplet (indicated with a white arrow) 

for 30 s at 31.8 µW/µm², and then uniformly heated at 45 °C (scale bars = 30 µm). B) Fluorescence radial profiles of 

the droplet indicated with a white arrow. C) Core fluorescence level of the droplet indicated with a white arrow 

expressed as a fraction of the initial value at 25 °C (error bars = standard deviation of the mean). 

 

Figure 4.28.A shows confocal micrographs of the emulsion at 25 °C before and after laser 

irradiation of an individual droplet (indicated by a white arrow) for 30 s with an irradiance of 31.8 

µW/µm². The fluorescence signal detected in the micrographs is only due to NeutravNPs. Before 

irradiation, they were uniformly distributed in all the droplets of the emulsion, as expected at room 

temperature according to previous results (see section 4.3.2). After irradiation, a bright corona was 

observed at the periphery of the targeted droplet, in addition to a decrease of the fluorescence level 

in the core. This pattern, highlighted in the fluorescence radial profile in Figure 4.28.B, is 

characteristic of the thermal-induced accumulation of NeutravNPs in the PLL-g-PNIPAM shell 

which has been described in section 4.3.2. In comparison, a uniform volume distribution was still 

observed in the other droplets. This result demonstrates that the interfacial capture of NPs in the 

PLL-g-PNIPAM shell can be triggered with light in individual droplets. After the irradiation 

experiment, the whole emulsion was thermalized at 45 °C, i.e. above the LCST of PLL-g-

PNIPAM. At this temperature, the thermo-induced accumulation of NeutravNPs at the interface 

was observed in all the droplets, as expected regarding the results of section 4.3.2. In the droplet 

previously targeted with the laser, this step of uniform heating induced a further decrease of the 

fluorescence level that almost fell to 0 (see the radial profile in Figure 4.28.B). This result suggests 

that the migration of NeutravNPs towards the interface was only partially achieved upon light 

irradiation and was less efficient than a global heating of the system. This result is quantitatively 

confirmed by the comparison of the fluorescence level in the droplet core after irradiation at 25 °C 

and after heating at 45 °C. Figure 4.28.C shows that 60 % of the fluorescence has disappeared 

after irradiation, compared to 95 % after heating. 

This result suggests that the temperature has not reached 45 °C in the droplet upon 

irradiation of the AuNPs, at least non uniformly or not during enough time. However, considering 

the size of the droplet (34 µm diameter) and the irradiance used during the experiment (31.8 

µW/µm²), the irradiation should generate at least 20 °C in the core of the droplet according to the 
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GSPM results (since 20 °C were reached with 20 µW/µm² in a 30-µm droplet, see Figure 4.27). 

The lower efficiency observed in the confocal experiments was probably due to the non-uniform 

irradiation of the droplet, as the diameter of the laser spot (20 µm) was smaller than the droplet 

diameter (34 µm). Accordingly, the temperature reached in the sample was not uniform, and likely 

lower along the equatorial periphery of the droplet, which could explain the partial migration of 

the NeutravNPs to the interface. This issue of non-uniform irradiation was not experienced in the 

GSPM experiments since the diameter of the laser spot in the focal plane was 50 µm, i.e. larger 

than the droplet size. 

The same experiment was performed with higher irradiances on droplet of similar sizes 

and on smaller droplets, but the decrease of the fluorescence core level was always around 60 %. 

We demonstrated that the segregation of NPs in the polymer shell can be induced by light in 

presence of AuNPs but some additional experiments should be made to precisely assess the 

efficiency of this process. In particular, the optical set-up should be optimized to enable the 

plasmonic excitation and the confocal observation on the same device. This may enable to observe 

the evolution of the NPs distribution concomitantly to the laser excitation, especially to determine 

the influence of the irradiation time on the process. 

 

 

4.5 Conclusion 

 

In this Chapter we demonstrated that our system based on interfacial complexation of PLL 

derivatives enables the straightforward formation of “composite” shells associating polymer and 

NPs. We evidenced the propensity of PLL to adsorb at the surface of NPs of different nature such 

as gold NPs, or carboxylate- or protein-modified polystyrene NPs. In particular, we showed that 

PLL-g-PNIPAM can coat the NPs and induce their aggregation upon hydrophilic-to-hydrophobic 

transition of the PNIPAM strands. We transposed this phenomenon in emulsions, in conditions of 

interfacial complexation of PLL-g-PNIPAM. We demonstrated that NPs, that were initially 

dispersed in the core of the droplets at ambient temperature, spontaneously accumulated at the 

surface of the droplets upon heating above the cloud point of PLL-g-PNIPAM. We attributed this 
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process to a thermo-induced aggregation of the NPs and their progressive capture in the polymer 

shell, driven by hydrophobic interactions between PNIPAM chains localized both at the surface of 

the NPs and at the water/oil interface. Interestingly, the NPs remained segregated in the polymer 

shell when the emulsion was cooled back to ambient temperature. We thus evidenced a 

straightforward way to incorporate NPs in polymer shells without resorting to chemical reactions 

or capsule post-processing. 

In the context of “composite” capsules, gold NPs (AuNPs) are particularly attractive due 

to their capability to convert light into heat at the microscale via thermoplasmonic effects. We 

demonstrated that, in presence of AuNPs, the thermal transition of PLL-g-PNIPAM can be 

achieved upon light irradiation. We applied this technique to successfully trigger the thermo-

induced accumulation of NPs in the polymer shell upon light irradiation for a few seconds in 

individual droplets, showing the potential of the technique to achieve a better spatio-temporal 

control of the capsule stimulation. 

We also developed a protocol based on quantitative phase imaging to measure the 

temperature that can be reached in AuNPs-loaded droplets upon thermoplasmonic excitation. This 

protocol relies on the measurement of optical path difference induced by local temperature 

gradients generated upon AuNPs excitation. Thanks to a calibration obtained by simulation, the 

optical path difference can be converted in a local measurement of the temperature increase. This 

technique revealed that the temperature can be increased by more than 20 °C in a few ms in 

sufficiently large droplets (typically 30 µm), which is promising for on-demand delivery upon 

photo-thermal stimulation. 
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5.1 Introduction 

 

In Chapter 3, we evidenced the potential of PLL comb-like derivatives to form polymer shells by 

interfacial complexation. We made an exhaustive study on a LCST derivative, namely PLL-g-

PNIPAM, to characterize physico-chemical changes of the shell upon temperature variations. In 

Chapter 4, we demonstrated that the thermal response of PLL-g-PNIPAM enables the capture NPs 

in the polymer shell when its state is switched to hydrophobic, i.e. at high temperature.  

In this Chapter, we propose to extend our approach with the study of a UCST comb-like 

derivative of PLL, namely PLL-g-PAAMAN. We evidenced the formation of PLL-g-PAAMAN 

shells by interfacial complexation, switching from a hydrophobic state at ambient temperature to 

a hydrophilic state upon heating. This work constitutes, as far as we know, the first demonstration 

of the formation of aqueous-core polymer microcapsules exhibiting a UCST behavior. This system 

is particularly promising for delivery applications since it implies the solubilization of the capsule 

shell upon heating, and consequently the release of the encapsulated content. 

We demonstrated that NPs can be incorporated in the PLL-g-PAAMAN shell during the 

preparation of the emulsion, resulting in “composite” capsules at ambient temperature. Upon 

heating, the NPs were redispersed in the droplet core, resulting from the solubilization and partial 

redispersion of the PLL-g-PAAMAN shell. In addition, we demonstrated that the phase transition 

of the polymer shell can be induced upon light irradiation in presence of AuNPs, paving the way 

to photo-thermal delivery from UCST polymer capsules. 
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5.2 Synthesis of PLL-g-PAAMAN polymer and formation of 

PLL-g-PAAMAN shells by interfacial complexation 

 

5.2.1 PAAMAN polymers 

 

The PAAMAN polymers used in this work were synthesized in the group of Prof. Yue Zhao 

(Sherbrooke University, Canada). Only two polymers, named P1 and P2, will be presented as 

potential candidates for the formation of UCST capsules (Figure 5.1). P1 and P2 were synthesized 

by RAFT from two different RAFT agents, with acrylamide/acrylonitrile ratios of 0.72/0.28 and 

0.66/0.34 respectively (see Appendix A for experimental details). The molecular masses were 12 

kDa and 15 kDa respectively.  

The cloud point of each polymer was evaluated by turbidity measurements on solutions at 

1 wt% in water (Figure 5.1). The cloud point was ~39 °C for P1 and ~45 °C for P2 (temperature 

corresponding to 50 % of transmittance). At this stage, P1 seems more appropriate for delivery 

applications since its cloud point is lower and easier to reach in biological contexts. 

 

 

Figure 5.1. Structure of the two PAAMAN polymers considered as candidates for the formation of polymer capsules 

and the corresponding turbidimetry heating curves (at 1 wt% in pure water). 
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The physical behavior of the two PAAMAN polymers in solution was further analyzed by 

bright field confocal microscopy (Figure 5.2). Solutions at 10 wt% in pure water were heated at 

48 °C (above their cloud point) and then cooled back to 18 °C to trigger the collapse transition of 

the polymer. 

 

 

Figure 5.2. Confocal micrographs of solutions of the two PAAMAN polymers at 10 wt% in pure water upon cooling 

from 48 °C to 18 °C (scale bars = 50 µm). 

 

Upon cooling, each polymer undergoes a liquid-liquid phase separation characteristic of a UCST-

type behavior, but the dynamics of their polymer-enriched phase is drastically different. P1 forms 

liquid droplets that rapidly coalesce and relax whereas P2 forms gel-like irregular aggregates that 

partially and slowly merge. This difference of behavior can be due to several factors: the difference 

in chain composition (monomer ratio, end-groups, chain length), the potential presence of residual 

traces of solvent synthesis, or the degree of hydration of the initial polymer powder.  

The gel-like behavior of P2 seems more appropriate for the formation of robust/rigid 

polymer shells at ambient temperature and was selected for the rest of the experiments (despite its 

higher cloud point). Accordingly, in the following the term of PAAMAN will refer to the polymer 

P2. 
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5.2.2 Synthesis of PLL-g-PAAMAN copolymer 

 

As for PNIPAM in Chapter 1, non-ionic PAAMAN chains were grafted onto PLL to drive 

its interfacial complexation at the surface of emulsions droplets. However, the PAAMAN chains 

were terminated by carboxylic acid groups at both ends. A direct coupling on PLL (via 

esterification) would thus promote the formation of cross-links and not the formation of comb-like 

copolymers. As an alternative, the central trithiocarbonate unit of PAAMAN chains was cleaved 

by aminolysis to yield two shorter chains terminated by a thiol group at one end. Then the grafting 

of thiol-terminated PAAMAN strands onto PLL was mediated by an intermediary short PEG linker 

terminated with an NHS-ester group at one end (for the anchoring on PLL) and a maleimide group 

at the other (for thiol-ene click reaction). The synthesis of PLL-g-PAAMAN was achieved in one-

pot according to a two-step procedure described in Appendix A and schematized in Figure 5.3. 

In this synthesis, a slight excess of PEG linkers was used compared to aminolyzed PAAMAN 

moieties to achieve the complete incorporation of the PAAMAN chains introduced in the reactive 

bath (typically 7 mol% of the side amino groups of PLL were functionalized with the linker, for 

2-4 wt% of thiol-terminated PAAMAN strands produced in situ). 

Fluorescent derivatives of PLL-g-PAAMAN were obtained by addition of a reactive 

fluorophore that can be grafted on PLL (rhodamine-NHS or coumarin-NHS) during the first step 

of the synthesis. 

 

 

Figure 5.3. Synthesis procedure for the grafting of PAAMAN strands on a PLL backbone using an intermediary 

poly(ethylene glycol) difunctional linker. MEA = monoethanolamine, TCEP = tris(2-carboxyethyl)phosphine. 
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The composition of the PLL-g-PAAMAN copolymer can be tuned by adjusting the 

PLL/PAAMAN weight ratio during the synthesis. In the following, most of the results are related 

to two copolymers with different PLL/PAAMAN weight ratio : 

o PLL0.53-g-PAAMAN0.47 with a PLL/PAAMAN weight ratio of 53/47 wt%, obtained by 

grafting 6 PAAMAN strands on a 52 kDa PLL. 

o PLL0.42-g-PAAMAN0.58 with a lower PLL/PAAMAN ratio of 42/58 wt%, obtained by 

grafting 4 PAAMAN strands grafted on a 22 kDa PLL. 

 

The thermoresponsiveness of PLL-g-PAAMAN in solution will be illustrated in the case of 

PLL0.53-g-PAAMAN0.47. The cloud point of this copolymer (at 1 wt% in pure water) was measured 

at ~ 49 °C, i.e. 4 °C above the cloud point of non-grafted PAAMAN (dashed lines in Figure 5.4), 

indicating that the grafting on PLL slightly shifted the UCST of PAAMAN chains towards higher 

temperature. This behavior can be attributed to the participation of PLL in the inter-PAAMAN 

hydrogen-bond network, hence favoring the aggregative state of the polymer on a broader 

temperature range.  

For practical reasons related to microscopy observations, we needed to decrease the cloud 

point of PLL-g-PAAMAN solutions, typically below 45 °C. For that, we supplemented the 

polymer solutions with 20 mM of the chaotropic salt KSCN.1 In these conditions, a “salting out” 

effect was observed for non-grafted PAAMAN for which the cloud point was shifted from 45 °C 

to 40 °C (Figure 5.4). Interestingly, this effect was more important for PLL-g-PAAMAN with a 

decrease of the cloud point from 49 °C to 37 °C and a significant broadening of the temperature 

range of the UCST transition (now ranging from 30 °C to 48 °C). Thanks to this cloud point 

adjustment, the thermo-responsive behavior of PLL-g-PAAMAN could be observed in a 

temperature window which was (i) more accessible in the confocal microscopy set-up and (ii) 

more appropriate for biological applications. 
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Figure 5.4. Adjustment of the cloud point of PLL-g-PAAMAN solutions with thiocyanate salt. A) Turbidimetry 

heating curves of pristine PAAMAN and PLL0.53-g-PAAMAN0.47 solutions at 1 wt% in either pure water or 20 mM 

KSCN solution. B) Cloud points extracted from the turbidimetry curves at 50 % transmittance (the bars indicate the 

initial and final temperatures of the UCST transition). 

 

5.2.3 Formation of PLL-g-PAAMAN capsules 

 

The formation of PLL-g-PAAMAN shells was achieved by interfacial complexation in water-in-

oil emulsions as presented in Chapter 1, except that the emulsification was not performed at room 

temperature but well above the cloud point of PLL-g-PAAMAN. Briefly, an aqueous phase 

containing PLL-g-PAAMAN (typically in the wt% range) and 20 mM KSCN was emulsified at 

60 °C in a continuous oil phase made of FC-70 oil containing Krytox surfactant (typically at 0.05-

0.1 wt%). 

The distribution of the polymer in the emulsion droplets after cooling down to 18 °C was 

assessed by confocal microscopy using rhodamine-labeled PLL-g-PAAMAN. Figure 5.5.A and 

B shows the results for PLL0.53-g-PAAMAN0.47 and PLL0.42-g-PAAMAN0.58, respectively. 

For PLL0.53-g-PAAMAN0.47, the bright fluorescent corona observed at the periphery of the 

droplets was indicative of the formation of a polymer shell (Figure 5.5.A). For PLL0.42-g-

PAAMAN0.58, micrometric globular aggregates punctuating both the core and the periphery of the 

droplets were observed (Figure 5.5.B). These results suggest that the ability of PLL-g-PAAMAN 

to adsorb at the water/oil interface is highly dependent on the composition of the polymer, and 
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seems to require a relatively high PLL/PAAMAN weight fraction (or at least a sufficiently long 

PLL chain length). The predominance of PAAMAN in the polymer (in terms of weight fraction) 

may favor phase separation under the form of globules below the cloud point – as do non-grafted 

PAAMAN chains, hence promoting clustering in solution instead of complexation at the water/oil 

interface. 

 

 

Figure 5.5. Influence of the composition of PLL-g-PAAMAN on the ability to form polymer shells 

by interfacial complexation. Water-in-oil emulsions were prepared at 60 °C with 1 wt% of 

rhodamine-labeled PLL-g-PAAMAN and 20 mM of KSCN in the aqueous phase and 0.05 %wt of 

Krytox in the oil phase. A) Polymer shells were effectively formed at the periphery of the water 

droplets in the case of PLL0.53-g-PAAMAN0.47, after cooling the emulsion down to 18 °C. B) In 

the case of PLL0.42-g-PAAMAN0.58, the flat deposition of the polymer at the interface was 

supplanted by a globular association of the polymer within the droplet core. Scale bar in the 

confocal micrographs = 30 µm. 

 

The impact of chain length and grafting ratio on the behavior of PLL-g-PAAMAN in emulsion 

would deserve further studies to rationalize the synthesis of the copolymer and optimize the 

formation of uniform capsule shells. In this study however, PLL0.53-g-PAAMAN0.47 has been used 

for the proof of concept. In the following, this polymer will be simply referred to as PLL-g-

PAAMAN for the sake of readability. 
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5.3 Thermoresponsive behavior of PLL-g-PAAMAN shells 

 

5.3.1  Thermal transition assessed with ANS fluorescence 

 

As for PLL-g-PNIPAM in Chapter 2, the fluorescence of ANS was used as an extrinsic 

polarity/hydrophobicity probe. Figure 5.6 shows confocal micrographs of a representative droplet 

containing PLL-g-PAAMAN (non-fluorescent) and ANS below and above the cloud point. High 

fluorescence intensity at the surface of the droplets at 18 °C validates the hydrophobic nature of 

the polymer shell below the cloud point. In contrast, a low and homogeneous fluorescence was 

observed in the droplet at 48 °C, suggesting a highly hydrophilic environment both in the core and 

near the interface. When the temperature was brought back below the cloud point, the high 

fluorescence level was recovered at the surface of the droplet interface. These results confirm the 

existence of a reversible hydrophobic-to-hydrophilic transition of the PLL-g-PAAMAN upon 

heating. 

 

 

Figure 5.6. Visualization of the UCST-type transition of PLL-g-PAAMAN shell using ANS as extrinsic fluorescent 

probe. A) Confocal micrographs of a representative droplet containing 1 wt% PLL-g-PAAMAN and 100 µM ANS in 

20 mM KSCN, dispersed in oil containing 0.05 wt% Krytox. The emulsion was thermalized at 18 °C, 48 °C and 18 

°C successively. B) Fluorescence radial profiles of the droplet. 
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5.3.2 Measurement of polymer surface excess with intrinsic fluorescence 

measurements 

 

The thermo-responsiveness of the shell was quantitatively assessed in-situ by measuring the 

surface excess while increasing the temperature above the cloud point (from 18 °C to 48 °C). Upon 

heating, a decrease of the fluorescence level was observed in the interfacial layer concomitantly 

with an increase of the fluorescence level in the core of the droplets, as illustrated by the 

fluorescence radial profiles obtained by confocal imaging (see Figure 5.7.A and B). This 

qualitative evolution was attributed to the hydrophobic-to-hydrophilic transition of the PAAMAN 

strands that may induce the solubilization of the interfacial polymer layer and its partial 

redispersion in the core, as depicted in Figure 5.7.A. The quantitative measurement of the polymer 

surface excess previously introduced in Chapter 1 was implemented here in the case of PLL-g-

PAAMAN. The evolution of the surface excess as a function of the droplet diameter or the residual 

core concentration at 18 °C and 48 °C are shown in Figure 5.7.C and D, respectively. These data 

confirm that the raise of temperature induces (i) a decrease of the surface excess for any droplet 

size (of 45 % in average) and (ii) an increase of the polymer concentration in the core of the 

droplets (of 130 % in average). These results are consistent with a partial solubilization of the 

hydrophilic PLL-g-PAAMAN shell upon heating. 
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Figure 5.7. Quantification of the polymer surface excess by intrinsic fluorescence measurements. A) Confocal 

micrographs of a representative water droplet containing 1 wt% of rhodamine-labeled PLL-g-PAAMAN (in 20 mM 

KSCN) dispersed in FC-70 oil containing 0.05 wt% of Krytox at 18 °C and 48°C (scale bars = 20 µm). B) Fluorescence 

radial profiles of the droplets. C) Evolution of the surface excess of PLL-g-PAAMAN as a function of the droplet 

diameter at 18 °C and 48 °C, calculated from fluorescence measurements. D) Evolution of the surface excess of PLL-

g-PAAMAN as a function of the residual polymer concentration in the droplet core at 18°C and 48°C (colored domains 

are guides for the eye). Box plots give the min/Q1/median/Q3/max values of the distribution of the residual core 

concentration. 

 

 

5.3.3 Evaluation of the fluidity of the polymer shell by fluorescence 

recovery after photobleaching 

 

Changes in fluidity/dynamics of the polymer shell with temperature was assessed by Fluorescence 

Recovery After Photobleaching (FRAP). FRAP experiments were performed on coumarin-labeled 
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PLL-g-PAAMAN shells (prepared in the same concentration and temperature conditions as 

described above) at 18 °C and 48 °C (Figure 5.8.A). The fraction of mobile chains within the 

polymer shell, denoted 𝑀𝑓, was deduced from the following equation: 

𝑀𝑓 =
𝐼∞ − 𝐼0

𝐼𝑖 − 𝐼0
 

where 𝐼𝑖 was the fluorescence intensity before bleaching (fixed at 1 by normalization), 𝐼0 the 

intensity just after bleaching and 𝐼∞ the intensity at t = 2 min (assuming that a steady state was 

approximately reached at this time). Representative curves are shown in Figure 5.8.B. At 18 °C, 

almost no fluorescence recovery was observed in the photobleached area, indicating that mobile 

chain fraction was below 10 %. In these conditions, the diffusion of polymer chains within the 

shell below the cloud point is likely frozen. In contrast at 48 °C, a partial recovery was observed 

at t = 2 min. suggesting a diffusion of the chains in the polymer shell (an estimate of the mobile 

fraction being here slightly above 50%). These results are consistent with a thermo-induced 

transition of the polymer shell from a solid-like (or frozen) state to a fluid-like state upon heating. 
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Figure 5.8. Fluorescence Recovery After Photobleaching (FRAP) experiments on thermoresponsive PLL-g-

PAAMAN shells. A) Confocal micrographs of representative droplets containing 1 wt% of coumarin-labeled PLL-g-

PNIPAM (in 20 mM KSCN) during FRAP experiments at 18 °C and 48 °C (scale bars = 5 µm). B) Left: FRAP curves 

from the top experiments. Right: polymer mobile fraction 𝑀𝑓 =  
𝐼∞−𝐼0

𝐼𝑖−𝐼0
 calculated from the fluorescence intensity levels 

measured in the FRAP curves at 18 °C and 48 °C (error bars = standard deviation on 5 and 8 droplets respectively). 

 

As a comparison, FRAP experiments were conducted in the same conditions on a non-

thermoresponsive coumarin-labeled PLL-g-PEG (Figure 5.9). Compared to PAAMAN strands, 

PEG strands do not develop inter-chain hydrogen bonds that may affect the dynamics of the chains 

within the shell. At 18 °C the mobile fraction of PLL-g-PEG reaches ~45 %, which is far above 

the mobile fraction obtained for PLL-g-PAAMAN (< 10 %). This difference in dynamics at low 

temperature confirms the frozen nature of the PLL-g-PAAMAN shell, associated to a robust inter-

polymer hydrogen-bond network. At 48 °C, the mobile fraction of PLL-g-PEG increases up to ~70 

%. This fluidification is due to the temperature-dependent nature of the diffusion process (the 
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diffusion coefficient increases with temperature). This evolution was also observed in the case of 

PLL-g-PAAMAN but at a lower level (up to ~50 % of mobile chains), suggesting that the PLL-g-

PAAMAN shell becomes more fluid above the cloud point but is still less fluid than a “model” 

polymer exhibiting no specific polymer interactions. 

 

 

Figure 5.9. Fluorescence Recovery After Photobleaching (FRAP) experiments on non-thermoresponsive PLL-g-PEG 

shells. A) Confocal micrographs of representative droplets containing 1 wt% of coumarin-labeled PLL-g-PEG (in 20 

mM KSCN) during FRAP experiments at 18 °C and 48 °C (scale bars = 5 µm). B) Left: FRAP curves from the top 

experiments. Right: polymer mobile fraction 𝑀𝑓 =  
𝐼∞−𝐼0

𝐼𝑖−𝐼0
 calculated from the fluorescence intensity levels measured 

in the FRAP curves at 18 °C and 48 °C (error bars = standard deviation on 6 droplets). 
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5.4 Towards the formation of UCST-type composite capsules 

 

5.4.1 Incorporation of NeutravNPs in PLL-g-PAAMAN shells 

 

We assessed the capacity of PLL-g-PAAMAN to drive the co-precipitation of nanoparticles and 

accordingly the straightforward formation of polymer-particles mixed shells. We used NeutravNPs 

as a proof of concept, as we did for PLL-g-PNIPAM shells in Chapter 2. 

NeutravNPs were added in the aqueous phase containing PLL-g-PAAMAN prior to 

emulsification at 60 °C. Cooling down the emulsion to ambient temperature led to the segregation 

of the NeutravNPs in the PLL-g-PAAMAN shell, ascribed to a hydrophobic co-aggregation of 

polymers chains and NPs at the interface (see Figure 5.10.A). Heating the system up to 48 °C 

enabled to recover soluble NeutravNPs uniformly distributed in the droplet cores (see Figure 

5.10.B). Interestingly, when the sample was cooled back below the cloud point, NeutravNPs were 

mostly recaptured in the shell. This reversible process associated to the reversible transition of 

PLL-g-PAAMAN is schematized in Figure 5.10.A and highlighted in the radial profiles of a 

representative droplet shown in Figure 5.10.B. 

These results show that NPs can be spontaneously embedded in the polymer shell upon its 

formation. This approach is promising for the straightforward design of UCST-type composite 

capsules. 
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Figure 5.10. Reversibility of the capture of NeutrAvidin-coated fluorescent nanoparticles (NeutravNPs) upon UCST-

type transition of PLL-g-PAAMAN. A) Top: Confocal micrographs of droplets containing 1 %wt of PLL-g-

PAAMAN and 0.025 wt% of NeutravNPs at 18 °C, 48 °C and 18 °C successively (scale bars = 30 µm). Bottom: 

Partial schematics representing the state of PLL-g-PAAMAN and the distribution of the NeutravNPs in the droplets 

as observed in the top micrographs (Krytox molecules are not represented for the sake of readability and the scale was 

not respected). B) Fluorescence radial profiles of the droplets indicated with a white arrow in the top micrographs (the 

droplet at step 3 is different from the one at steps 1 and 2). 

 

5.4.2 Encapsulation of AuNPs and photothermal stimulation 

 

The possibility to incorporate NPs in PLL-g-PAAMAN adlayers was extended to the formation of 

polymer shells doped with AuNPs to impart light-responsiveness to the capsules. As AuNPs were 

not fluorescent, their presence in the polymer shell at low temperature was assessed by comparison 

of SEM pictures of droplets subjected to (i) homogenization at 60°C with or without AuNPs 

present in the aqueous phase, (ii) cooling down to room temperature, and (iii) drying at ambient 
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air (Figure 5.11). In absence of AuNPs, the surface of PLL-g-PAAMAN is smooth, except the 

presence of cracks and folds that probably appeared during the drying step. In presence of AuNPs, 

white dots and aggregates at clearly visible at the surface of the PLL-g-PAAMAN capsules and 

are ascribed to the AuNPs. The presence of AuNPs at the outer surface of the capsules suggests 

that they can be (at least partially) embedded in the PLL-g-PAAMAN shell upon formation below 

the cloud point. 

  

 

Figure 5.11. SEM micrographs of dried PLL-g-PAAMAN capsules prepared from aqueous phases with or without 

PVP-coated AuNPs (scale bars = 10 µm). The original emulsions contained 1 wt% PLL-g-PAAMAN with/without 

0.05 wt% AuNPs and 20 mM KSCN in the aqueous phase and 0.1 wt% Krytox in the oil phase. 

 

We assessed the possibility to trigger the dissolution of the PLL-g-PAAMAN shell via light 

irradiation of encapsulated AuNPs. An emulsion was prepared with 2 wt% of PLL-g-PAAMAN 

and 0.05 wt% of AuNPs in the aqueous phase (20 mM KSCN) and 0.1 wt% of Krytox in the oil 

phase. The emulsion was observed at 25 °C under phase contrast microscopy (Figure 5.12). At 

this temperature, no polymer globules were visible in the core of the droplets and the periphery 

was slightly irregular, suggesting the presence of PLL-g-PAAMAN shells. When a 532-nm laser 

beam was focused on a given droplet, we should expect an increase of temperature via 

thermoplasmonic effect of AuNPs, that may eventually trigger the solubilization transition of the 

PLL-g-PAAMAN shell. This light-induced process was not clearly visible in phase contrast 
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microscopy, except through a slight shrinkage of the droplet. When the laser was turned off, 

polymer granules instantaneously appeared in the droplet core Then the granules progressively 

migrated from the core to the periphery of the droplet and merged to retrieve the initial shell 

configuration. This suggests that (i) the temperature was raised above the cloud point upon light 

irradiation and (ii) polymer chains have been detached from the interface upon heating and have 

been redispersed in the core (iii) upon cooling they precipitate first under the form of aggregates 

that eventually migrate to the interface. The entire process is depicted below the micrographs in 

Figure 5.12. 

 

 

Figure 5.12. Light-triggered dissolution of PLL-g-PAAMAN shell induced by thermoplasmonic effects of co-

encapsulated AuNPs. The phase contrast micrographs represent a water droplet containing 2 wt% of PLL-g-PAAMAN 

and 0.05 wt% of AuNPs (in 20 mM KSCN) dispersed in oil phase containing 0.1 wt% of Krytox, and thermalized at 

25 °C (scale bar = 10 µm). The droplet was irradiated with a 532-nm laser at 15 mW for a few seconds. After turning 

off the laser, polymer granules spontaneously formed in the droplet core and progressively migrate towards the 

interface in a few minutes. 
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5.5  Encapsulation of a model protein 

 

The compatibility of the PLL-g-PAAMAN shells with the presence of a protein encapsulated in 

the core of the droplets was tested on the model eGFP, as it was done in Chapter 2 for PLL-g-

PNIPAM shells. 

 Figure 5.13 shows confocal micrographs of an emulsion containing 1 wt% of rhodamine-

labeled PLL-g-PAAMAN and 50 µM of eGFP in the aqueous phase, at 18 °C and 48 °C. At 18 

°C, PLL-g-PAAMAN was not localized at the periphery of the droplet under the form of a flat 

shell but formed globules in the droplet core. These globules also contained a fraction of eGFP as 

revealed in the protein fluorescence channel. This observation suggests that, unfortunately, 

protein-polymer interactions drive the co-precipitation of PLL-g-PAAMAN and eGFP in the 

droplet core and prevents the deposition of the polymer at the interface via interfacial 

complexation. At 48 °C, the polymer-protein-enriched globules have been dissolved upon the 

hydrophobic-to-hydrophilic transition of the polymer. GFP was uniformly distributed within in the 

droplet core and PLL-g-PAAMAN formed irregular spots at the interface. 

 These results suggest that the presence of eGFP strongly interferes with the formation of a 

polymer shell by interfacial complexation. Further optimization should be done to improve the 

guarantee the formation of a polymer shell in presence of a protein of interest for delivery 

applications. 
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Figure 5.13. Encapsulation of eGFP in PLL-g-PAAMAN capsule precursors. Confocal micrographs of an emulsion 

containing 1 wt% of rhodamine-labeled PLL-g-PAAMAN (left channel) and 50 µM of eGFP (middle channel) in the 

aqueous phase (20 mM KSCN) and 0.05 wt% of Krytox in the oil phase, at T = 18 °C and T = 48° C (scale bars = 50 

µm). The focal plane was set below the equatorial place of the droplets to show the formation and sedimentation of 

PLL-g-PAAMAN globules at 18 °C. 

 

 

5.6  Conclusion 

 

In this Chapter, we reported the formation by interfacial complexation in water-in-oil emulsion of 

aqueous-core PLL-g-PAAMAN microcapsules exhibiting a UCST-type behavior (Figure 5.14). 

After emulsification above the cloud point of the polymer and cooling down to room temperature, 

a hydrophobic and gel-like polymer shell was readily formed by complexation of PLL-g-

PAAMAN chains with an oil-soluble surfactant at the surface of water droplets. We showed that 

this process enabled the straightforward incorporation of nanoparticles previously dispersed in the 
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aqueous phase in the polymer shell upon temperature switch. The hydrophobic-to-hydrophilic 

transition of PAAMAN chains upon heating triggered a partial redispersion of the polymer shell 

and a drastic change in its fluidity, switching from a gel-like state to liquid-like state. These 

thermoresponsive properties combined with the ability to readily encapsulate nanoparticles show 

the high potential of our approach for advanced delivery applications, such as photothermal 

delivery with gold nanoparticles, or magnetic hyperthermia with SPIONs. 

However, the encapsulation of eGFP as a model protein has not been achieved yet since 

the protein interferes with the formation of PLL-g-PAAMAN shell. Polymer-protein interactions 

seem to favor the co-precipitation of PLL-g-PAAMAN and eGFP into globular aggregates in the 

droplet core, at the expense of interfacial complexation of PLL-g-PAAMAN at the droplet surface. 

 

 

Figure 5.14. Formation of UCST-type polymer shells made of PLL-g-PAAMAN chains by 

interfacial complexation in water-in-oil emulsion. 
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Chapter 6 

Conclusion and outlooks 
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6.1 Conclusion 

 

Many bio-applications require the encapsulation and the controlled release of hydrophilic 

payloads, such as localized drug delivery, tissue regeneration or exploration of cell signaling for 

instance. An ideal encapsulation system is designed to (i) preserve the integrity and bioactivity of 

the encapsulation content during all the steps of formulation, (ii) enable the on-demand release of 

the payload upon application of an external stimulus, (iii) be versatile, i.e. appropriate for the 

encapsulation of a large range of hydrophilic payloads (including fragile biomacromolecules such 

as proteins or DNA). In this context, hollow capsules composed of an aqueous core surrounded by 

a polymer shell are promising encapsulation systems. An ideal polymer capsule could be described 

as the combination of a polymer shell that plays the dual role of protecting envelop upon 

encapsulation/storage and stimuli-responsive gate for on demand release of the payload, and a 

liquid core that enables to maintain mild aqueous conditions in the capsule. The objective of the 

present work was to elaborate a versatile approach for the design of stimuli-responsive aqueous-

core polymer capsules that meet the specifications enumerated above. 

For that, aqueous-core capsules were here formed by structuration of a polymer shell around 

water droplets via interfacial complexation in water-in-fluorocarbon oil emulsions. The 

complexation process involved two oppositely charges species that were initially solubilized in 

their own phase: a cationic comb-like copolymer in the water phase and an anionic surfactant 

called Krytox in the oil phase. Upon emulsification of the water phase into the oil phase, the 

anionic surfactant and the cationic polymer interact at the surface of the water droplets via 

electrostatic interactions. In appropriate conditions of formulation, these interactions resulted in 

the formation of a surfactant-polymer mixed shell with a thickness of typically 0.5-1 µm. 

Interfacial complexation has the advantage to be a spontaneous self-assembly process that does 

not require in-situ chemical reactions (potentially prejudicial for the stability of co-encapsulated 

payloads). 

We demonstrated via interfacial tension measurements that the cationic poly(L-lysine) 

(PLL) is an interesting building block for the design of functional shells as it can be effectively 

adsorbed at the water/oil interface via complexation with Krytox. We thus used this strategy to 

generate thermo-responsive polymer shells  by interfacial complexation of comb-like copolymers 
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composed of a PLL backbone and thermo-responsive comb strands: the LCST-type poly(N-

isopropylacrylamide) (PNIPAM) which is hydrophilic and soluble in water at ambient temperature 

and becomes hydrophobic and insoluble upon heating, and the UCST-type poly(acrylamide-co-

acrylonitrile) (PAAMAN) which has the inverse behavior.  

A detailed study has been performed on PLL-g-PNIPAM to evidence the formation of 

thermo-responsive polymer shells by interfacial complexation. After grafting on the PLL, the 

comb like copolymer exhibited a LSCT behavior similar to the thermoresponsive strands. We 

showed that  PLL-g-PNIPAM shells could be formed at the surface of water droplets by interfacial 

complexation, provided a balanced concentration ratio between polymer and surfactant. 

Furthermore, we confirmed by fluorescence measurements that hydrophilic-to-hydrophobic 

transition of the polymer shell occurs upon heating above 34 °C. Interestingly, this transition was 

able to drive the accumulation of materials towards the polymer shell via hydrophobic interactions. 

This led to an increase of the surface excess of PLL-g-PNIPAM upon heating. More interestingly, 

we observed the coprecipitation at the interface of non-grafted PNIPAM chains that were initially 

soluble in the droplet core at ambient temperature. We also demonstrated that nanoparticles (NPs) 

initially dispersed in the droplet core at ambient temperature could be irreversibly sequestered in 

the polymer shell upon heating. This process was ascribed to the propensity of PLL to adsorb at 

the surface of the NPs, leading to the capture of the NPs in the hydrophobic polymer shell at high 

temperature. Through this process, we evidenced a straightforward mean to access polymer-

particle “composite” shells with no other treatment than a gentle heating. 

In a parallel study, we demonstrated that PLL-g-PAAMAN can also form polymer shells by 

interfacial complexation, provided an appropriate chemical structure of the copolymer. We 

evidenced a UCST behavior of PLL-g-PAAMAN shells, characterized by a reversible transition 

from a hydrophobic gel-like state at ambient temperature to a hydrophilic liquid-like state at high 

temperature (typically 45 °C). This transition led to a partial redispersion of the shell upon heating. 

In addition, we demonstrated that NPs can be embedded in the PLL-g-PAAMAN shells during its 

formation and could be redispersed in the droplet core upon heating. These capsules are promising 

for the design of composite capsules that are robust at low temperature and can be solubilized at 

high temperature, i.e. appropriate for a controlled release upon heating. 

The thermo-responsiveness of PLL-g-PNIPAM and PLL-g-PAAMAN was initially 

triggered by a global heating of the sample. To achieve a better spatio-temporal control, we 
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proposed to use light as an external trigger. Since the PLL derivatives were not intrinsically light-

sensitive but only thermo-sensitive, we supplemented the aqueous solutions with gold 

nanoparticles (AuNPs) which played the role of light-to-heat converters via thermoplasmonic 

effects. We qualitatively showed that, in presence of AuNPs in the droplet core, the thermal 

transition of PLL-g-PNIPAM of PLL-g-PAAMAN could be triggered in individual droplets upon 

light irradiation at 532 nm. In the case of PLL-g-PNIPAM, light irradiation was able to both trigger 

the aggregation of PLL-g-PNIPAM chains and induce the segregation of NPs at the interface 

similarly to a global heating of the sample. In the case of PLL-g-PAAMAN, polymer granules 

appeared in the core of irradiated droplets just after stopping the irradiation, revealing that a 

fraction of the polymer shell has been solubilized and detached from the interface upon light 

irradiation. In the experimental conditions tested in this work, the light excitation was slightly less 

efficient than a global heating to induce physical changes in the polymer shells. However, the light 

triggering benefits from a high degree of tunability since the irradiation power, the irradiation time, 

and the amount of AuNPs can be adjusted to optimize the response of the system. 

In addition to the qualitative results obtained upon light irradiation, we developed a protocol 

to measure in situ the temperature that can be reached in AuNPs-loaded droplets upon light 

excitation. This protocol was based on quantitative phase imaging of droplets upon irradiation with 

a technique called grating-shadow phase microscopy. This technique enabled to map the optical 

path difference induced by local heating in the vicinity of an irradiated droplet. The pattern of 

optical path difference was correlated to the increase of temperature reached in the droplet core 

thanks to simulations. This approach showed that the highest temperature increases are observed 

in the largest droplets. Typically, a temperature increase of 20 °C can be reached in 30-µm droplets 

with an irradiance of 20 µW/µm² (easily accessible with commercial laser sources). 

The possibility to encapsulate fragile biomacromolecules such as proteins was an initial 

motivation of this work. The formation of PLL-based polymer capsules by interfacial 

complexation does not require strong physical or chemical treatments that could damage the 

encapsulated payloads (no sonication, no chemical reactions) and enable to keep a mild aqueous 

environment in the droplets which are capsule precursors. We used eGFP as a model protein to 

assess the compatibility of our protocol with the presence of proteins. eGFP was successfully 

encapsulated in PLL-g-PNIPAM capsule precursors as evidenced by the presence of the protein in 

the droplet core and the effective formation of a polymer shell, with no signs of polymer-protein 
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interactions. In the case of PLL-g-PAAMAN, the presence of the protein hindered the formation 

of a polymer shell by interfacial complexation. Instead, globules containing both the polymer and 

the protein were formed in the droplet core, suggesting that strong polymer-protein interactions 

interfered with the deposition of the polymer at the surface of the droplets. These results suggest 

that the nature of the polymer used to form the capsule shell is crucial regarding the encapsulation 

of a protein of interest. 

 

6.2 Outlooks 

 

6.2.1 Possible improvements 

 

PLL-g-PNIPAM was used to demonstrate the feasibility of our approach, namely the formation of 

functional polymer shells by interfacial complexation of PLL derivatives. In terms of applications 

however, the LCST behavior of PLL-g-PNIPAM shells is not ideal for on-demand release since 

the shell becomes hydrophobic upon heating. The efforts should focus on UCST-type shells, such 

as PLL-g-PAAMAN, that are gel-like at ambient temperature and undergo solubilization upon 

heating. 

Regarding the formation of UCST-type polymer capsules, a first way of improvement would 

consist in the optimization of the composition of the PLL derivatives. As demonstrated in the case 

of PLL-g-PAAMAN, the size of the PLL backbone, as well as the grafting ratio of functional 

strands, have a drastic effect on the propensity of PLL to adsorb at curved water/oil interfaces upon 

interfacial complexation. A rationalization of the influence of these structural parameters on the 

amount of polymer adsorbed at the interface should enable to maximize the uniformity and the 

thickness of the polymer shell. The intrinsic thermal properties of UCST-type polymers are also 

key parameters that dictate the behavior of the shell. As demonstrated in the beginning of Chapter 

4, the cloud point of PAAMAN and the dynamics of the polymer-enriched phase upon phase 

separation can be tuned by changing the polymer composition. The synthesis protocol of 

PAAMAN chains should be optimized to get a cloud point closer to practical temperatures 
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(typically 35 °C) without need of additional salts, and a gel-like dynamics in the polymer-enriched 

phase to improve the mechanical properties of the resulting shell. 

 

Regarding the experiments of light triggering, two ways of improvement can be mentioned: 

o In this work, the plasmonic excitation and the confocal imaging of emulsion droplets loaded 

with AuNPs were performed in separated set-ups. The laser sources of the confocal 

microscope were not sufficiently powerful to trigger significant thermoplasmonic effects, and 

the apparatus was not appropriate for the addition of an external laser source. Therefore, the 

plasmonic excitation was performed on a commercial microscope which did not work in 

confocal mode, but which can be supplemented with an external laser source. This set up 

suffered from two limitations: 1) the irradiation laser beam was passing through the internal 

optical system of the microscope, resulting in losses of power and optical deformations of the 

laser spot due to multiple reflections, 2) the impact of thermoplasmonic effects on the 

properties of the polymer shells were not easy to visualize since it was restricted to bright field 

imaging (the fluorescence imaging was forbidden by the presence of the irradiation laser). A 

home-made optical set-up combining confocal detection and orthogonal laser irradiation 

should enable to both properly control the shape and size of the laser spot in the focal plane 

and generate thermoplasmonic effects and simultaneously follow the distribution of polymer 

and NPs species within the droplets. 

o Regarding the thermometry protocol developed with grating-shadow phase microscopy, 

further studies are required to precisely quantify the influence of the droplet size and the 

AuNPs concentration on the temperature reached upon irradiation. For that, monodisperse 

emulsions with a uniform distribution of AuNPs in the droplet core are required to assess the 

repeatability and the reliability of the measurements. The production of droplets by 

microfluidics is an interesting outlook for that purpose. 
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6.2.2 Transfer of the polymer capsules in aqueous environment 

 

At this stage of the work, the polymer shells formed by interfacial complexation are only “capsule 

precursors” since they are still surrounded by an oil phase. To envisage biological applications, 

the polymer shells should be transferred into an aqueous environment without falling apart. This 

extraction step is challenging since the mechanical stability of the polymer shell is difficult to 

evaluate in emulsion and even more difficult to extrapolate in all-aqueous environment. Two 

approaches have been tested to recover the capsules in water : the first one consisted in removing 

the oil phase from the original emulsion and redispersing the residual aqueous content in water, 

the second was based on the “cushion method” developed by He et al.288 In the following, we will 

briefly describe how we tried to adapt these strategies to our system and the experimental 

difficulties that have been faced. 

The first approach of capsule extraction that has been tested relied on the removal of the 

continuous oil phase by simple evaporation. The FC-70 oil phase used so far was not appropriate 

for that purpose since its boiling point was of 215 °C. This oil was thus substituted with another 

fluorocarbon oil, called NovecTM 7100 (Sigma-Aldrich), characterized by a low boiling point of 

61 °C. The extraction was first tested on PLL-g-PNIPAM shells. The emulsion was exposed to 

ambient air to let the oil phase evaporate. Then, addition of a large amount of water on the aqueous 

pellet should enable to recover the capsules, eventually dispersed in water. The ideal protocol is 

schematized in Figure 6.1.A. To assess the efficiency of the capsule recovery by microscopy 

imaging, we supplemented the inner aqueous phase with 5 % of Cy3-labeled PNIPAM that plays 

the role of fluorescent payload. The experimental results are schematized in Figure 6.1.B. The 

original emulsion was characterized by stable micrometric water droplets. The presence of 

PNIPAM in the droplets was evidenced by a high fluorescence level in the droplet core and the 

formation of polymer aggregates at 45 °C (Figure 6.1.C). Upon oil evaporation, the water droplets 

were subjected to destabilization and coalescence, resulting in the disruption of the polymer shells. 

This process was confirmed by the absence of polymer capsules in the final aqueous phase. Instead, 

the “outer” aqueous phase was composed of dispersed polymer residues (highlighted in 

fluorescence images) and small droplets that are probably oil droplets resulting from the 

emulsification of residual traces of oil contained in the pellet (Figure 6.1.D). 
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This preliminary result suggested that the PLL-g-PNIPAM shells have a poor mechanical 

stability. We tried to strengthen the polymer shells by introducing polymerizable groups along the 

PLL backbone of the copolymer. As an example, we synthesized a copolymer by co-grafting 

PNIPAM strands and acrylate-terminated PEG strands onto PLL. After formation of a polymer 

shell at the surface of water droplets, the copolymer chains were cross-linked via 

photopolymerization of the acrylate groups. Upon application of the extraction protocol described 

in Figure 6.1.A, the capsules shells were however subjected to the same destabilization issues than 

PLL-g-PNIPAM shells and were not successfully recovered in the aqueous phase. 

As an alternative to the evaporation step that probably induces mechanical stress that disrupt 

the polymer shells, we tried to adapt the “cushion method” developed by He et al.288 This method 

consists in mixing the original emulsion containing the capsule precursors with a metastable 

emulsion that triggers the macroscopic phase separation of the mixture. During this demixing 

process, the fusion of the “metastable” aqueous droplets with the capsule precursors leads to the 

recovery of the capsules in the water phase. The addition of a “cushion agent” (typically citrate) 

in the aqueous phase of the metastable emulsion enables to stabilize the polymer capsules upon 

transfer from oil into water. This method has been originally implemented for the recovery of 

mechanically robust polymer capsules prepared by interfacial polymerization in water-in-toluene 

emulsions. Since toluene is less dense than water, the polymer capsules can be easily collected 

from the bottom phase after the transfer process. In addition, due to the mechanical stability of 

their polymerized shell, the capsules could be subjected to washing and centrifugation steps 

without major degradation. 

We tried to adapt this “cushion method” approach on our system. Briefly, PLL-g-PNIPAM 

shells were formed by interfacial complexation in an original water-in-oil emulsion (with FC-70 

as the oil). Then, a metastable water-in-oil emulsion was prepared with (i) citrate in the aqueous 

phase, used as “cushion agent” and (ii) perfluorooctanol in the oil phase, used as a destabilizing 

additive. The metastable emulsion was injected in the initial emulsion to trigger the macroscopic 

phase separation of the water and oil phases. The polymer capsules were expected to be recovered 

at the bottom of the aqueous phase. Because the aqueous phase was lying onto the oil phase, the 

collection of the capsules – if they were intact – was particularly difficult. At the end of the process, 

microscopy imaging of an aqueous fraction picked up at the water/oil interface only showed 
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residual traces of oil and no rigid capsules. This protocol may require further optimization to be 

able to properly recover polymer capsules in the water phase. 

 

 

 

 

Figure 6.1. Attempt of capsule extraction based on the evaporation of the continuous oil phase and the redispersion 

of the capsule precursors in water. A) Representation of the ideal protocol. Polymer capsule shells are formed in water-

in-oil emulsion as described in the previous Chapters, but with the fluorocarbon oil Novec 7100 characterized by a 

lower boiling point (61 °C). The evaporation of the oil phase and the addition of a large amount of water should enable 

to redisperse the capsules precursors in an aqueous environment. B) Representation of the actual result. The 

evaporation of the oil phase leads to the destabilization and coalescence of the water droplets. The presence of residual 

traces of oil results in the formation of an undesired direct emulsion upon redispersion of the pellet in water. C) 
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Micrographs of the initial emulsion containing 1 wt% of PLL-g-PNIPAM and 5 wt% of Cy3-labeled PNIPAM (used 

as a fluorescent payload) in the aqueous phase and 0.05 wt% of Krytox in the Novec 7100 oil phase. D) Micrographs 

of the aqueous medium after redispersion of the pellet in water. The scale bar in C corresponds to 10 µm and is valid 

for all the micrographs. 

 

6.2.3 Production of capsules in microfluidics 

 

As an alternative to the transfer of polymer capsules from the oil phase to an aqueous environment, 

we envisage to produce polymer shells in a microfluidics device in order to facilitate the recovery 

of the capsules. A promising approach is depicted in Figure 6.2 and consists in the microfluidic 

generation of a water-in-oil-in-water (W/O/W) double emulsion in which the capsule shell is 

formed at the inner W/O interface and is recovered in the continuous water phase by evaporation 

of the thin intermediary oil layer. 

Figure 6.2.A shows a potential microfluidic device and the composition of the phases that 

could be used to generate W/O/W emulsions. An aqueous solution containing the polymer of 

interest (here PLL-g-PNIPAM) is injected in the device and pinched at a first flow-focusing 

junction by an orthogonal flow of oil phase containing Krytox, resulting in the formation of a W/O 

emulsion where interfacial complexation can take place. In a second flow-focusing junction, an 

aqueous solution containing a surfactant that can stabilize oil-in-water emulsions (here the semi-

fluorinated surfactant called F8-TAC13) is used to pinch the W/O emulsion, resulting in the 

formation of a W/O/W emulsion in which the inner aqueous droplet is surrounded by an 

intermediary oil layer. If the oil used in this process has a low boiling point, the intermediary oil 

layer can be removed by evaporation upon heating, resulting in the dispersion of the polymer shell 

in an aqueous environment. This process is depicted in Figure 6.2.B in the case of PLL-g-PNIPAM 

shells. In this case the heating step is also expecting to trigger the collapse and accumulation of 

PLL-g-PNIPAM in the shell, which could enhance the mechanical properties of the capsule upon 

oil removal. 
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Figure 6.2. Microfluidic approach for the production of polymer capsules by interfacial complexation in W/O/W 

double emulsion. A) Representation of the microfluidic device used to produce W/O/W double emulsion. A primary 

aqueous phase containing the polymer of interest (here PLL-g-PNIPAM) flows through the main channel of the device. 

In a first flow-focusing junction, an oil phase (with low boiling point) containing Krytox is injected orthogonally to 

pinch the aqueous flow, resulting in the formation of a W/O emulsion in which the interfacial complexation takes 

place. In a second flow-focusing junction, a second aqueous phase containing a semi-fluorinated surfactant called F8-

TAC13 is injected to pinch the oil flow, resulting in the formation of a W/O/W double emulsion with a polymer shell 

formed at the inner W/O interface. B) Ideal illustration of the composition of the W/O/W emulsion coming out the 

microfluidic device. Heating the emulsion Heating the system would enable to (i) collapse and accumulate PLL-g-

PNIPAM at the inner water/oil interface and (ii) evaporate the intermediary oil phase, eventually yielding a polymer 

capsule dispersed in an aqueous environment. 

 

For the moment, this approach has not been tested yet but is envisaged through a 

collaboration with physicist colleagues (W. Urbach at the Physics Department of ENS and N. 

Taulier at the LIB lab of Sorbonne University). However, a first collaborative work has been 
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recently started with them on a delivery system which derives from the W/O/W emulsion presented 

above.  

Actually, in absence of interfacial polymer layer, W/O/W emulsions can be seen as a core-

shell system with an aqueous core surrounded by a protective oil shell. In this configuration, the 

evaporation of the oil phase would correspond to the shell disruption and would trigger the release 

of payloads pre-encapsulated in the aqueous core.  

As a preliminary proof of concept, we demonstrated that the evaporation of the oil layer in 

W/O/W emulsions can be triggered by thermoplasmonic excitation of AuNPs encapsulated in the 

aqueous core. This experiment was performed on a “multi-core” double emulsion generated by 

microfluidics, i.e. an aqueous dispersion of micrometric oils droplets punctuated by a multitude of 

smaller water droplets. This double emulsion was produced in two steps: 1) an aqueous phase 

containing 0.05 wt% of AuNPs was emulsified in perfluorohexane (fluorinated oil with a boiling 

point of 57 °C) containing 5 wt% of Krytox, to yield a nanometric W/O emulsion. The volume 

ratio of this W/O emulsion was 40/60 and the size of the water droplets was typically 500 nm. 2) 

This emulsion was injected in a microfluidic flow-focusing junction to be pinched by an aqueous 

phase containing 0.1 wt% of F8TAC13, resulting in the multi-core W/O/W double emulsion showed 

in Figure 6.3. 
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Figure 6.3. Light-triggered destabilization of a multi-core W/O/W double emulsion, consisting in AuNPs-loaded 

nanometric water droplets dispersed in micrometric oil droplets exhibiting a low boiling point (57 °C). The 

focalization of a 532-nm laser beam (green disk) on a multi-core droplet induces a raise of temperature that locally 

triggers the evaporation of the oil phase. A gas bubble (grey disk) rapidly grows within the droplet, resulting in its 

disruption in a few seconds.  

 

The emulsion was dispersed in a polymer gel (poloxamer 407 at 30 wt%) to immobilize the oil 

droplets and was thermalized at 30 °C. When a 532-nm laser beam (15 mW) was focused on an 

individual oil droplet, a gas bubble appeared in less than 500 ms in the droplet core, suggesting 

that the raise of temperature induced by thermoplasmonic excitation of encapsulated AuNPs has 

triggered the local evaporation of the oil phase. After a few seconds of laser irradiation, the droplet 

was totally disrupted. 

 This illustrative experiment is a first step towards the formation of light-responsive 

delivery systems based on the combination of AuNPs and liquid shells made of volatile fluorinated 
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oils. This system will be explored in parallel of the systems based on polymer shells that may be 

produced by microfluidics. 
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7 Appendix A 

Materials, instrumentation, and experimental 

protocols 

 

7.1 Materials 

 

7.1.1 Polymers and organic compounds 

Polymers: Poly(L-lysine) hydrobromide (PLL) was purchased from Sigma-Aldrich (MW = 15-30 

kDa) and Alamanda Polymers (MW = 6 kDa, 52 kDa). (N-hydroxysuccinimidyl ester)-terminated 

poly(N-isopropylacrylamide) (PNIPAM-NHS, MW = 2 kDa), azide-terminated poly(N-

isopropylacrylamide) (PNIPAM-N3, MW = 5 kDa), O-[N-(3-Maleimidopropionyl)aminoethyl]-

O′-[3-(N-succinimidyloxy)-3-oxopropyl]triethylene glycol (Mal-PEG4-NHS) were purchased 

from Sigma-Aldrich. (N-hydroxysuccinimidyl ester)-terminated poly(ethylene glycol) (PEG-

NHS, MW = 2 kDa) was purchased from Rapp Polymere. 

Fluorophores: 5(6)-carboxy-X-rhodamine N-hydroxysuccinimidyl ester (rho-NHS), 7-

(diethylamino)coumarin-3-carboxylic acid N-succinimidyl ester (coum-NHS), 

dibenzocyclooctyne-Cy3 (DBCO-Cy3) and 8-anilino-1-naphthalenesulfonic acid (ANS) were 

purchased from Sigma-Aldrich. 

Protein: Enhanced Green Fluorescent Protein (eGFP) has been produced and purified by 

colleagues (R. Chouket) according to a protocol described in the literature.257 

Other compounds: Tris(2-carboxyethyl)phosphine (TCEP), monoethanolamine (MEA) and the 

different buffer ingredients (NaH2PO4, Na2HPO4, CHES, KSCN) were purchased from Sigma-

Aldrich. 
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7.1.2 Fluorinated species 

Three types of FluorinertTM fluorocarbon oil were purchased from Sigma-Aldrich: FC-40 (mixture 

of perfluoro-N-methyldibutylamine and perfluoro-tributylamine, density = 1.885), FC-70 

(perfluoro-tripentylamine, density = 1.940), and Novec 7100 (methoxy-nonafluorobutane, density 

= 1.5). FC-40 was only used in surface tension experiments. FC-70 was used for the preparation 

of all the water-in-oil emulsions described in Chapter 2, 3 and 4. Novec 7100 was only used for 

preliminary experiments on capsule extraction presented in Chapter 6. 

Krytox 157 FSL surfactant (MW = 2.5 kDa) was purchased from Samaro. 

 

7.1.3 Nanoparticles 

Two types of fluorescent polystyrene nanoparticles were purchased from ThermoFisher Scientific 

(FluoSpheres™ range): NeutrAvidin™-coated nanoparticles (NeutravNPs) and carboxylate-

modified nanoparticles (CarboxyNPs) purchased at 1 wt% in water. For both types, 200-nm NPs 

were used for zeta potential and DLS measurements, and 50-nm NPs were used for emulsion 

formulations and microscopy experiments. Both types of nanoparticles were displaying yellow-

green fluorescence (505/515 nm). 

Two types of gold nanoparticles (AuNPs) were purchased from NanoComposix: BioPureTM bare 

AuNPs (40-nm diameter, 1 mg/mL in water) and EconixTM  AuNPs coated with 40 kDa poly(vinyl 

pyrrolidone) (50-nm diameter, 5 mg/mL in water). 

Prior to use, NPs solutions were sonicated with a Sonics Vibra-Cell VCX 750 equipped with a 3 

mm microtip for 2 min at 225 W. 

 

7.1.4 Aqueous buffers 

If not otherwise specified, aqueous solutions were systematically prepared in a home-made 7.7 

mM phosphate buffer, prepared by dissolving 360 mg of NaH2PO4 (3 mmol) and 670 mg of 

Na2HPO4 (4.7 mmol) in 1 L of deionized water ([phosphate] = 7.7 mM, pH = 7.3, ionic strength = 

17 mM, Debye length = 2.3 nm). 
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For the specific experiments about the pH-dependance of interfacial complexation (Chapter 

2, section XX), we used a 30 mM Britton-Robinson (BR) buffer – made of 10 mM NaH2PO4/10 

mM NaOAc/10 mM CHES – allowing for a buffering effect on a large range of pH. This buffer 

was prepared by dissolving 480 mg of NaH2PO4 (4 mmol), 328 mg of NaOAc (4 mmol) and 828 

mg of CHES (4 mmol) in 0.4 L of deionized water (pH = 5.7, ionic strength = 30 mM, Debye 

length = 1.7 nm). The pH was adjusted at 4.3 (resp. 9.4) by addition of 150 µL of 1 M H3PO4 (resp. 

500 µL of 1 M NaOH) in 30 mL of initial BR buffer. Aqueous phases containing the polymer were 

prepared in BR buffer at either acidic or alkaline pH, namely at pH = 4.3 or pH = 9.4. 

 

7.2 Synthesis of polymers 

 

7.2.1 Synthesis of PLL-g-PNIPAM and PLL-g-PEG 

PLL-g-PNIPAM and PLL-g-PEG polymers were obtained by grafting NHS-terminated strands 

(PNIPAM or PEG) onto PLL. The number of NHS-terminated strands was adjusted as a molar 

fraction of the total number of lysine units (H∙Br lysine, M = 209 g/mol) to reach the targeted 

theoretical grafting ratio 𝜏 (number of functionalized lysine units/total number of lysine units). 

Fluorescence properties were provided by the labeling of the PLL backbone with NHS-terminated 

fluorophores (rhodamine or coumarin). The synthesis protocol will be detailed for the preparation 

of PLL-g-PNIPAM. PLL-g-PEG was prepared by adjusting this protocol with reactive PEG chains 

instead of reactive PNIPAM chains). 

 

PLL hydrobromide (MW = 15-30 kDa, 15 mg) and NHS-terminated PNIPAM (MW = 2 kDa, 48 

mg for 𝜏 = 0.33) were dissolved in sodium tetraborate alkaline buffer (5 mL, pH = 8.5) under 

stirring at 4 °C to facilitate the dissolution of PNIPAM. Then the reaction was completed under 

stirring for 4h at room temperature. The resulting solution was dialyzed against deionized water 

(regularly renewed) for 3 days in a Thermo Scientific Slide-A-Lyzer cassette (3-12 mL, MW cutoff 

= 3.5 kDa) and finally freeze-dried for 2 days in a Labconco Freezone Plus 2.5 apparatus, yielding 

a white fluffy powder (144 mg, yield = 83%). 
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For the synthesis of fluorescent derivatives, the appropriate reactive dye (rho-NHS or coum-NHS) 

was added in the reaction batch at the same time than the reactive PNIPAM chains. The dye was 

prepared in solution at 1 g/L in DMSO and the appropriate volume was added in the reaction batch 

to target ~1 graft/PLL chain. 

 

A representative 1H NMR spectrum of PLL-g-PNIPAM is showed in Figure 7.1.  

Peak identification (chemical shift in ppm, proton identification, integration): 1.16, PNIPAM 

[CH2-CH-CO-NH-CH-(CH3)2], 55.2H; 1.4-2.2, lysine [β,γ,δ-CH2] + PNIPAM [CH2-CH-CO-NH-

CH-(CH3)2], 35.7H; 2.45-2.52, lysine-CO-CH2-CH2-S-PNIPAM + PNIPAM [CH2-CH-CO-NH-

CH-(CH3)2, 1.3H; 2.70-2.75, lysine-CO-CH2-CH2-S-PNIPAM + PNIPAM [CH2-CH-CO-NH-

CH-(CH3)2], 2.1H; 2.98, lysine [non-grafted α-CH2], 1.7H; 3.18, lysine [grafted α-CH2], 0.4H; 

3.92, PNIPAM [CH2-CH-CO-NH-CH-(CH3)2], 9.2H; 4.32, lysine backbone [CONH-CHR-

CONH], 1H (reference for integration). 

 

 

Figure 7.1. 1H NMR spectrum of PLL-g-PNIPAM at 400 MHz in D2O. 
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The experimental grafting ratio 𝜏𝑒𝑥𝑝 of the PLL backbone by PNIPAM was determined by the 

signal integration value of the protons characterizing the grafted lysine units (protons e’) with the 

proton of the PLL backbone (proton a) as a reference (2 protons e’ for 1 proton a): 𝜏𝑒𝑥𝑝 = 0.40/2 

= 0.20. This result means that 1/5 of the lysine units have been grafted with a PNIPAM strands. 

For a PLL chain with a mean molar mass of 22 kDa (105 lysine units), it means that 21 PNIPAM 

chains have been grafted in average. In total, the PLL-g-PNIPAM copolymer has a molar mass of 

around 64 kDa, the PLL backbone representing 34 wt% and the PNIPAM strands representing 66 

wt%. 

 

7.2.2 Fluorescent labeling of “free” PNIPAM 

Controlled experiments required the use of fluorescent PNIPAM chains non grafted on PLL. 

Azide-terminated PNIPAM (MW = 5 kDa, 100 mg) was dissolved in deionized water (5 mL). 

DBCO-Cy3 (23 µL at 1 g/L in PBS buffer) was added and the solution was stirred for 5h at room 

temperature. The resulting solution was dialyzed against deionized water (regularly renewed) for 

3 days (Slide-A-Lyzer cassette, MW cutoff = 3.5 kDa) and finally freeze-dried for 2 days, yielding 

a pink fluffy powder. 

 

7.2.3 Synthesis of PLL-g-PAAMAN 

 

Synthesis of PAAMAN chains 

The UCST poly(acrylamide-co-acrylonitrile) (PAAMAN) used in Chapter 5 were synthesized in 

the group of Prof. Yue Zhao at Sherbrooke University (Canada). A typical synthesis protocol for 

PAAMAN named P2 is reported below: 

Acrylamide (1.40g, 1eq), acrylonitrile (667µL, 0.51eq), AIBN (3.3mg, 0.001eq) and (2,2′-

[carbonothioylbis(thio)]bis[2-methylpropanoic acid]) CTA agent‡ (12.1mg, 0.002) were dissolved 

in 20 mL DMSO in a 50 mL round-bottom flask. The mixture was degassed by three “freeze-

pump-thaw” cycles. The mixture was then placed in an oil bath at 70 °C and polymerization was 

                                                 
‡ Prepared according to Lai et al.291 
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allowed to proceed for 24 h under stirring. The final product was purified by two precipitation-

redispersion cycles in a suitable solvent. The resulting product was dissolved in a minimum of DI 

water and dialyzed against DI water at a temperature slightly above its cloud point for 2 days. 

Freeze-drying of the purified solution yielded the copolymer as a white fluffy solid. 

 

The 1H NMR spectrum of PAAMAN P2 in d6-DMSO is represented in Figure 7.2. 

 

 

 

Figure 7.2. 1H NMR spectrum of PAAMAN P2 with x=0.66 and y=0.34 at 400 MHz in d6-DMSO. 

 

 

Aminolysis of PAAMAN chains 

For the synthesis of PLL-g-PAMAAN, we performed the in situ aminolysis reaction of the 

trithiocarbonate unit present in the middle of the PAAMAN chains. The efficiency of this reaction 

was previously controlled with UV-Vis spectrophotometry. The spectrum of PAAMAN chains at 

0.1 wt% in DMSO was measured before and after addition of an excess of monoethanolamine 

(MEA, 30eq) and tris(2-carboxyethyl)phosphine (TCEP, 10eq) (Figure 7.3.A). The absorbance 
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peak characteristic of the trithiocarbonate unit at 280 nm disappeared after addition of MEA and 

TCEP, suggesting that it was readily cleaved by aminolysis to yield two thiol-terminated 

PAAMAN strands. 

 This reaction was then conducted in water retrieve the aminolyzed polymer after 

purification and lyophilization (according to the precipitation-washing protocol presented above 

for PLL-g-PAAMAN). The cloud point of the aminolyzed polymer was measured in water by 

turbidimetry and was rigorously equal to the cloud point of the original polymer (Figure 7.3.B), 

suggesting that the UCST-type behavior of PAAMAN chains was not affected by the aminolysis 

reaction. 

 

 

Figure 7.3. A) Absorbance spectrum of the PAAMAN polymer P2 used in Chapter 3, before and after aminolysis 

with monoethanolamine (MEA) and tris(2-carboxyethyl)phosphine (TCEP) in DMSO. B) Turbidimetry heating 

curves of the polymer before and after aminolysis. 

 

 

Synthesis of poly(L-lysine)-g-poly(acrylamide-co-acrylonitrile) (PLL-g-PAAMAN) 

A typical synthesis of PLL0.53-g-PAAMAN0.47 (PLL/PAAMAN weight ratio of 53/47 %) is 

reported below: 

52 kDa PLL (20 mg, 250eq lysine) and Mal-PEG4-NHS (2.0 mg, 10eq) were dissolved in 3 mL 

D2O in a 10 mL round-bottom flask. The solution was stirred for 4 h at room temperature. 300 µL 

of solution were taken and mixed with 300 µL of D2O for NMR analysis of the intermediary PLL-

g-(PEG4-Mal). After heating the solution at 60 °C, PAAMAN (17.2 mg, 3eq), MEA (4 µL, 175eq) 

and TCEP (2.9 mg, 30eq) were introduced, and the solution was stirred at 60 °C for 4 h.  After 
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cooling back to room temperature, the solution was purified by 3 centrifugation/redispersion 

cycles. The centrifugation was performed at 4 °C for 10 min at 15 000 rcf. After removing the 

supernatant, the pellet was redispersed in DI water by sonication using a Sonics Vibra-Cell VCX 

750 equipped with a 3-mm microtip. The final solution was lyophilized overnight using a 

Labconco Freezone Plus 2.5 apparatus, yielding a white powder. 

 

A similar protocol was used for the synthesis of PLL0.42-g-PAAMAN0.58 with a 22 kDa PLL 

instead of 52 kDa and with adapted polymer ratio. 

For the synthesis of fluorescent derivatives, the appropriate reactive dye (rho-NHS or coum-NHS) 

was added in the reaction batch at the same time than the PEG linker. The dye was prepared in 

solution at 1 g/L in DMSO and the appropriate volume was added in the reaction batch to target 

~2 grafts/PLL chain. 

 

Figure 7.4 shows a typical 1H NMR spectrum of the maleimide-grafted PLL intermediary in D2O 

(chemical shift in ppm, proton identification, integration): 1.5-1.7 (lysine [β,γ,δ-CH2], 6.22H), 2.5 

(linker [CH2-CONH], 0.23H), 2.8 (released NHS units, 0.33H), 3.0 (lysine [non-grafted α-CH2], 

1.94H), 3.2 (lysine [grafted α-CH2], 0.15H), 3.3 (linker [CONH-CH2], 0.16H), 3.6-3.8 (PEG 

backbone, 1.5H), 4.3 (lysine backbone, 1H), 6.9 (maleimide double-bond, 0.14H). 
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Figure 7.4. 1H NMR spectrum of PLL-g-(PEG4-Mal) at 400 MHz in D2O. 

 

The experimental grafting ratio τexp of PLL by Mal-PEG4-NHS linkers was determined by comparing 1H 

NMR integration values of protons characterizing grafted and non-grafted lysine units (e’ and e 

respectively), with protons of PLL backbone (a) as reference protons: τexp = 0.15/2 ~ 0.07. 

 

A typical 1H NMR spectrum of PLL0.53-g-PAAMAN0.47 in d6-DMSO is represented in Figure 7.5. 
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Figure 7.5. 1H NMR spectrum of PLL0.53-g-PAAMAN0.47 at 400 MHz in d6-DMSO. 

 

The UCST behavior of PLL-g-PAAMAN (0.53/0.47 wt%) was compared to the one of non-grafted 

PAAMAN chains in presence of PLL (Figure 7.6). 

 

Figure 7.6. Turbidity heating curve of solutions of PAAMAN (1 wt%), PAAMAN + PLL (1 wt% + 1 wt%) and PLL-

g-PAAMAN (1 wt%) in water. 
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Compared to pure PAAMAN and PAAMAN in presence of PLL (but non grafted), the cloud point 

of PLL-g-PAAMAN is shifted from 4-5 °C towards higher temperatures. 

 

7.3 Preparation of emulsions 

 

Water-in-oil emulsions were obtained by manually emulsifying 5 µL of aqueous phase (containing 

polymers, NPs, and other water-soluble compounds) in 95 µL of oil phase (containing Krytox) in 

a 0.5 mL Eppendorf tube.  

For microscopy experiments, the emulsions were observed in hollow rectangle glass 

capillaries (CMScientific) with the following dimensions: inner height = 100 µm, width = 1 mm, 

length = ~1 cm (adjusted manually). Prior to emulsion injection, the internal sides of the capillary 

were coated with PLL-g-PEG to prevent the breakage of water droplets at the contact with bare 

glass side (see Chapter 2). Briefly the capillary was filled with an aqueous solution of PLL-g-PEG 

(MW = 2 kDa, 1 g/L in 7.7 mM phosphate buffer) and incubated for 30 min before evaporation on 

a heating plate at 60 °C. Then, deionized water was injected and evaporated at 60 °C. The 

microscopy samples were prepared by injecting a few µL of emulsion in a PLL-g-PEG-coated 

capillary. After injection, the capillary was sealed at its extremities with Vitrex putty. 

 

7.4 Coating of NPs with PLL derivatives 

 

200-µm NeutravNPs and CarboxNPs were coated with PLL-g-PNIPAM for dynamic light 

scattering and zeta potential measurements. The coating protocol was the following: a 250-µL 

solution containing 0.5 wt% of PLL-g-PNIPAM and 0.02 wt% of NPs in phosphate buffer (~ 1016 

polymer chains for ~ 1010 NPs) was gently sonicated for 5 min prior to 1h incubation at room 

temperature. The excess of polymer was then removed by filtration on Amicon® Ultra 0.5 mL 

centrifugal filters (cut-off 100 kDa), following the sequential procedure of centrifugation (10 min 

at 14 000 rcf), removal of the filtrate and redispersion of the NPs (retained in the filter) in the 

device by addition of 250 µL of fresh phosphate buffer. After three cycles of this filtration 
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procedure, the solution was retrieved from the filter device and was diluted in 250 µL of buffer + 

500 µL of pure water to yield 1 mL of solution useable in DLS and Zeta potential measurements. 

Control solutions of pristine NPs at 0.02 wt% were obtained by simple dilution and sonication of 

the commercial solutions in 500 µL phosphate buffer + 500 µL pure water. 

7.5 Interfacial tension measurements 

 

The interfacial tension measurements were performed at room temperature using a 

TRACKERTM automatic drop tensiometer (Teclis Scientific). The oil phase was made of FC-40 

containing Krytox surfactant. The aqueous phase was made of 6 kDa PLL in phosphate buffer. 

Pure (deionized) water was also used as a reference aqueous medium. Rising aqueous droplets 

were formed at the tip of a J-shaped curved needle submerged in 2-mL bath of oil phase. The 

droplet shape was imaged with a camera and processed with the TRACKER apparatus software. 

A value of the interfacial tension was obtained from an automatic fit of the droplet profile using 

the Young-Laplace model.289  

The reliability of the profile fit depends on the shape and the stability of the droplet. First, 

the Young-Laplace model remains valid as long as gravity and capillarity effects are balancing 

each other. When the droplet starts to grow out of the needle, its shape is quasi-spherical because 

essentially dictated by capillarity. The action of gravity starts to be visible as soon as the droplet 

elongates at the tip of the needle, what requires a minimum injected volume.290 Thus, the interfacial 

tension can be accurately measured provided a droplet shape which is significantly different from 

the spherical shape. Then, the droplet surface needs to be at equilibrium to properly fit its profile 

and to extract a reliable value of interfacial tension.290  

In our case, due to the high difference of density between the two phases, the water droplets 

tend to quickly detach from the needle and to flow up in the oil phase. The optimal shape and the 

interfacial equilibrium are probably not reached before the droplet is released. As a consequence, 

the raw values of interfacial tension measured with this approach could be skewed. Nevertheless, 

droplets were imaged after the maximum stabilization time before release and approximate values 

of the interfacial tension were extracted from the fit of the droplet profile in this condition. For the 
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interpretation, the focus was put on the qualitative evolution of the interfacial tension rather than 

on the quantitative data. 

 

7.6 UV-Vis spectrophotometry 

 

Absorbance and transmittance spectra were recorded on a single cell Thermo Scientific Evolution 

Array UV-Vis spectrophotometer equipped with a Peltier temperature-controlled cell holder (+/- 

0.1 °C). The sample solutions were injected in a 150 µL quart micro-cuvette with an optical path 

length of 1 cm.  

 

UV-Vis spectrophotometry of AuNPs 

Absorbance spectra of AuNPs were recorded at 25 °C on solutions containing 0.005 wt% of 

AuNPs and a variable concentration of 6 kDa PLL in the 0-5 wt% range. 

 

Turbidity measurements of thermoresponsive polymer solutions 

Thermoresponsive polymers (PNIPAM, PAAMAN and their PLL comb-like derivatives) were 

dissolved at 1 wt% in the appropriate buffer (pure water, phosphate buffer or KSCN buffer). The 

solutions were submitted to a sweep of temperature between 20 °C and 60 °C by steps of 2 °C. A 

spectrum was recorded at each step temperature after 3 min thermalization. The mean 

transmittance between 650 and 750 nm was used to plot the turbidimetry curves. 

 

7.7 Zeta potential measurements 

 

Zeta potential measurements were performed on solutions of 200-nm NeutravNPs or CarboxyNPs 

(pristine or PLL-g-PNIPAM-coated) prepared according to the protocol described in section 7.4 

and injected in DTS 1060C Zeta cells. The measurements were performed at 25 °C using a 
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Zetasizer Nano-ZS (Malvern Instruments). For each sample, the average zeta distribution was 

obtained from the average of three measurements (22 runs each), separated by 2 min stabilization. 

 

7.8 Dynamic light scattering (DLS) measurements 

 

DLS experiments were performed at 90° angle and at room temperature on a BI-200SM 

Goniometer System (Brookhaven Instruments Corp.) equipped with a 30 mW LED laser operating 

at 637 nm and a BI-CROSS CORR dual photomultiplier as the detector. The scattered light 

intensity and the correlation function were monitored using BIC Dynamic Light Scattering 

software. The mean hydrodynamic diameter was automatically extracted from the correlogram 

using the cumulant expansion analysis. 

 

Characterization of water-in-oil emulsions 

DLS was used to determine the influence of polymer and Krytox concentrations on the stability of 

water-in-oil emulsions, following a suitable design of experiments. The results are given in 

Appendix B. For these experiments, DLS samples were prepared as follows: 5 %vol water-in-oil 

emulsions were prepared by mixing 5 µL of aqueous phase (PLL-g-PNIPAM in phosphate buffer) 

and 95 µL of oil phase (Krytox in FC-70 oil) in a 0.5 mL Eppendorf tube. The two phases were 

emulsified by tip sonication using a Sonics Vibra-Cell VCX 750 for 3 min at 300 W (the sample 

was placed in an ice bath to limit undesired heating). The resulting emulsions were diluted 20 

times in pure FC-70 oil prior to DLS measurements. The mean hydrodynamic diameter of 

emulsion droplets and the associated standard deviation were measured at 25 °C. 

 

Characterization of nanoparticles 

DLS measurements were performed on solutions of 200-nm NeutravNPs or CarboxyNPs (pristine 

or PLL-g-PNIPAM-coated) prepared according to the protocol described in section 7.4. The 

hydrodynamic diameter of the samples was measured at intervals of 5 °C between 20 °C and 50 

°C (after 5 min thermalization at teach temperature step). 
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7.9 Microscopy techniques 

 

7.9.1 Bright field and phase-contrast microscopy 

Bright field and phase contrast imaging were performed with a LEICA DM IRE2 microscope 

equipped with a long-focal ×63 air objective. Images were acquired with a Retina 6000 Q-imaging 

camera and processed with Micro-Manager 1.4 software (Image J). 

The plasmonic excitation of AuNPs was achieved with a 532-nm diode laser with 40 mW nominal 

power (DJ532-40 DPSS model from Thorlabs) that was mounted on the side port of the 

microscope. The laser was controlled with a TED200C Thermoelectric Temperature Controller 

and a LDC210C Laser Diode Controller (from Thorlabs). 

 

7.9.2 Confocal Laser Scanning Microscopy 

 

Confocal microscope 

Confocal images were acquired on a Zeiss LSM 710 META Laser Scanning Microscope equipped 

with a Plan Apochromat x20 (0.8 NA) objective and a temperature-controlled heating stage (25-

50 °C). To ensure emulsion thermalization, capillaries filled with the emulsion were placed on a 

pierced supporting copper slide that was fixed on the heating stage of the confocal microscope. 

Low temperatures (16-20 °C) were achieved by placing a glass petri dish full of ice on top of the 

supporting copper slide close to the capillary. The actual temperature of the supporting copper 

slide was measured with a REED ST-640B thermocouple. The 405 nm excitation of ANS or 

coumarin was performed using a 30 mW CW/pulsed diode laser. The 458 nm excitation of eGFP 

or FluoSpheres™ NeutrAvidin™-Labeled Microspheres, and the 514 nm excitation of rhodamine 

or Cy3 were performed using a 25 mW argon laser. Images were acquired using LSM ZEN 2009 

software and processed with Fiji software (ImageJ). 
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Fluorescence recovery after photobleaching (FRAP) experiments 

FRAP experiments were performed on shells made of coumarin-labeled polymers (PLL-g-

PAAMAN, PLL-g-PEG) at 18 °C and 48 °C on the Zeiss LSM 710 confocal microscope presented 

above. The sample was imaged upon 405-nm excitation at 0.15 mW (0.5 % of the maximum 

intensity) with a scanning speed of 0.39 µs/px. The photobleaching was performed in a circular 

region of interest (ROI) upon 405-nm excitation at 30 mW (100 % of the maximum intensity) with 

a scanning speed of 6.30 µs/px. The acquisition rate was set at 1 image/second and the mean 

fluorescence level in the ROI was monitored for 10 s before bleaching and 120 s after. 

 

7.9.3 Grating-shadow phase microscopy (GSPM) 

 

Microscopy set up 

GSPM experiments were performed in the lab of Guillaume Baffou at the Fresnel Institute 

(Marseille). The OPD images were recorded on a home-made optical set up including : a 700 mW 

LED illumination at 625 nm (M625L3, Thorlabs), a x60 objective (LUC Plan FLN, NA 0.7, 

Olympus), a and a SID4-sC8 wavefront sensor and imaging device (Phasics). The plasmonic 

excitation of the sample was achieved with a MGL-FN-532 DPSS laser operating at 532 nm with 

a nominal power up to 1500 mW (CNI Optoelectronics Tech). The power at the sample level was 

limited to 40 mW with a laser spot of 50 µm in diameter. 

The entire optical set-up is represented in Chapter 4 (section 4.4.2.5). 

 

Measurement of the 
𝑑𝑛𝑂

𝑑𝑇
 coefficient of FC-70 oil  

The measurement of the 
𝑑𝑛𝑂

𝑑𝑇
 coefficient of FC-70 was performed using GSPM. A 12 µm-deep 

crater etched in a glass slide was filled with FC-70 oil. An OPD image of the crater was taken at 

different temperature upon heating. Figure 7.7.A shows the OPD image at 90 °C. At each 

temperature, the refractive index of the oil 𝑛𝑂 was deduced from the measurement of the OPD (𝛿) 

between the bottom of the crater and the surface of the glass slide, according to the formula: 𝑛𝑂  =

 𝑛𝑎𝑖𝑟 + 𝛿/ℎ with 𝑛𝑎𝑖𝑟 = 1.00 and ℎ = 12 µ𝑚. The evolution of 𝑛𝑂 with the temperature is shown 
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in Figure 7.7.B. The slope of this curve gives 
𝑑𝑛𝑂

𝑑𝑇
= −3.16 × 10−4 𝐾−1. This experiment was 

performed by Sadman Shakib, PhD student in the team of Guillaume Baffou. 

 

 

Figure 7.7.  GSPM measurement of the 
𝑑𝑛𝑂

𝑑𝑇
 coefficient of FC-70. A) OPD image of a 12-µm crater filled with FC-70 oil 

at 90 °C. The refractive index of the oil is deduced from the measurement of the OPD generated by the crater. B) 

Evolution of the refractive index of the oil with temperature (triplicate) and corresponding linear regression. 

 

7.10 Scanning electron microcopy (SEM) imaging 

SEM imaging was performed on isolated capsules resulting from the drying of water-in-oil emulsions (5 

µL deposited on a glass coverslide) for three days at ambient air. To prevent the degradation of dried 

capsules during SEM imaging to enhance their contrast, the samples were metalized by deposition of a 30 

nm-thin layer of Ag using an Emitech K675X Sputter Coater (Ag sputtering for 60 s at 120 mA). SEM 

images were recorded with a Hitachi TM3030 Tabletop Microscope either at 15 kV or in EDX mode. 
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8 Appendix B 

Influence of the formulation of water-in-oil emulsions on 

the size and stability of emulsion droplets 

 

 

As a complement to the surface tension measurements and the qualitative observation of the 

emulsions made in Chapter 1 (sections 3.2.1 and 3.2.3), the influence of the Krytox and PLL-g-

PNIPAM concentrations on the water/oil interface stability was investigated by measuring the 

droplet size for different emulsion formulations by Dynamic Light Scattering (DLS). This 

quantitative data will be analyzed using the statistical approach of fractional design of experiment 

(DOE). 

The Krytox and PLL-g-PNIPAM concentrations were studied as two factors (factors A and 

B respectively) in a 2² factorial DOE. Two levels – one low denoted “−1” and one high denoted 

“+1” – were assigned to both factors, leading to 4 different formulations for which the mean droplet 

size was measured by DLS. The levels of the two factors were chose to cover an experimental 

range of concentration that seemed relevant for the formulation of the emulsions. The detailed 

formulations of the DOE are summarized in Table 8.1. 

 

 Factor A 

Krytox concentration (wt%) 

Factor B 

Polymer concentration (wt%) 

Low level (−1) 0.01 0.5 

High level (+1) 0.05 5.0 

Table 8.1. Composition of the 2² factorial design of experiment implemented to determine the 

effect of Krytox and PLL-g-PNIPAM on the droplet size of water-in-oil emulsions. 
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For each emulsion formulation, the mean water droplet diameter was measured on 3 

different samples to determine an average diameter and an experimental variance (accounting for 

the experimental residual error). Note the difference between the terms “mean” and “average” in 

this case: the mean diameter refers to the mean diameter within a given size distribution (resulting 

from the measurement of a given polydisperse sample); and the average diameter results from the 

calculation of the arithmetic mean of the (mean) diameters measured for the 3 samples. For a given 

formulation 𝑖, the mean diameter measured by DLS on the sample j will be denoted 𝑑𝑖,𝑗 and the 

average diameter calculated from the 3 samples will be denoted 𝑑̅𝑖.  

 

The experimental results of the DOE are gathered in the Table 8.2. The average diameters 

are also graphically reported below in Figure 8.1.A. 

 

Formulation 

𝑖 

Factor 

A 

Factor 

B 

Crossed 

factor 

AB 

Mean 

diameter 

Sample 

1 𝑑𝑖,1 

(nm) 

Mean 

diameter 

Sample 

2 𝑑𝑖,2 

(nm) 

Mean 

diameter 

Sample 

3 𝑑𝑖,3 

(nm) 

Average 

diameter 

𝑑̅𝑖 (nm) 

Experimental 

variance 

𝜎̂𝑖
2 (nm²) 

Std 

Dev 

𝜎̂𝑖 

(nm²) 

1 −1 −1 +1 657 276 428 454 36826 192 

2 +1 −1 −1 100 96 140 112 597 24 

3 −1 +1 −1 227 347 166 358 8494 92 

4 +1 +1 +1 80 70 73 74 29 5 

Table 8.2. DLS measurements of the water droplet diameter for all the samples prepared in the 

DOE. 
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Figure 8.1. DLS analysis of water-in-oil emulsions. A) Evolution of the hydrodynamic diameter of water droplets as 

a function of the PLL-g-PNIPAM concentration in the aqueous phase and the Krytox concentration in the oil phase 

(error bars = standard deviation on 3 samples). B) Evolution over time of the droplet diameter and the scattered 

intensity for the emulsion with 2 wt% PLL-g-PNIPAM and 0.03 wt% Krytox. 

 

The results of the formulations of interest are located at the corners of the experimental 

domain showed in Figure 8.1.A. In presence of the lowest Krytox concentration (0.01 wt%), 

relatively big droplets and high standard deviations were observed, suggesting that the emulsions 

were highly polydisperse and barely repeatable, which are signs of poor stability. On the other 

hand, in presence of the highest Krytox concentration (0.05 wt%), significantly smallest droplet 

sizes were reached (around 100 nm) with low standard deviations, indicating an efficient 

dispersion of the water phase in the oil phase. At first sight, the effect of PLL seems not to be 

significative compared to the effect of Krytox, what is consistent with the results of interfacial 

tension reported in Figure 3.3 in Chapter 3 (the same decrease of the interfacial tension with 

Krytox concentration was observed independently of the PLL concentration). 

  

To validate these observations, a statistical analysis of the effects of Krytox and PLL-g-

PNIPAM concentrations was developed as reported in the following. 
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As 3 independent samples were tested for each formulation 𝑖, the experimental variance 𝜎̂𝑖
2 

for each formulation was determined with 2 degrees of freedom (dof). In total, the DOE involves 

8 dof (4 formulations with 2 dof per formulation). Assuming that the hypothesis of 

homoscedasticity is verified (all the 𝜎̂𝑖
2

 estimate the same residual variance), the intraclass variance 

𝜎̂2 can be used as an optimal estimation of the residual variance. It is calculated as the arithmetic 

mean of the variances, weighted by their respective number of dof: 

𝜎̂2 =
∑ 2𝜎̂𝑖

2
𝑖

8
= 11487 nm2 

 

The average effect 𝐸̅ of each factor was deduced from the results by calculating the 

arithmetic mean of the diameter measured for each formulation but weighted with the suitable ±1 

factor indicated in Table 8.2. As an example:  𝐸̅(𝐴) =
−𝑑̅1+𝑑̅2−𝑑̅3+𝑑̅4

4
= −128.6 nm. The effects 

were calculated for A, B and the cross-factor AB (accounting for the interaction between A and 

B) and are reported in Table 8.3. Given that the homoscedasticity is assumed for the 12 

experiments, the variance on the effects 𝜎̂𝐸
2 is equal to  𝜎̂2/12 = 957 nm². From that, we can 

deduce an estimation for the standard deviation on the effects which is 𝜎̂𝐸 = 31 nm. 

 

To evaluate the significativity of the effects, we assumed that the effect of a given factor 𝑋 

is not significant, i.e. 𝐸(𝑋) = 0 (null hypothesis) and we proceeded to a Student test to verify it 

from a statistical point of view. Under this condition, the experimental ratio 𝐸̅(𝑋)/𝜎̂𝐸 follows a 

Student law with 8 dof (𝐸̅(𝑋)/𝜎̂𝐸 ↝ 𝑡8). We calculated the experimental Student parameter 𝑡𝑒𝑥𝑝 =

𝐸̅(𝑋)/𝜎̂𝐸 for each factor 𝑋 and compared it to the corresponding tabulated value 𝑡8 (which depends 

itself on a confidence parameter 𝑝). If |𝑡𝑒𝑥𝑝| > 𝑡8(𝑝) for a given 𝑝, the null hypothesis can be 

rejected with a level of confidence of 1 − 𝑝, indicating that the factor 𝑋 has a significant effect on 

the droplet diameter (with a certain level of confidence). 

 

The experimental Student parameters 𝑡𝑒𝑥𝑝 for the factors A, B and AB are reported in 

Table 8.3. The tabulated values of the Student parameters with 8 dof 𝑡8 for a given confidence 

parameter 𝑝 are given in Table 8.4. 
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Factor 

𝑿 

Effect 

Sample 1 

Effect 

Sample 2 

Effect 

Sample 3 

Average effect 

𝑬̅ (nm) 

Experimental Student 

parameter (with 8 dof) 

𝒕𝒆𝒙𝒑 = 𝑬̅/𝝈̂𝑬 

A −176,05 −114,45 −95,25 −128.6 −4.1 

B −112,55 11,25 −82,35 −61.2 −2.0 

AB 102,5 −24,25 48,7 +42.3 +1.4 

Table 8.3. Average effect and experimental Student parameters calculated for all the factors of the DOE. 

 

Confidence 

parameter 

𝒑 

Student parameter 

with 8 dof 

𝒕𝟖 

0.01 3.355 

0.02 2.896 

0.05 2.306 

0.10 1.860 

0.20 1.387 

Table 8.4. Tabulated values of Student parameters with 8 degrees of freedom as a function of the confidence 

parameter. 

The data will be analyzed taking 𝑝 = 0.01, so that the results of the Student test can be 

guaranteed with a confidence of 99 % (see Table 8.4). According to the results given in Table 8.3, 

the condition |𝑡𝑒𝑥𝑝| > 𝑡8(0.01) = 3.355 is verified for the factor A (𝑡𝑒𝑥𝑝 = −4.1 in green) but 

not for the factors B (𝑡𝑒𝑥𝑝 = −2.0 in red) and AB (𝑡𝑒𝑥𝑝 = +1.4 in red). Consequently, the null 

hypothesis can be rejected for the factor A with a confidence of 99 % but not for the factors B and 

AB. In other words, the factor A has a significant effect (from a statistical point of view) on the 

water droplet diameter, what is not the case for the factor B or the crossed-factor AB. Coming back 

to the physics of the system, these results indicate that the Krytox concentration has a significant 

influence on the water droplet size and that this size decreases when the Krytox concentration 

increases (𝐸(𝐴) < 0). In contrast, the PLL-g-PNIPAM concentration does not have a major 
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influence on the water droplet size and there is no interaction between the effects of Krytox and 

PLL-g-PNIPAM concentrations. 

In Section 3.2.1, we reported that, in presence of PLL as complexation partner, an increase 

in Krytox concentration led to a sharp decrease in water/oil interfacial tension. Considering the 

process of droplet formation upon emulsification, we will show that the interfacial tension is a key 

parameter that dictates the size of the emulsified droplets. The driving force of droplet formation 

upon emulsification is the shearing stress produced by the sonication, which stands as 𝜂𝛾̇ with 𝜂 

the viscosity of the continuous oil phase and 𝛾̇ the shear rate. In opposition, the droplet formation 

is hindered by the energetic cost related to the creation of water/oil interfaces, which is nothing 

else than the interfacial stress 𝛤/𝑅 with 𝛤 the water/oil interfacial tension and 𝑅 the radius of the 

droplets. The competition between shearing and interfacial stresses can be described by a 

dimensionless number, called the capillary number 𝐶𝑎, which reads: 

𝐶𝑎 =
shearing stress

interfacial stress
=

𝜂𝛾̇𝑅

𝛤
 

 

The regime of droplet formation is set when the shearing stress balances the interfacial 

stress, i.e. for 𝐶𝑎 ∼ 1. Given that 𝜂 and 𝛾̇ are fixed in the experimental conditions (the oil viscosity 

is a constant and the same sonication power was used for all the emulsions), the droplet radius 𝑅 

would thus be proportional to the interfacial tension 𝛤. Then an increase in Krytox concentration 

leads to a decrease in interfacial tension, and consequently a decrease in the droplet size formed 

upon emulsification. This result makes the connection between the interfacial tension 

measurements reported in Section XX and the droplet size measurements reported in this section. 

  

In addition to the 4 formulations used in the DOE, a formulation with “intermediate” 

concentrations in additives (2 wt% PLL-g-PNIPAM and 0.03 wt% Krytox) was characterized and 

added to the data as an example of a “central” point in the experimental domain defined by the 

DOE (see Figure 8.1.A). The mean droplet diameter of this formulation was measured for 

consecutive days to follow the stability of the emulsion over time (see Figure 8.1.B). Starting from 

a value of 100 nm just after emulsification, the average droplet diameter increases to 200 nm after 

one day and seems to stabilize at this value afterwards. Note that a standard deviation of around 
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100 nm was determined, suggesting a high degree of polydispersity (what was confirmed by a 

relatively high polydispersity index around 0.2 in the size distribution of a given sample) and 

probably a partial destabilization of the emulsion over time. This process can also be pointed out 

regarding the progressive decrease of the scattering intensity of the samples over time (see Figure 

8.1.B). This result can be attributed to a less efficient redispersion of the water droplets in the oil 

over time, suggesting a progressive – but not drastic – destabilization of the emulsion. 
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